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ABSTRACT Giant unilamellar vesicles or GUVs are systems of choice as biomimetic models of cellular membranes. Although
a variety of procedures exist for making single walled vesicles of tens of microns in size, the range of lipid compositions that can
be used to grow GUVs by the conventional methods is quite limited, and many of the available methods involve energy input that
can damage the lipids or other molecules present in the growing solution for embedment in the membrane or in the vesicle interior. Here, we show that a wide variety of lipids or lipid mixtures can grow into GUVs by swelling lipid precursor films on top of a
dried polyvinyl alcohol gel surface in a swelling buffer that can contain diverse biorelevant molecules. Moreover, we show that
the encapsulation potential of this method can be enhanced by combining polyvinyl alcohol-mediated growth with inverse-phase
methods, which allow (bio)molecule complexation with the lipids.

INTRODUCTION
Cellular membranes, that envelop the cytoplasm of the cell,
its nucleus, and its various organelles, are self-assembled
lipid bilayers that host also a variety of proteins and other
biomolecules. For typical cell sizes on the order of ten
micrometers, the lipid membranes span a few thousands
of square micrometers, holding on the order of tens of
billion lipids. The fact that self-assembly can drive so
many individual molecules into a well defined and robust
liquid structure of five nanometers thickness has long fascinated researchers in Physics, Chemistry, and Biology, who
have studied lipid membrane structure and function.
Lipid bilayers self-assembled from a single or a reduced
number of lipid species are often used as biomimetic models
of cell membranes. Several membrane structures have
become available for biophysical studies on the intrinsic
properties of lipid bilayers as well as their interactions
with other biomolecules: unilamellar and multilamellar vesicles of different sizes (1), supported bilayers (2) and nanodiscs (3) to only name a few.
Among these model biomembranes, giant unilamellar
vesicles (GUVs) have played a prominent role (4). Due to
their large dimensions, in the range of typical cell sizes,
GUVs can be easily observed and micromanipulated under
an optical microscope, thus allowing for the direct observation of relevant biophysical phenomena at a single membrane level (5).
The importance of GUVs has triggered a host of efforts
seeking GUV preparation methods that can provide a fast
and easy route to form vesicles from a variety of lipid compositions and under different buffer conditions (4). Methods
for GUV formation typically involve a lipid bilayer preas-
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sembly step by evaporation of a lipid-containing organic
solvent at a solid-liquid interface. Depending on the lipid
composition, vesicles are sometimes formed spontaneously
when the precursor lipid film is simply exposed to a buffer
solution. This method is known as gentle hydration (6,7).
A disadvantage of this method is that vesicle formation
usually requires long timescales on the order of several
days. Moreover, it works only with restricted lipid compositions and ionic conditions. Electromagnetic radiation (8)
and electrical or mechanical stresses tend to promote the
formation of unilamellar vesicles. Indeed, the most widely
used vesicle formation method is known as electroformation, where an alternating electrical field is applied across
a buffer-filled chamber bounded by conductive slides or
crossed by metal wires (9). Electroformation is reasonably
fast, taking several hours. However, growing vesicles in
physiological buffers or from lipid mixtures containing
charged lipids is still a challenging task, despite the recent
improvements brought by electroformation at high field frequencies (10,11) or using a flow chamber with exchange of
the buffer (12). Another important difficulty of preparation
methods based on hydration is that encapsulation of proteins
or other (bio)molecules, especially in buffers of physiological ionic strength, is generally inefficient and variable
among liposomes. Alternatives are the rapid solvent exchange method (13) or the evaporation method (14). However, the rapid solvent evaporation method requires a large
amount, typically one milligram, of lipid per sample.
There is currently broad interest in the use of vesicles as a
platform to build either protocells or artificial cells that
mimic aspects of bacterial or mammalian cells (15). Examples include the reconstitution of cytoskeletal protein
networks (16–19), membrane-protein interactions (20,21),
cell adhesion (22), and gene transcription and translation
(23). In all these applications, biomolecules need to be
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encapsulated inside GUVs in physiological buffers. This is
still a challenging task due to the high salt levels present
in physiological buffers and to the relatively low vesicle formation speed that hinders a precise control of the biological
activity of the proteins. Recently several new strategies have
been proposed, which were designed to improve preparation
speed, encapsulation efficiency, and/or applicability to
charged lipids. One class of methods uses water-in-oil emulsion droplets as templates for bilayer vesicles. Bilayers can
either be formed by transferring emulsion droplets stabilized by a lipid monolayer through an oil/water interface
(24–26) or by forming double emulsion droplets with an
oil shell and extracting the oil (27). Biomolecule encapsulation into emulsion droplets is highly efficient and reproducible even at physiological salt conditions. However, the
emulsion-based methods generally require advanced equipment such as microfluidic devices. Moreover, traces of the
oil phase can often be detected in the self-assembled membrane (4,28). Microfluidic inkjet encapsulation methods also
improve biomolecule encapsulation and preparation speed
compared to film hydration methods (29,30), but again
specialized equipment is needed and residual oil can be
left in the membrane.
To minimize damage of the molecules of interest (31),
one is restricted so far to film hydration methods. Lipid
film hydration methods have a strong potential for further
development. It is important for instance to realize that
membrane swelling from a preordered bilayer film requires
water penetration into the membrane stacks, a process that is
partially hindered when the lipids are deposited on glass or
other solid substrates. A larger exposure of the preordered
lipid films to hydration is achieved in a recently discovered
agarose swelling method (32). Here, the organic solution
containing the lipids is spread on a thin dried film of
agarose, a naturally occurring polysaccharide. Upon addition of the buffer solution, GUVs are rapidly formed at
the interface between the swollen agarose gel and the buffer.
Vesicle formation is much faster than in classical electroformation or gentle swelling. Moreover, this method works
with a wide range of lipid compositions and buffer conditions, and it is possible to efficiently encapsulate various
biomolecules (32), including cellular proteins (28). However, the vesicle formation efficiency is reduced because
lipids are distributed over the whole gel thickness, which
are several micrometers. Furthermore, the agarose gel dissolves partly upon swelling and remnants can be detected
in/on the membrane (32).
Here, we report a new, to our knowledge, swelling
method inspired by the earlier work on swelling from
agarose gels, which provides a facile and fast way to prepare
vesicles with a wide range of lipid compositions. Instead of
agarose, we use polyvinyl alcohol (PVA) gels. Our hypothesis was that PVA gels can optimize the lipid distribution at
the interface between the substrate and the hydrating buffer.
Moreover, PVA gels are expected to be much less prone to

155

dissolution upon swelling at room temperature than other
physical hydrophilic gels (33,34). Indeed, we find that vesicles formed by PVA-assisted swelling are not contaminated
by polymer. We first demonstrate the efficiency of GUV formation on a PVA gel and study the growth process by inspecting the distribution of lipids before and after growth.
Next, we compare growing efficiencies for different ionic
and nonionic amphiphiles and show that the method allows
us to encapsulate hydrophilic substances in the vesicles. We
conclude by proposing a mechanism for vesicle growth.
MATERIALS AND METHODS
Lipids
Lipids were purchased from Avanti Polar Lipids (Alabaster, AL) as a
powder and dissolved in chloroform. Lipid solutions were stored at
20 C before use. In addition to 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) with two saturated C-16 tails, all other phospholipids
used in this work have two C-18 tails with one unsaturation per tail
(1,2-dioleoyl-sn-glycero-). We tested a range of headgroups, including
neutral zwitterionic headgroups (-phosphocholine (DOPC)), as well as
headgroups bearing a negative net charge (-phosphoglycerol (DOPG),
-phosphoserine (DOPS)), or a positive net charge (trimethyl ammoniumpropane (DOTAP)). DPPC was used for membranes in the gel state at
room temperature, because its main transition temperature is 41 C. All
other lipids undergo the fluid-gel transition below 0 C. As a fluorescent
marker we used 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)(rhodamine-DOPE) in a 0.2 mol % mixture
with other lipids. Other lipids used were 1,10 ,2,20 -tetramyristoyl cardiolipin, 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamineN-(cap biotinyl)
(biotin-PE) and the PEGylated 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-[methoxy(polyethyleneglycol)-2000].

Proteins
Neutravidin and Alexa Fluor 350-labeled neutravidin were purchased from
Invitrogen (Breda, The Netherlands). Streptavidin was purchased from
Thermo Scientific (Breda, The Netherlands). Rabbit skeletal muscle
G-actin was purified by standard procedures including a gel filtration on
a Sephacryl S-200 high-resolution column (GE Healthcare, Munich,
Germany) (35) or purchased from Tebu-bio (Heerhugowaard, The
Netherlands). Fluorescent actin with a dye/protein molar ratio of 0.6 was
prepared by labeling amine groups with AlexaFluor488 carboxylic acid
succinimidyl ester (Invitrogen) (36) or purchased from Invitrogen. G-actin
labeled with biotin was purchased from Tebu-bio. G-actin was stored at
80 C in G-buffer (2 mM Tris-HCl, 0.2 mM Na2ATP, 0.2 mM CaCl2,
2 mM dithiothreitol (DTT), pH 7.8). Before use, G-actin solutions were
thawed, treated with 5 mM DTT to reduce potential oxidized sulfhydryl
groups, centrifuged at 120,000  g for 30 min to remove potential protein
aggregates, and finally bath-sonicated for 5 min to disrupt potential actin
dimers (37).

PVA
PVA (MW 145000, Merck KGaA, Darmstadt, Germany) was purchased
from VWR International (Fontenay-sous-Bois, France). For fluorescent
studies, we labeled PVA with [5-(4,6-Dichlorotriazinyl)-aminofluorescein]
(DTAF) by elimination of hydrochloride using previously described protocols (38,39). DTAF covalently couples to the alcohol groups of PVA at pH
levels above 9. DTAF-labeled PVA was separated from free DTAF by extensive dialysis against MilliQ water using a regenerated cellulose membrane
Biophysical Journal 105(1) 154–164
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with a molecular mass cutoff of 4000–6000 Da. The average labeling stoichiometry was determined by spectrophotometric measurements of the
light absorbance of the dialyzed PVA-DTAF solution at a wavelength of
495 nm, corresponding to the excitation maximum. The emission maximum
of DTAF is at 516 nm. We first determined the extinction coefficient of
aqueous solutions of DTAF at different concentrations by recording absorbance spectra between wavelengths of 400 to 800 nm with a scan rate of
600 nm min1 on a UV/Vis Cary 500 Spectrometer (Fig. S1 in the Supporting Material). These measurements were performed using pH adjusted
solutions, because of the pH dependence of the fluorescence properties of
fluorescein analogs. We determined an extinction coefficient of 82,900 L
mol1 cm1 (see inset of Fig. S1), and measured a DTAF concentration
of 8.72 105 mol L1 in the solution of DTAF-labeled PVA. The polymer
concentration (determined by drying 1 g of the PVA-DTAF solution) was
2.97 5 0.07% (w/w). Thus, the degree of labeling was 0.43 mol DTAF
per mol PVA chain, or 1.30 104 mol DTAF per mol repeating unit,
implying that approximately every second PVA chain bears one fluorescent
label. Both labeled and unlabeled polymers can be dissolved when exposed
at temperatures higher than 50 C for longer than 30 min.

Other materials
In some experiments we formed polymersomes from the triblock copolymer, PMOXA10-PDMS87-PMOXA10 (MW 8154, PDI 2.2). Its synthesis
is described elsewhere (40). All other chemicals were purchased from
Sigma Aldrich (St. Louis, MO) and used without further purification unless
specified otherwise.

Electroformation method
Electroformation was performed following the method of Angelova et al.
(9). Briefly, 10 mL of a lipid solution (1 mg mL1 in chloroform) were
spread on an indium tin oxide (ITO)-coated glass slide. After drying of
the lipid film under vacuum for 30 min, a chamber was formed with a second ITO slide and Sigillum wax (Vitrex, Copenhagen, Denmark) as a sealing agent. This chamber was filled with sucrose solution for neutral lipids
and with a phosphate buffered saline (PBS) buffer solution (0.01 M phosphate buffer, 0.0027 M KCl and 0.137 M NaCl, pH 7.4) for lipid mixtures
containing charged lipids. The osmolarity of the buffer was measured with
an osmometer (Osmomat030, Gonotec, Berlin, Germany) and adjusted to
280 mOsm kg1. An alternating electric field was applied across the chamber for 3–12 h. The amplitude and the frequency of the field were 1 V and
10 Hz for neutral lipids and up to 5 V and 500 Hz for charged lipids. Successful formation was checked by observing the growing chamber by phase
contrast microscopy. The obtained GUVs were transferred to an Eppendorf
tube, diluted 5 times with PBS solution, and left undisturbed for 15 min
before observation. Table S1 summarizes the growing conditions for
different lipids.

Weinberger et al.
on the dried PVA film and placed under vacuum for 30 min to evaporate the
solvent. Before use, the coverslips were cleaned with UV/Ozone for 15 min
to prevent dewetting of the PVA film. A chamber was formed with Vitrex
and filled with sucrose for neutral lipids or PBS buffer for charged lipids
as described for the electroformation method in the previous section.
GUV formation was followed using phase contrast microscopy. When the
desired vesicle sizes were reached, typically in <1 h, GUVs were transferred into an Eppendorf tube using a pipette. The solution was diluted 5
times with PBS buffer and left undisturbed for 15 min before use.
Table S1 summarizes the growing conditions for different lipids.

Encapsulation of proteins by gel-assisted GUV
formation
For encapsulation of proteins a similar protocol was used. Instead of
spreading the PVA and lipid solutions (3.75 mg mL1) by hand, PVA was
spin-coated on the coverslips at 1200 rpm for 30 s (DELTA 10 BM,
SUSS MicroTec). A typical lipid mixture was composed of 94.8:0.2:5.0
DOPC/RhodB-PE/PEG-PE. In experiments containing biotinylated lipids
1% of DOPC was substituted by biotin-PE. 150 mL of lipid mixture was
spin-coated on the dried PVA-coated slide at 1200 rpm for 300 s. We
used either open-top formation chambers, assembled by placing a
0.12 mm thick spacer (secure-seal spacer, Invitrogen) on the coated slide,
or closed chambers, assembled by placing a 0.5 mm thick spacer (Coverwell, 13 mm in diameter, Invitrogen) and another cover slide on the coated
slide. Lipid swelling was initiated by introducing a buffer containing the
proteins to be encapsulated (I-buffer). This I-buffer contains all necessary
elements for the polymerization of actin (25 mM imidazole-HCl
(pH 7.4), 1 mM DTT, 0.1 mM MgATP, 50 mM KCl, 2 mM MgCl2),
280 mM sucrose for osmotic pressure matching, 0.5% (v/v) glycerol, and
an oxygen-scavenging mixture of 2 mM trolox, 2 mM protocatechuic
acid, and 0.1 mM protocatechuate 3,4-dioxygenase that minimizes blinking
and photobleaching (41). The lipid film was allowed to swell for 45 min, at
a temperature of 4 C where actin polymerization is minimized. The GUVs
were harvested by pipetting at least 2 chamber volumes of a glucose solution (O-buffer) into the formation chamber, causing the GUVs to flow into
the adjacent observation chamber or into an open-top observation chamber
assembled by placing a 0.5 mm thicker spacer on a glass slide and closed by
a cover slide after GUVs harvest. The glass slides were passivated by a
casein solution (2 mg mL1) to prevent liposome adhesion and rupture.
Actin polymerization was initiated by bringing the observation chamber
to room temperature. The O-buffer osmolarity was adjusted to be at least
20 mOsm kg1 higher than the I-buffer osmolarity (Osmomat030, Gonotec
GmbH) to prevent bursting of vesicles. The actin concentration in all experiments was 23.8 mM (equivalent to 1 mg/mL), including 20 mol % or
30 mol % of AlexaFluor488-labeled actin and 0.25 mol % of biotinylated
actin (1:400 molar ratio to actin). Streptavidin at a 1:25 molar ratio to the
total actin concentration was included as a network cross-linker.

Gel-assisted GUV formation

Inverse-phase precursor films for gel-assisted
encapsulation

A 5% (w/w) solution of PVA was prepared by stirring PVA in water or
280 mM sucrose solution while heating at 90 C. For fluorescent PVA substrates, one part of the DTAF-labeled PVA was mixed with 140 volume
parts of unlabeled PVA. To estimate the amount of residual free fluorophore, we immersed PVA-DTAF-coated glass slides, chemically crosslinked with glutaraldehyde, in water for 1 h and measured the absorbance
of the solution after adjusting the pH. We found a maximum amount of
free fluorophore of 10%, providing an estimate for the uncertainty in fluorescence measurements. PVA-coated substrates were prepared by spreading
100–300 mL of PVA solution on a microscope coverslip (30 mm in diameter, Menzel-Gläser), which was then dried for 30 min in an oven at
50 C. 10–20 mL of lipids dissolved in chloroform (1 mg mL1) were spread

We adapted the inverse phase precursor method, which was previously
combined with electroformation (42), to prepare lipid films containing biotinylated lipids complexed with neutravidin. By dispersing small water
droplets containing hydrophilic moieties in the organic solvent containing
the phospholipids, this method enables to prepare vesicles decorated with
neutravidin or chitosan on their membrane. If neutravidin is used, it enables
specific anchoring of encapsulated molecules to the membrane. An inverse
emulsion was prepared from a mixture of lipid in chloroform and buffer
solution as described previously (42). Briefly, a volume of 2 mL neutravidin
in PBS (48 mg mL1) was added to 60 mL of a lipid solution as described
previously. In control experiments without biotin-PE lipids, pure PBS
buffer was added. The mixture was pipetted up and down several times
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with a 500 mL glass syringe in a vial until the mixture became opalescent,
signifying that inverted micelles have formed. 40 mL of this precursor emulsion was spin-coated on the PVA-coated slide (prepared as described previously) at 100 rpm for 100 s. The slide was then dried under vacuum for
100 min at room temperature. The remaining steps were the same as in
the PVA swelling method, except that the lipid swelling time was 90 min
instead of 45 min.
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120 min

2 min

Optical microscopy
Vesicle contours were imaged by phase contrast microscopy using an inverted TE 2000 microscope (Nikon, Japan) equipped with a 60 WI/1.2
NA Plan Apo DIC objective, 100 NA 1.4 Plan Apo objective, or 40
Ph2/NA 0.60 Plan Fluor objective. Images were recorded with a digital
camera (Hamamatsu EM-CCD, Japan) with a pixel depth of 16 bits.
Three-dimensional (3D) fluorescent imaging was performed using confocal
laser scanning microscopy (CLSM) with a Nikon C1 scanhead. Images
were captured using EZ-C1 software (Nikon, version 3.50). The DTAFlabeled PVA film was excited using an argon-ion laser (Melles-Griot) at
488 nm, whereas rhodamine-labeled lipids were excited using a heliumneon laser (Melles-Griot) at 543 nm. Quantitative analysis of fluorescent
intensities in the confocal images was performed using ImageJ, using
appropriate rescaling of the acquired signals to the same standard levels.
In all measurements the background noise measured from blank samples
containing no fluorophores was subtracted.
For dried DTAF-PVA films, some bleaching of the fluorophores was
observed when obtaining confocal z-stacks, typical confocal scans were
performed by starting above the PVA gel and finishing on the glass surface.
Hydration of the films caused an increase of the fluorescence intensity of
both the DTAF-PVA and rhodamine lipids. This intensity increase can be
explained by the change in refractive indices of the films upon hydration.
In solution, the fluorescence of DTAF increases in the presence of PVA,
as determined by fluorescence spectrophotometry using a Horiba Jobin
Yvon FluoroMax-4 spectrofluorometer (see Fig. S2), a comparable increase
is found when DTAF is directly coupled to PVA. Additionally, in the
swollen DTAF-PVA films, the fluorescence spectrum of DTAF was broadened compared to free DTAF in solution (dashed line in Fig. S2), as
measured by CSLM. As a result, some emission bleeding of the green channel into the red channel occurred. We checked that this did not influence the
qualitative measurements of the lipid distribution by performing additional
scans of labeled GUVs grown on unlabeled PVA (see Fig. S3) and also
compared the bleeding profile of labeled PVA with our samples, which is
exactly the same up to experimental errors (see Fig. 2 and Fig. S4).

RESULTS AND DISCUSSION
Fully hydrolyzed high-molecular weight PVA was used to
form a dry but swellable polymer film on a glass support.
A thin film of lipids was then spread on the gel surface
and the lipid-gel system was hydrated in an aqueous solution. Within 2 min, numerous unilamellar vesicles can be
observed, as shown in Fig. 1. This observation is in stark
contrast with hydration of a lipid stack deposited directly
on glass, where the majority of bilayer structures correspond
to multilamellar vesicles or cylinders and only a minor fraction correspond to unilamellar vesicles. Compared to the
standard electroformation method, vesicle formation from
PVA-lipid films has the advantage that GUVs are formed
much faster, as shown in Fig. 1. Furthermore, the gel-assisted swelling method avoids the risk of lipid degradation,
which may occur during electroformation (31,43).

FIGURE 1 Phase contrast images of DOPC-GUVs, obtained by (A)
electroformation and by (B) PVA-assisted swelling. Variations in contrast
are due to differences in composition of inner and outer solutions. Scale
bars 20 mm.

The speed of vesicle formation on swelling PVA gels is
comparable to that observed previously on an agarose substrate (32). However, the agarose-growing method leads to
encapsulation of some agarose polymer, as well as to polymer decoration of the membrane (28). To test whether PVA
is present in the GUVs, we performed confocal microscopy
of DOPC GUVs grown on fluorescently labeled PVA films.
As shown in Fig. S5, no traces of fluorescent PVA can be
found either on the vesicle membranes or inside the vesicles.
This visual observation is confirmed by quantitative image
analysis; weak fluorescence in the green channel is due to
some free DTAF, as discussed in the Materials and Methods
section. The absence of vesicle contamination by PVA can
be primarily traced to the PVA gel structure, which is
much less prone to dissolution upon swelling at room temperature than other physical hydrophilic gels (33,34). Moreover, the lipid distribution in the PVA film prevents
contamination of the vesicles by PVA, as discussed below.
Lipid distribution
To visualize the spatial distribution of the lipids with respect
to PVA in the lipid-PVA films, we measured the relative
fluorescence intensities of the rhodamine-labeled lipids
and the fluorescein-labeled PVA of a 20 mm  20 mm patch
as a function of height (z direction) above the glass substrate. We first focused on the lipid distribution before
and after gel swelling for DPPC, a lipid that is in a gel
state at room temperature. As shown in Fig. 2, the lipid
bilayer is localized at the gel surface and does not penetrate
the polymer film, independently of the degree of swelling of
the gel.
In the original gel-assisted swelling method of Horger
(32), it was shown that the lipids completely penetrated
the agarose film, which is tens of micrometers thick. The
agarose and the lipids thus intimately mix over the full
film thickness. Our results show that this is not a requirement to promote giant vesicle growth (see also Fig. S3).
Moreover, the reduced mixing of lipids with polymer in
PVA gels compared to agarose gels reduces the probability
of vesicle contamination by gel residues.
Biophysical Journal 105(1) 154–164
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FIGURE 2 CLSM z profiles of a DTAF-labeled PVA film (solid line) and
a fluorescent DPPC film (dashed line). Lipids and gel are well separated
before and after swelling with PBS buffer solution at room temperature.
Residual red fluorescence inside the gel is due to emission bleeding of
the DTAF, as explained in Materials and Methods. A z distance of zero microns corresponds to the bottom of the labeled PVA gel.

As discussed previously, GUVs are formed rapidly from
films composed of lipids which are in a fluid state at room
temperature. Confocal imaging shows that several layers
of vesicles can be observed on the gel surface (see Fig. 3
inset B and Fig. S3). Small vesicles are typically located
at the gel surface, while larger ones are further away. During
the growing process, small vesicles often fuse into a larger
one that may later detach from the gel. However, although
many vesicles detach, many stay on the surface of the
PVA film. As the 3D confocal image shows (Fig. S6), holes
in the fluorescently labeled lipid film can be observed
directly underneath the vesicles, likely corresponding to
the partial consumption of the lipid film to build the vesicle
above the hole.
After swelling, the PVA surface appears very corrugated
with valleys and mountains. Any XY plane through this
interfacial region, as exemplified by Fig. 3 in inset A, will
then display areas inside the gel and areas outside the gel
where lipid can be observed. In this geometry the gel interface is almost perpendicular to the confocal section, allowing to precisely screen the GUVs for fluorescent PVA traces
and to reconstruct a 3D representation as in Fig. S6. Depth
profiles of the PVA and lipid fluorescence intensity reveal
the heterogeneity of the lipid distribution on the gel film,
which can be related to the lipid deposition process or to
the swelling of the gel. Fig. 3 summarizes all the observed
cases. The vertical line represents the z-position where the
confocal micrograph shown in inset A was recorded. The
green channel represents the fluorescently labeled PVA,
the red channel the fluorescently labeled lipid. The figure
inset I displays for reference a z profile from the same sample before swelling. Inset II shows gel surface regions after
swelling without any traces of lipids, whereas inset III corresponds to a lipid film still attached to the gel without any
vesicles. In some regions GUVs still attached to the gel can
be observed, as displayed in inset IV. The last inset V corresponds to the more rare case where a detached vesicle is still
Biophysical Journal 105(1) 154–164
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in the neighborhood of the gel interface above a membrane.
Inset B in Fig. 3 corresponds to a vertical cross section,
which better views the cases III to V.
In summary, our results show that GUVs free of polymer
contamination grow during gel swelling from a heterogeneous lipid film at the gel surface. Given that the lipid solution spread on a PVA gel does not penetrate into the gel, we
tested the effect of lipid/PVA mixing by forcing lipids into
the gel. This was achieved by spreading a PVA solution
mixed with small multilamellar vesicles. In this case, no
vesicle formation could be observed upon hydration, thus
confirming that gel/lipid mixing is not required for vesicle
growth on PVA.
GUV formation: dealing with the hard cases
As shown in the preceding section, GUVs can be rapidly
formed from the zwitterionic lipid DOPC by PVA-assisted
swelling. In this section, we will show that the PVA growing
method also provides a valuable tool to form vesicles from
other types of lipids, which are difficult to form by other film
swelling methods. Lipids with charged headgroups are a
clear challenge for electroformation. Recently, a method
to grow charged lipid vesicles under physiological buffer
conditions at high frequencies was proposed (10,11). However, even under such conditions, a number of difficult
issues remain, related to the growth of vesicles from purely
charged lipids, to the vesicle yield, and to the detachment of
the vesicles from the growing substrate. We have for
instance compared the growth of DOPC-GUVs containing
DOTAP, a cationic lipid, by electroformation and by PVA
swelling. For these lipid mixtures, vesicles are obtained in
a high number by electroformation, but they cannot be detached from the ITO substrate. With the PVA swelling
method, even 100% DOTAP vesicles can be formed and
transferred, albeit with a smaller yield than in the case of
zwitterionic lipids. Fig. S7 shows a free floating GUV
composed from DOTAP grown by PVA swelling. The
detachment yield can be improved by gentle sonication.
Examples of other systems grown by the PVA swelling
method are displayed in Fig. 4. Images in the left column
show vesicles formed by growing on pure PVA gel, whereas
images in the right column show vesicles grown on a PVA
gel containing sucrose. In some cases, the presence of
sucrose in the dry gel improves vesicle formation. The
figure shows GUVs grown from DOPC, DOPG, DOPS,
and the triblock copolymer PDMS-PMOXA-PDMS. In all
cases, GUVs formed on a PVA gel that contains sucrose
detach better during the growing process. Furthermore, the
formed vesicles are less prone to adhere to each other in
the growing chamber. Similar results can be obtained by
making the PVA gel in a PBS solution, although with somewhat less efficiency of vesicle detachment (compare
Fig. S8). Interestingly, in the case of DOPS on pure PVA,
tubular vesicles could be observed in the first few seconds
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FIGURE 3 Heterogeneity of lipid distribution on a swollen gel interface. Inset A shows the XY section of a DTAF-labeled PVA gel (green) and DOPCGUVs labeled with 0.2 mol % Rhodamine (red) recorded with CLSM at a z-position of 31 mm. Inset B is a XZ section at the position of the white line. Graph I
is a z profile of the same sample in the dry state before hydration with buffer solution, other graphs correspond to the different labeled regions of the micrograph, which are further sketched in the diagram above. Average intensity of a given z was determined for a 20 mm  20 mm square and the average intensity
variations plotted with z. The scan was performed starting at the top of the sample; a z distance of zero microns corresponds to the bottom of the labeled PVA
gel. Scale bar 20 mm.

of the swelling, which disappear over time to form spherical
vesicles. None of the other lipid cases showed this behavior.
Tubular vesicles were also observed for the triblock copolymer (PMOXA-PDMS-PMOXA) on pure PVA, but here
they do not lead to spherical polymersomes, a structure
that could only be observed on PVA containing sucrose.

Nonetheless, the formation of polymersomes yielded in a
fewer number of GUVs compared with phospholipids.
We also investigated lipids with more than one charge
per headgroup. A particularly relevant example is cardiolipin, a lipid containing four lipid tails and two negatively
charged headgroups. Although GUVs containing up to
Biophysical Journal 105(1) 154–164
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FIGURE 4 Phase contrast images of GUVs formed from different amphiphiles. Left column: growth on pure PVA gel. Right column: growth on a
PVA gel containing sucrose. Amphiphiles: DOPC, DOPG, DOPS, and triblock copolymer (PDMS10-PMOXA87-PDMS10). Swelling solution: PBS.
Scale bars 20 mm.

50% cardiolipin in DOPC/cardiolipin mixtures can be
grown by electroformation, we find that the structures obtained systematically display defects, similar to those
observed by Fedotenko et al. (I. Fedotenko, A. Weinberger,
T. Tanasescu, F. Favarger, C. Stefaniu, I. Tashi, G. Brezesinski, C. Marques, and A. Zumbuehl, unpublished), which
may be caused by headgroup degradation from the applied
electric field (Fig. 5 A). The PVA-assisted swelling method
allows us to form defect-free GUVs within minutes, even
from 100% cardiolipin (Fig. 5, B and C).
The PVA swelling method can also be performed at temperatures different from room temperature. For instance,
one can obtain DPPC vesicles by swelling with preheated
buffer in a heated chamber at 50 C or DOPC vesicles by
swelling in the fridge at 4 C. For high temperatures, the
only limitation is the preservation of gel integrity. Indeed,
depending on PVA molecular mass, some of the polymer
can dissolve upon heating, thus leading to lower yields
and GUV contamination. The PVA used in this work, in
the range of 145 kDa, does not dissolve at room temperature
but partially dissolves if exposed for more than half an hour
at temperatures above 50 C. When lower molecular mass
PVA is used, around 16 kDa, partial dissolution is already
Biophysical Journal 105(1) 154–164

FIGURE 5 (A) Vesicles of 1:1 DOPC/cardiolipin mixtures grown by
electroformation. Arrows show vesicle defects. (B) Cardiolipin vesicles
on the PVA gel after growing. (C) Cardiolipin vesicles after dispersion in
PBS. Images were recorded in phase contrast mode. Swelling solution:
sucrose. Scale bars 20 mm.

observed at room temperature. It is also possible to successfully grow GUVs composed from Sphingomyelin and
Cholesterol in a range where this lipid mixture is in the
liquid-ordered phase, however a complete study of the conditions under which GUVs from domain-forming ternary
mixtures can be grown by the gel method is beyond the
scope of this work.
Careful tuning of the system composition, such as the
introduction of a small fraction of PEGylated lipids (45),
or better spreading of the precursor film by spin-coating
(12), have been reported in the literature to improve the
yield of GUVs containing charged headgroups and to
facilitate detachment from the growing surface. Similar
results have been observed in our case for gel-assisted
growth.
A common problem with some lipids is that vesicles do
not detach easily from the growing surface after formation.
We found that detachment can be improved by several
different strategies. Sonication for 1–2 s in a standard ultrasound bath, for instance, can better detach the GUVs
without breaking them. Furthermore, if a sugar such as
sucrose is added to the gel, a larger number of vesicles spontaneously detach during the formation process. This can be
due to the extra osmotic pressure from the sugar dissolving
from the gel that pushes away the membranes (46).
In summary, we have shown that the PVA swelling
method can successfully deal with different classes of lipids,
which are otherwise difficult to grow, the method being in
particular well adapted for charged lipids.
Encapsulation
The PVA gel formation method is advantageous for encapsulating many molecular species of biological relevance that
are often prone to react at room temperature, e.g., crosslinking or degradation due to peroxidation caused by electric fields (43). We first tested the ability of this method to
encapsulate the molecules required to reconstitute a simple
biomimetic cytoskeleton inside a GUV. As shown in Fig. 6,
A and B, actin filaments were successfully incorporated into
vesicles and bundles formed if the swelling solution contained additional cross-linker. Similar actin structures have
been shown by swelling on agarose gels (28). However, in

Gel-Assisted Formation of Giant Unilamellar Vesicles

A

B

C

D

E

F

FIGURE 6 CLSM images of DOPC-GUVs grown by (A and B) PVA
swelling at 4 C from 94.8:0.2:5.0 DOPC/RhodB-PE/PEG-PE mixtures
and (C–F) DOPC-GUVs grown by a combination of PVA swelling and the
inverse-phase precursor method (42). (A) Encapsulated actin filaments in
the interior of the GUV. (B) Actin bundles inside the GUV, formed by adding
of streptavidin with an actin/streptavidin ratio of 25:1 as a cross-linker. (C) In
the absence of biotinylated lipids, AlexaFluor350-labeled neutravidin is
homogeneously distributed in the vesicle interior. (D) In the presence of
1% biotinylated lipids, AlexaFluor350-labeled neutravidin binds to the
membrane. (E) In vesicles swollen in a solution containing 500 nM fluorescently labeled biotin, the biotin is homogeneously distributed inside the
vesicle interior in the absence of membrane-bound neutravidin. (F) Vesicles
were formed as in (E) but with neutravidin on the membrane surface. The
encapsulated biotin-fluorescein binds to the membrane-anchored neutravidin, resulting in a bright ring of fluorescent-biotin. The right column displays
sketches of the systems in the left images: The membrane is represented by
black lines, biotinylated lipids by red rods, fluorescein-biotin by green rods,
and neutravidin by a blue square. Scale bars 20 mm.
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this case the vesicles are contaminated by agarose, which
adheres to the membrane.
It is often desirable to control the anchoring of encapsulated molecules to the vesicle membrane. A convenient
way to achieve anchoring is to use biotinylated lipids, which
enables anchoring to biotinylated species by neutravidin.
We can localize neutravidin specifically on the membrane
by combining the PVA swelling method with the inversephase precursor method, which allows complexation of
lipids with neutravidin. Inverse-phase precursor films were
already successfully used for the encapsulation of large
hydrophilic molecules during electroformation (42). As
shown in panel D of Fig. 6, GUVs grown from a precursor
film containing neutravidin have a neutravidin functionalized membrane. In the absence of biotinylated lipids, the
neutravidin is in the vesicle interior, as shown in panel C.
The neutravidin is still functional, as shown by encapsulation of fluorescently labeled biotin. When neutravidin is
on the membrane, fluorescent biotin forms a bright ring,
signifying binding to neutravidin (panel F). In the absence
of membrane-bound neutravidin, fluorescent biotin is found
throughout the vesicle (panel E).
A growth scenario
To understand how the efficiency of encapsulation of watersoluble (bio)molecules in the vesicles can be optimized, one
needs to gain a deeper insight into the mechanisms of
vesicle formation during gel swelling. When a film of
DOPC is spread from a chloroform solution on a glass slide
and subsequently hydrated in an aqueous solution, one can
observe the spontaneous formation of bilayer structures
with a majority of multilamellar vesicles (47). The left
drawing of Fig. 7 shows the possible pathways for water
penetration into the stacks of preordered phospholipid bilayers on glass. There are two main water transport modes.
First, the water can access the interlamellar region from
the edges and swell the stack; a feature easily observed
using differential interference contrast microscopy (48). A
second pathway for water transport is by direct membrane
permeation, because phospholipid bilayers display a finite
water permeability in the order of 160 mm s1 (49). Direct
permeation can generate swollen structures of tens of micrometers in a few seconds.
The right drawing of Fig. 7 shows the pathways of water
penetration during swelling of a preordered bilayer stack on
the surface of a dry PVA gel. The most prominent difference
from the case of swelling on glass is related to water-uptake
by the PVA gel: indeed a strong chemical potential gradient
exists between the outer solution and the dry gel, which
drives water across the bilayer stack. As a consequence of
gel swelling, the capillary forces driving water at the membrane-gel interface are modified. This effect is further
amplified by gel stretching and by gel surface corrugation,
which may increase the number of membrane defects for
Biophysical Journal 105(1) 154–164

162

Weinberger et al.

A

B

water access. These different solution transport mechanisms
are likely to display different degrees of selectivity with
respect to aqueous solutions containing other molecules or
nanoparticles. We argue that the differences previously
observed in encapsulation efficiencies as a function of
molecular size and growing methods (28,32,50–52) are
due to the respective importance of different water penetration pathways in the final aqueous content of GUVs.
To discriminate between the effects of different water
penetration pathways on encapsulation efficiency, we performed two comparative experiments. In the first, we
formed vesicles by swelling lipids on a PVA gel with a
solution containing fluorescein. In the second, we formed
vesicles by swelling a PVA gel preloaded with fluorescein
with a nonfluorescent solution. Fig. 7 A displays the fluorescence intensity of vesicles grown from a fluorescent solution whose average fluorescence intensity is indicated by
the arrow. The fluorophore content of the vesicles is roughly
50% of that of the swelling solution, comparable to encapsulation efficiencies reported in the literature (28,32). This
result suggests that on average roughly half of the water
content inside the GUVs is due to solution transport across
the membrane, which is impermeable to the fluorophore.
Fig. 7 B shows fluorescence levels from GUVs grown on
a fluorophore-loaded gel. The arrow indicates the average
fluorescence intensity of the swelling solution after the
swelling process took place. Solution volumes used in
both experiments were comparable, but the total amount
of fluorophore in the second experiment was ~2.5 times
smaller than in the first one, which corresponds to the ratio
of the average fluorescence intensities of the two solutions.
As the histogram in Fig. 7 B shows, the encapsulation
efficiency are higher when the PVA gel is preloaded with
fluorophore. As sketched in the inset, we propose that this
is due to a direct transport of fluorophore from the gel reservoir to the growing vesicle and not only from side penetration through defects.
Biophysical Journal 105(1) 154–164

FIGURE 7 Top panel schematically depicts
water penetration pathways through a bilayer stack
deposited on glass and PVA gel. Lower panel are
CLSM measurements of the average internal fluorescence intensity of GUVs grown on a PVA gel.
(A) Vesicles swollen with a solution containing
fluorescein. The average solution intensity is
denoted by the arrow. (B) Vesicles swollen with a
nonfluorescent solution on PVA gel loaded with
fluorescein. The arrow indicates the fluorescent intensity of the solution after the fluorophore diffused
from the gel. Histograms built from 89 vesicles for
(A) and 142 vesicles for (B). Vesicles smaller than
5 mm were neglected.

Our findings thus suggest that membrane permeability is
an important parameter determining vesicle growth by gel
swelling. Indeed, the water permeability of DOPC is circa
160 mm s1 (49), whereas the water permeability for typical
polymersomes was reported to be the order of 2.5 mm s1
(53). This is likely an important factor, which can explain
why the yield of polymersomes grown by swelling is lower
than the yield of liposomes. Furthermore, permeability
plays a role in the final composition of solutions encapsulated in GUVs, by determining the relative importance of
the different possible water penetration pathways.
CONCLUSIONS
Gel-assisted formation of GUVs on PVA allows for an easy
and rapid growth of polymer-free GUVs in high yields
without the need for special equipment. The process works
for many different lipid mixtures, covering a wide range of
lipids with one or more headgroups of zwitterionic, cationic
or anionic nature. Due to the ability of PVA to swell at low
temperatures close to the freezing point of water, the method
is well adapted for the encapsulation of biomolecules such
as actin, which can be encapsulated in monomer form at
low temperature and subsequently polymerized by warming
the vesicles to room temperature. Importantly, no input of
energy is required to form GUVs, which minimizes the
risk of degradation of the amphiphiles and of the proteins
for membrane embedment or vesicle encapsulation.
Furthermore, we found experimentally that the gel formation process can be combined with inverse-phase precursor
films to improve the encapsulation efficiency or localize
(bio)molecules specifically to the membrane surface. Our
method provides also a natural way to improve encapsulation efficiency of small hydrophilic molecules by predissolving them in the PVA gel.
Our results point to different penetration pathways for the
aqueous solution that swells the membrane stacks. Part of
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the swelling originates at the defects in the membrane,
where water can invade the interlamellar spacing. However,
a significant amount of water also penetrates by direct
permeation across the bilayers. This confirms the importance of bilayer permeability for water in the formation of
GUVs. For polymersomes too, osmotic imbalance generated
by added sucrose improves conditions for vesicle formation.
PVA-assisted formation of GUVs provides a new route to
prepare GUVs in a membrane laboratory. Although we have
prepared small-scale samples, the method has potential for
large-scale production and can be easily automated. Current
work in our group, exploring new lipids and buffer compositions, points to an application range of this method beyond
the one reported here.
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