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1.

Introduction: A Guide to
Mechanobiology, where
Physics and Biology Meet

Cells actively sense and process mechanical information that is provided by the extracellular environment to make decisions about growth, motility
and differentiation. It is important to understand the underlying mechanisms
given that dysregulation of the mechanical properties of the extracellular matrix
(ECM) is implicated in various diseases, such as cancer and fibrosis. Moreover, matrix mechanics can be exploited to program stem cell differentiation
for organ-on-chip and regenerative medicine applications. Mechanobiology is
an emerging multidisciplinary field that encompasses cell and developmental biology, bioengineering and biophysics. Here we provide an introductory overview
of the key players important to cellular mechanobiology, taking a biophysical
perspective. In view of the focus of this thesis on the interaction of cells with
the extracellular matrix, we focus on a comparison between artificial flat substrates, which have been the most widely studied model system until now, with
more physiologically relevant, three dimensional substrates.
Karin A. Jansen, Dominique M. Donato, Hayri E. Balcioglu, Thomas Schmidt,
Erik H.J. Danen, Gijsje H. Koenderink
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1.1

section 1.1

Cellular Environments

Cells in our body actively sense and respond to a variety of mechanical signals. The mechanical stiffness of the surrounding extracellular matrix (ECM)
critically determines normal cell function, stem cell differentiation and tissue
homeostasis [1, 2]. Conversely, abnormal changes in ECM stiffness contribute
to the onset and progression of various diseases, such as cancer and fibrosis [3]. Cancer tissues can be up to 10-fold stiffer than healthy tissues, which is
correlated with tumor cell survival and enhanced proliferation [3–5]. Additionally, cells often experience forces in the form of shear stress during breathing
and blood flow, compression and tension due to muscle contraction. Forces
also play a crucial role in regulating tissue morphogenesis in developing embryos [6, 7]. The sensitivity of cells to forces and substrate stiffness has been
recognized as a powerful tool in tissue engineering, where it can be harnessed
to design biomaterials that optimally guide stem cells or resident cells in the
patient towards generating a functional replacement tissue. Given its central
importance in cell function and human health, mechanobiology has emerged
as a new and growing field that attracts researchers from disciplines ranging
from cell and developmental biology, to bioengineering, materials science and
biophysics.
A central element in mechanobiology is cellular ’mechanosensing’ (see Box
1). Cells actively probe the rigidity of their extracellular environment by exerting traction forces via transmembrane proteins termed integrins [8]. It is still
poorly understood how probing by traction forces allows cells to sense matrix
stiffness and how cells transduce this mechanical information into a cellular
response. Answering these questions is complicated by the large number of
mechanosensors and -transducers that have been identified so far [9]. Prominent examples are paxillin [10], vinculin [11, 12], talin [13], p130CAS [14, 15],
integrins [16, 17], the actin cytoskeleton (CSK) [18–20] and mechanosensitive
ion channels [21]. It is still unclear how these components work together to
regulate mechanosensing. Also, most experimental studies until now were performed with cells cultured on top of two dimensional (2D), and often rigid,
substrates, which inadequately mimic most physiological contexts.
Mechanosensing and -transduction are cellular processes that involve both
intra- and extracellular components, as illustrated in Fig. 1.1. The main structural components that contribute are (1) integrins, (2) the extracellular matrix
and (3) the intracellular CSK. Mechanical forces and biochemical signaling are
integrated by various intracellular signaling pathways. In this introductory
chapter, we will provide an overview of the roles of these contributors to cellular mechanobiology and the techniques to measure cellular traction forces.
Note that we will not touch upon mechanosensitive ion channels, which are reviewed elsewhere [21], nor will we discuss cell-cell interactions, which also play
an important role in mechanosensing [22, 23]. Given the focus of this thesis on
16
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Figure 1.1: Schematic showing a cell inside a three dimensional fibrous
extracellular network. The boxes indicate the focus areas of this introductory review. (i) Integrins are composed of an α (pink) and β subunit
(purple) and are clustered in focal adhesions (FAs) together with other
FA proteins (triangle, square and circle). The adhesions connect the extracellular matrix (ECM) and the (actin) cytoskeleton. Integrins can be
classified as slip- or catch-bond adhesion molecules, which differ in their
bond life time under an applied force. (ii) The ECM provides multiple cues to the cell, specifically pore size, stiffness, nanotopography and
dimensionality. (iii) The cytoskeleton is composed of actin (green), intermediate filaments (yellow) and microtubules (brown). (iv) Summary of
important signaling pathways. Note that we will not discuss mechanosensitive ion channels (gray pores). The cell nucleus is depicted in blue.
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section 1.2
cell behavior in reconstituted 3D ECM networks, we will focus this review in
particular on a comparison between cellular mechanobiology on 2D substrates
and inside 3D environments designed to mimic connective tissue. The measurement of traction forces has a long history, which we will briefly review.
We also introduce two model systems that are widely used for creating 3D
cellular environments, and will also be used in this thesis: fibrin and collagen
networks. Both of these proteins form a fibrous mesh work, but they exhibit
very different mechanical properties. The physical basis for this difference is
one of the central topics of this thesis. Furthermore, we will comment on the
applications of mechanobiology in tissue engineering. We will conclude with a
brief outline of the aims and topics of this thesis.

1.2

Contributors to Cellular Mechanosensing

Integrins play a central role in cellular mechanosensing because they physically
connect the CSK to the ECM, typically in clusters termed ’focal adhesions’
(FAs). Integrins are transmembrane proteins that are heterodimers of an α
and β subunit and are restricted to the metazoa [8]. So far, 24 different heterodimers formed by combinations of 18 different α subunits and 8 β subunits
have been identified [8]. Most integrins recognize multiple ligands, which share
common binding motifs such as the RGD or LDV motif [24]. The integrin
αvβ3 can for instance bind vitronectin, fibronectin and fibrinogen through the
RGD-binding motif.
The extracellular matrix (ECM) is a complex protein mesh work that forms
the scaffold to which cells adhere. It provides mechanical support to cells
and tissues, and acts as a reservoir for growth factors, cytokines and proteolytic enzymes. There are two broad classes of ECM: basement membrane
and connective tissue. Basement membranes are thin structures that provide
a two-dimensional (2D) substrate onto which polarized cells such as epithelial
and endothelial cells adhere. Its main components are laminin, collagen IV,
nidogen and heparan sulfate proteoglycans [25]. In contrast, connective tissues
provide a fibrous 3D scaffold whose structural components are mainly fibrillar
collagens (mostly type I and II, mixed with III and/or V), proteoglycans and
glycosaminoglycans [26]. The diameter and organization of the collagen fibers
are tailored to the biomechanical function of each tissue. The fibrils are, for example, thick and aligned in stiff tissues like tendon to ensure tensile strength,
whereas they are thin and organized in meshworks in the cornea to ensure
optical transparency. Proteoglycans and glycosaminoglycans are hydrophilic
macromolecules forming a background matrix for the collagen fibers, which facilitate water retention and influence cell migration and ECM deposition [27].
The ECM also contains non-structural components that modulate cell-ECM
interactions, such as thrombospondin 1 and tenascins [28]. Under influence of
force, ECM proteins could also act as a mechanotransducer by exposing cryp−
18
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Box 1: Terms that are often used in the field of mechanobiology
Mechanobiology: A field at the interface of biology, physics, and bioengineering, which focuses on how cell/tissue mechanics and physical
forces influence cell behavior, cell and tissue morphogenesis, and diseases
related to these processes.
Mechanosensing (/sensation): The process of a cell sensing mechanical signals provided by its environment.
Mechanotransduction: The process of translating mechanical signals
into a cellular response.
Durotaxis: Directed cell motility in response to gradients in substrate
rigidity.
Contact guidance: Directed cell migration or orientation based on
anisotropy (alignment) of the microenvironment, such as collagen fibers
in 3D or micropatterned adhesive lines on a 2D substrate.
Outside-in signaling: Mechanical cues in the environment causing intracellular signaling cascades, which affect cellular processes such as migration, growth, and differentiation.
Inside-out signaling: Intracellular processes affecting the mechanical
properties of the environment by exertion of traction forces and secretion/breakdown of ECM material.
Integrin: Heterodimeric transmembrane protein that physically connects
the ECM to the CSK and acts as a bidirectional signaling receptor.
Slip-bond: Receptor-ligand interaction whose lifetime is reduced when
mechanically loaded.
Catch-bond: Receptor-ligand interaction whose lifetime is enhanced
with increasing load to a maximum value, followed by a gradual decrease
when the load is further increased.
Cell-matrix adhesion: Cell-ECM connections mediated by clusters of
integrin in the plasma membrane. This term includes FAs, focal complexes, focal contacts, fibrillar adhesions, and nascent adhesions.
Adhesome: The collection of more than 150 proteins associated with
cell-matrix adhesions that links the ECM and the CSK.
Nascent adhesion: A cell-matrix adhesion during its initial phase of
formation. Usually, such an adhesion is significantly smaller and more
punctuate than mature FAs. Nascent adhesions are thought to be enriched with FA proteins such as talin and paxillin.
Focal complex: A cell-matrix adhesion that is usually found at the leading edge of migrating cells. Focal complexes can either be nascent adhesions on their way to maturation or simply short-lived ECM-cell contacts.
(continues on next page)
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(Box 1 continued)
Like nascent adhesions, they are smaller and more punctuate than focal adhesions. They contain a larger subset of adhesome proteins than
nascent adhesions, but still a smaller subset than FAs.
Focal adhesion (FA, a.k.a. focal contact): Cell-matrix adhesions
that are usually associated with actin stress fibers. They have an elongated form and are found at the front, rear, and periphery of the cell.
They are one of the most mature ECM-cell contact types, besides fibrillar
adhesions, and are therefore associated with a larger variety of proteins
from the adhesome. They are also usually at least twice as large as nascent
adhesions or focal complexes.
Fibrillar adhesion: Elongated cell-matrix adhesions that are usually
not found in the lamellipodium, but under the nucleus and the lamella
behind the lamellipodium. The length of these adhesions is several times
larger than that of FAs.
Acto-myosin contractility: Contractile activity of the actin cytoskeleton mediated by non-muscle myosin II-A and II-B.
tic sites and growth factors [29]. During wound healing, cells encounter a
provisional ECM that forms as a result of blood clotting. This matrix consists
of a scaffold of fibers made of the plasma proteins fibrin and fibronectin. Due to
their biocompatibility and physiological scaffold role, both collagen and fibrin
are popular biomaterials for in vitro studies and tissue engineering. However,
it is important to emphasize that such simplified matrices do not mimic the
full tissue-specific context (in terms of architecture and chemical composition)
that is offered by the in vivo ECM. The architecture, composition and stiffness
of the in vivo ECM is further subject to changes during disease progression
and aging. Since cells are sensitive to all of these extracellular cues, the ECM
is increasingly recognized as an active player and potential therapeutic target
in diseases such as fibrosis, artherosclerosis and cancer [5, 30–33].
The cytoskeleton (CSK) is a space-filling network of protein filaments that
enables cells to maintain their shape and mechanical strength [34, 35]. The
CSK enables cells to withstand external forces, while at the same time being
dynamic and self-deforming. The mammalian CSK comprises three types of
protein filaments: actin, microtubules (MTs) and intermediate filaments (IFs).
Actin and MTs are polar filaments with two structurally distinct ends, which
are capable of generating pushing and pulling forces by coupling polymerization to nucleotide hydrolysis. In contrast, IFs are nonpolar and more stable.
All three filaments can be classified as semiflexible polymers: they remain
straight under the influence of thermal fluctuations over a length scale that
is comparable to their ’persistence length’. This characteristic lengthscale is
much longer for MTs (a few mm) than for IFs (0.5 µm) and actin (10 µm).
As a result, actin and IFs are generally considered to provide the main source
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of cell stiffness, whereas the more rigid MTs may provide resistance to compression forces [36]. Purified networks of actin and IFs increase their stiffness
under the influence of force. In other words, these networks strain-stiffen in
response to mechanical shear or stretch [37–39]. This phenomenon allows cells
to actively stiffen their actin cytoskeleton on hard substrates by contraction
with myosin motors [1]. Moreover, strain-stiffening of IFs is thought to prevent
excess deformation of cells and epithelial tissues [38, 39].

1.3

Role of the ECM in Mechanobiology

In this section, we will focus on the influence of physical cues provided by
the ECM on cell behavior. Cells embedded in 3D interstitial matrices are
influenced by various factors that are difficult to decompose, such as global (i.e.
macroscopic) and local (i.e. fiber) stiffness, matrix topography, the porosity
and the dimensionality. Below we will review experimental studies that have
sought to disentangle these factors using biomimetic 3D ECM matrices or 2D
substrates.

1.3.1

ECM Stiffness

It is now well recognized that cells cultured on top of a 2D substrate actively
sense and respond to its stiffness [1, 40–42]. Many fundamental aspects of
cell behavior are mechanosensitive, including adhesion, spreading, migration,
gene expression and cell-cell interactions [41, 43–48]. Substrate stiffness can
also regulate stem cell differentiation and compete with biochemical cues [1].
Recent experiments with stem cells on photodegradable substrates showed that
stem cells even remember the mechanical history of their environment [49].
Studies of cells on 2D substrates are usually performed with nonadhesive
polyacrylamide (PAA) or Polydimethylsiloxane (PDMS) gels coated with ECM
proteins or ligands such as RGD peptides. Surface coupling should be chosen
with care, since the distance between tethering points can influence cell fate [50]
and cells can pull ligands from the surface if they are anchored too weakly [51].
The thickness of the gels should also be chosen with care, because cells can
feel the stiff underlying glass/plastic substrate if the gel is too thin [52, 53].
Systematic studies showed that cells on top of PAA gels can sense over a
distance of a few tens of microns [52, 53]. However, this length scale can be
increased to ∼200 µm for fibrous networks of collagen [54] and fibrin [55]. The
long range of force transmission in these ECM networks has been variously
ascribed to strain-stiffening under the influence of cellular traction forces [55]
or to the fibrous nature of the ECM [56]. The second explanation is supported
by finite-element modeling of the transmission of traction forces in collagen
[56] and fibrin [57] networks. These simulations show that cell tractions are
concentrated in the relatively stiff ECM fibers, thus propagating farther than in
a homogeneous elastic medium even if this elastic medium strain-stiffens [56].
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Finite-element modeling and analytical theory further showed that cell-induced
alignment of collagen fibers further contributes to making force transmission
anomalously long-ranged [58].
Unclear is whether cells sense their environment by applying a constant
stress (i.e. force) and reading out the strain (i.e. deformation) or vice versa.
Theoretical models suggest that cells may readjust their contractile activity
and CSK organization to maintain either an optimal strain or an optimal
stress [59]. Experiments with elastic micropost array substrates indicated that
epithelial cells and fibroblasts maintain a constant substrate strain [41, 60, 61].
However, recent measurements of traction forces for fibroblasts on PAA gels
with a wider range of Young’s moduli (6 to 110 kPa) suggest that cells switch
from maintaining a constant strain on soft gels (Young’s modulus below 20
kPa) to maintaining a constant stress on stiffer substrates [51]. It was proposed that the cells increasingly align their actin stress fibers to sustain a
constant substrate strain as the substrate stiffness increases. At substrate
rigidities above 20 kPa, the maximal contractile force that the aligned actomyosin units can generate would reach a limit. This interpretation is supported
by a study of substrate-dependent stress fiber alignment [62] and a model representing the cell as a prestrained elastic disk attached to an elastic substrate
via molecular bonds [63]. It is still unclear how these findings translate to the
situation of a cell embedded in a 3D fibrous matrix. One study of fibroblasts
inside porous collagen-glycosaminoglycan (GAG) matrices suggests that cells
maintain a constant traction stress [64].
Unlike synthetic PAA and PDMS hydrogels, whose stiffness is constant up
to large strains, networks of fibrin and collagen strain-stiffen as soon as the
strain reaches values of a few percent [39, 65, 66]. It has been proposed that
this nonlinear elastic response strongly influences cellular behavior based on
studies of fibroblasts and stem cells cultured on top of thick fibrin biopolymer gels, which revealed that cell spreading was independent of the linear
elastic modulus of the gels and similar to spreading on stiff PAA gels [55].
Apparently, the cells sense a stiff environment because they actively stiffen the
fibrin network by exerting traction forces. Atomic force microscopy (AFM)
nanoindentation as well as macroscopic shear rheology showed that cells cultured inside or on top of fibrin gels indeed cause network stiffening [55, 67]. In
case of collagen gels, there is also evidence that buildup of stresses originating from cellular traction forces affect fibroblast morphology and motility [68].
Cell-induced ECM stiffening may play an important role in diseases, such as
cancer and fibrosis, where it may provide a positive feedback that enhances
cell contractility [33].
Summarizing, there is overwhelming evidence that mechanical properties
(linear and nonlinear) of the substrate or ECM play an important role in determining cell fate. It is still an open question to what extent a cell embedded
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inside a 3D fibrous ECM matrix senses the stiffness of the overall network
(i.e. global stiffness), as on 2D substrates, or the local stiffness, i.e. the resistance of individual ECM fibers to bending and stretching. Furthermore,
recent studies of cells on 2D hydrogels varying in their viscous but not their
elastic modulus showed that cell differentiation is also sensitive to the viscous
modulus [69, 70]. Moreover, cell spreading on soft substrates was shown to be
strongly enhanced when the substrate (an ionically crosslinked alginate hydrogel) exhibited stress relaxation, an effect that could be recapitulated using a
stochastic lattice spring model [71]. It was proposed that stress relaxation in
the substrate may facilitate cell spreading by allowing cells to cluster ECM
ligands. Viscous effects are indeed likely to be important since cellular time
scales of traction force generation can be slower than the time scales at which
the mechanical properties of cell substrates are generally measured [72].

1.3.2

Nanotopography

Structural components such as collagen [73], fibrin [74] and fibronectin [75]
form hierarchically structured fibers that are radically different from the surface presented by standard 2D hydrogels. However, developments in nanotechnology and micropatterning have allowed for more advanced 2D substrates
with controlled topography and adhesion areas that mimic tissue morphologies [76–78]. When the surface is patterned with nanoridges, cells align parallel to the nanoridges and migrate along them, in a process known as ’contact
guidance’ [76–79]. Furthermore, it was shown that cells can distinguish differences in height of a few nanometers [79–81] and can cling onto adhesion
regions as small as 8 nm [82]. Cells are also sensitive to the distance between adhesion islands, as demonstrated by studies with ordered patterns of
RGD-coated nanoparticles [83, 84]. Furthermore, disorder in the position of
small adhesion islands can optimize cell differentiation [85]. Nanotopography
is therefore a powerful design parameter in tissue engineering, as illustrated
by a recent study showing that a controlled nanotopography enhances bone
formation around tooth implants [86].

1.3.3

Pore Size

In vitro studies of cells embedded inside reconstituted networks composed of
collagen or fibrin have shown that cell spreading and migration is hampered
when the mesh size becomes smaller than the size of the nucleus [67,87,88]. The
critical mesh size where cell migration is affected depends on the ability of the
cells to degrade the matrix with proteolytic enzymes and on the deformability
of the nucleus, which is governed by lamins [89, 90]. The pore size of collagen
and fibrin networks can be controlled by tuning the protein concentration and
polymerization temperature [88, 90–92]. However, these variations also affect
the global and local (fiber) stiffness and network structure. The influence of
pore size on cell behavior can be studied in isolation by using microfabricated
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channels [93], synthetic polymer gels [94, 95] or by crosslinking the bionetwork
with glutaraldehyde at a fixed polymerization condition [96]. These studies
revealed that pore size controls migration speed [93, 94, 96]. Also it controls
stem cell fate by controlling cell shape [95].
The fibrous nature of the ECM limits the availability of binding sites for
cells. There have been several studies using model (synthetic) 3D matrices
where the ligand density was varied independently of the network stiffness
and pore size [94, 97, 98]. These studies suggest an increase in cell spreading
and migration speed with increased ligand density. This is in contrast to 2D
studies, where an optimum in both parameters is observed at intermediate
ligand densities [43, 44]. However, it should be noted that the pore size of the
synthetic 3D gels was in the nm-range, which is outside the physiologically
relevant size regime. The thickness of the fibers in the ECM limits the size of
FAs [99]. However, it was shown that cells can bend and reorient the fibers to
increase the adhesion area.
We finally note that the ECM pore size can also affect cell behavior in tissues by influencing the permeability and hence interstitual flow. Fluid pressure
in tissues was shown to affect cell migration and the distribution of vinculin,
actin and α-actinin [100].

1.3.4

Dimensionality

When considering a cell inside a 3D fibrous ECM, it is unclear what is the
effective dimensionality that the cell perceives. If the cell encounters a single
fiber, the environment is perhaps effectively 1D. Indeed, the cell migration
speed on thin micropatterned lines of ligands on a 2D substrate was shown to
be comparable to the migration speed inside 3D cell-derived matrices, suggesting that the 1D situation is relevant in vivo, at least in certain contexts [101].
However, when the collagen fibers are thick due to bundling, as in dermal tissue, sarcoma cells were shown to behave as if on a 2D environment [102]. Cells
embedded in reconstituted collagen networks, which consist of thinner collagen
fibrils, usually interact with multiple fibers and may therefore sense a more 3D
environment. The cells typically adopt a spherical or spindle-like shape instead
of the flat ’pancake’ shape seen on (rigid) 2D substrates [103,104]. These characteristic cell shapes are recovered when cells are sandwiched between two flat
substrates, suggesting that simultaneous adhesion of the ventral and dorsal
sides of the cell contributes to the 3D phenotype [105].

1.4

Integrins

Integrins are bi-directional signaling receptors. Intracellular proteins bind to
the tail region of integrins, thus causing conformational changes in the head
region that increases the affinity for its extracellular ligands (inside-out signaling). Vice versa, ligand binding triggers conformational changes that activate
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intracellular signaling cascades (outside-in signaling). Ligand binding additionally promotes integrin clustering, which is essential for cell spreading [83].
Integrins recognize specific motifs in the ECM and also respond to physical
ECM properties. In this section, we will briefly review the molecular features
of integrin mechanosensing and compare the role of integrins in 2D and 3D
environments.

1.4.1

Molecular Basis of Integrin Mechanosensing

Single-molecule force spectroscopy measurements using AFM or optical tweezers have shown that mechanical loading can directly influence the lifetime of
integrin-ECM bonds. Some integrins, such as αIIbβ3, exhibit slip-bond behavior characterized by a decreased lifetime with increasing load [106], whereas
others, such as α5β1, exhibit catch-bond behavior characterized by an increased lifetime with increasing load [107, 108]. Catch-bond behavior is a
common response for many adhesion molecules [109]. Theoretical modeling has shown that catch-bond clusters can in principle act as autonomous
mechanosensors [16, 17]. However, the relative importance of this mechanism
compared to that of other putative mechanosensors involved in connecting
integrins to the nucleus and the CSK is unresolved [45].
The spatial distribution of extracellular ligands has been shown to play a
role in stem cell behavior [110], lineage determination [111] and the cellular response to an applied force [112]. Clustering of integrins to form FA complexes
requires a certain minimum ligand density. Various studies based on nanopatterned surfaces showed that the maximum distance between ligands where FA
complexes can still form is about 80 nm [83, 113–116]. Force measurements
performed on single integrin-RGD pairs showed that the force per integrin increases with reduced ligand spacing. This is somewhat counterintuitive, since
one would expect load-sharing to lower the force per integrin. Perhaps the existence of a threshold ligand density to induce integrin clustering and enhance
actomyosin contractility explains this observation [117].

1.4.2

Role of Integrins in 2D versus 3D Environments

Studies of cells on 2D substrates have shown that different integrins binding to
the same ECM protein can lead to different phenotypes. Cells adhering to fibronectin substrates through αvβ3 versus α5β1 integrins, for instance, differ in
traction force generation [29, 118, 119], dynamics [120], actin CSK remodeling
under influence of cyclic strain [119] and adhesion [120, 121]. These integrins
activate different intracellular signaling cascades [118, 122] and interchanging
the ligand binding domains reverses the signaling phenotype [123, 124]. Similarly, expression of αvβ6 integrins in the presence or absence of α5β1 changes
traction force generation [17]. Different splice variants of α6β1 with distinct cytoplasmic domains also give rise to different phenotypes due to the two distinct
cytoplasmic domains [125]. Thus cells can regulate their mechanosensitivity
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by modifying the integrin expression profile.
In 3D environments, integrins are required for the fibrillogenesis of various
ECM proteins [126, 127]. Most research on mechanobiology in 3D matrices
focused on integrins with the β1 subunit, which binds most ECM proteins
including collagen [24]. The β1-integrins, in combinations with alterations in
matrix stiffness, have been shown to promote tumor progression [5, 31, 33].
However, β1-integrins also appear to suppress tumor metastasis in some contexts [128,129]. Inhibition or deletion of the β1-integrins can induce metastasis
via upregulated TGF-β signaling and increased expression of αV integrins has
been implicated in this process [130, 131]. Interestingly, several αV integrins
can bind and activate the latent TGF-β complex, which is an integral component of the ECM. For integrin αVβ6 it has been demonstrated that traction
forces that are transduced from the actin CSK, through integrins, alter the
conformation of the integrin-bound latent TGF-β complex, thereby supporting TGF-β activation [132].
Advances in 3D traction force microscopy [133, 134] in combination with
FRET-based molecular force sensors [135] are necessary tools to elucidate the
mechanisms of integrin-mediated mechanosensing in 3D matrices. Microscopic
characterization of the size, morphology and dynamics of cell-matrix adhesions
within 3D matrices is technically challenging [136, 137]. In reconstituted collagen networks, FAs generally appear to be smaller than on (rigid) 2D substrates [136, 138]. However, in acellular porcine epithelium, which presents
cells with thicker collagen bundles, sarcoma cells were shown to exhibit similar
FA size and dynamics as on 2D substrates [102].

1.5

Signaling Pathways

Integrins recruit more than 150 proteins to the cell-ECM interaction sites,
which are referred to as the adhesome. The adhesome includes FA adapter
proteins, shuttling proteins and kinases that influence gene transcription as
well as the CSK [139]. We provide a brief overview of the main signaling
pathways below.

1.5.1

Mechanosensitive FA Proteins

Prominent examples of mechanosensitive proteins in the adhesome are talin
[13], vinculin [135], and p130Cas [14]. In its unstretched form, talin’s cryptic
sites are hidden and vinculin cannot bind, but actomyosin contraction opens
up talin and recruits vinculin [13]. Using a FRET-based molecular force sensor, the force threshold for vinculin recruitment was shown to be 2.5 pN [135].
Studies of vinculin-knockout cells and vinculin mutants unable to bind p130Cas
have shown that vinculin is necessary for p130Cas activation in response to
changes in substrate rigidity [140]. p130Cas has a central substrate domain
that is intrinsically disordered and can be stretched with AFM or magnetic
26

section 1.5
Chapter 1
tweezers [141,142]. Vinculin likely anchors p130Cas into FAs, to allow stretching of the central substrate domain [14]. Stretching can make tyrosine motifs
accessible to Src kinases for phosphorylation, which are known to influence FA
formation and actin dynamics [143]. In other words, p130Cas transduces cellular traction forces, due to tyrosine phosphorylation motifs that are exposed,
and hereby changes actin dynamics and FA formation further downstream.
Only recently, studies of p130Cas have been extended to substrates with variable stiffness such as PAA gels [140] and PDMS micropillar arrays [15]. A
more extensive review on the functions of talin, vinculin and p130Cas can be
found elsewhere [144].
Paxillin, zyxin and Hic-5, which are among the LIM domain proteins, have
also been identified as being mechanosensitive [145]. Zyxin recruits the proteins
Ena (Enabled) and VASP (Vasodilator-stimulated phosphoprotein) to FAs and
to cell-cell contacts, where they promote F-actin polymerisation [146, 147].
Both zyxin and paxillin contribute to stress fiber repair, a critical process for
maintaining the tensional balance within adherent cells [148]. When actin
stress fibers were severed by laser ablation or damaged by mechanical strain,
zyxin re-located to the newly exposed barbed ends of actin filaments at the
damaged sites [149]. Interestingly, LIM proteins exhibit divergent responses to
a mechanical strain. While Hic-5 and zyxin localize to stress fibers when cells
cultured on 2D substrates are exposed to cyclic stretch, paxillin does not [145].
Even though cells in 3D matrices do not show similar stress fibers as on 2D
substrates, zyxin and paxillin do localize at the end of protrusions that are
reminiscent of FAs in cells migrating through a network of polycaprolactone
fibers [99] and paxillin plays a critical role in 2D and 3D cell migration [150].

1.5.2

Rho GTPases

Following kinase-mediated phosphorylation, for example of p130Cas, many
FA proteins promote Rho GTPase activity. Three members of the Rho family
of small GTPases are of particular interest in the context of mechanosensing: RhoA, Rac and Cdc42. Rac and Cdc42 are primarily linked to actin
polymerization at the leading edge in lamellipodia (and filopodia in the case
of Cdc42). RhoA is mainly associated with the activation of actomyosin contractility, together with ROCK (Rho-associated, coiled-coil containing kinase).
Rho GTPases are regulated via GEFs (guanine exchange factors) and GAPs
(GTPase activating proteins) [151]. While Rho GTPases are usually considered in relation to actin, there is growing evidence that they are also coupled
to IFs [152] and MTs [153].
Most studies of Rho GTPase activity have been performed using 2D cell
cultures, but there are some studies in the context of 3D migration of tumor
cells in collagen matrices. Rho-mediated actomyosin contractility was shown
to be necessary for mammary cancer cells to orient collagen matrix perpendicular to the tumor boundary. These fibers then promote cell invasion by
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contact guidance [154]. Interestingly, if the collagen matrix was artificially
pre-aligned, the Rho/ROCK/MLC pathway became dispensable for invasion.
ROCK also contributes to stem cell differentiation: expressing a constitutively
active form of ROCK in hMSCs cultured in a 3D hydrogel was shown to induce a switch from adipogenesis (soft tissue fate) to osteogenesis (stiff tissue
fate) [134], whereas ROCK inhibition with Y-27632 reduced osteogenesis.
RhoA and Rac are targeted to the plasma membrane in a mechanoresponsive manner, as demonstrated by cyclic stretch experiments with aortic smooth
muscle cells on a PDMS membrane [155]. Interestingly, targeting was also
microtubule-dependent. Similar stretching experiments performed on monolayers of endothelial cells that mimic the lung epithelium identified Rho GTPases as key regulators of tissue homeostasis [156], which is crucial in the lung
endothelium that constantly experiences cyclic stretch.

1.5.3

Integrin-mediated Regulation of Gene Transcription

Integrin-mediated mechanosensing feeds into cell fate decisions by activating
various downstream signaling cascades connected to gene expression [139]. One
of the most widely studied pathways involves the mitogen-activated protein
kinase (MAPK) family. The MAPK pathway is an evolutionarily conserved
signaling mode that controls cell proliferation, survival and differentiation. It
involves three protein families: the extracellular signal-regulated kinase (ERK)
family, the p38 kinase family and the c-Jun N-terminal kinase (JNK) family.
Activation of receptor tyrosine kinases (RTK) causes activation of ERK, which
can subsequently phosphorylate nuclear substrates that in turn enhance or
suppress gene transcription. The MAPK family has been established as a key
regulator of the mechanoresponse of osteoblasts and osteoprogenitor cells [157].
Cyclic stretch or shear flows can cause activation of members of the MAPK
family, which enhances osteoblast proliferation and differentiation [158]. Similar effects are seen for vascular smooth muscle cells and endothelial cells [156].
However, it is still an open question how these observations, mostly made for
cells on rigid substrates, translate to more physiologically relevant environments, especially given that MAPK signaling is known to be dependent on
substrate stiffness [157]. Vinculin stretching was recently shown to initiate
stiffness-sensitive mitogen-activated protein kinase 1 (MAPK1) signaling in
hMSCs, causing differentiation to a muscle phenotype [159].
A second network that links integrin-mediated mechanosensing to gene
transcription, is the Hippo network, which functions as a tumor-suppressor
pathway in vertebrates [160, 161]. Its central components are the transcriptional co-activators YAP1 (Yes-Activated Protein) and TAZ (transcriptional
co-activator with PDZ-binding motif). YAP/TAZ binds to transcription factor
partners, driving a transcriptional program that specifies cell growth, prolifer28
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ation and cell fate decisions. In cells cultured on 2D hydrogels or micropillar
substrates, YAP increasingly relocates from the cytoplasm to the nucleus when
the substrate stiffness is increased [162,163]. Cell stretching can likewise cause
YAP relocation to the nucleus [164,165]. It has been suggested that YAP/TAZ
respond to substrate stiffness by sensing contractile actin networks, since YAP
activation is dependent on myosin contractility and is therefore enhanced on
stiffer substrates [166]. In addition, the actin-binding proteins Diaphanous and
Cofilin [162,164] and the Rho GTPases Rac and Cdc42 have been implicated in
YAP/TAZ activation [167,168]. YAP/TAZ activation on a rigid substrate promotes osteogenic differentiation of mesenchymal stem cells, whereas silencing
YAP/TAZ favors the adipocyte fate regardless of substrate stiffness [162].
A third family of co-activators of gene transcription is provided by myocardin and the related transcription factors MRTF-A and MRTF-B, which
mediate transcriptional regulation of the Serum Response Factor (SRF) [169].
The rigidity-dependent signaling through MRTF-A involves direct binding of
MRTFA-A to the actin CSK. By binding and sequestering actin monomers,
MRTFA-A prevents actin polymerization [170]. Mechanical stress exerted by
actomyosin contractility (on rigid substrates) or exerted externally promotes
actin polymerization and thus releases MRTF-A, which is then able to move
into the nucleus and activate SRF. For fibroblasts, pulling on β1 integrins using
collagen-coated beads held in magnetic tweezers causes nuclear translocation
of MRTF-A, resulting in transcriptional activation of smooth muscle actin and
differentiation to myofibroblasts [171].

1.6

The Cytoskeleton (CSK)

In this section we will summarize recent findings reporting the contributions
of actin, MTs and IFs to cellular mechanosensing. Although the emphasis
has mostly been on the role of the actin CSK, which is responsible for traction
force generation [19], there is growing evidence that crosstalk between all three
cytoskeletal systems is important [172–174].

1.6.1

Actin

Cells in 2D culture typically show stress fibers, which are contractile bundles
of actin and myosin II [19]. There are several different classes of stress fibers
[18, 19]. Ventral stress fibers usually span almost the entire cell length and
are anchored at both ends to FAs. Dorsal stress fibers are shorter and only
connected to a FA at one end. Transverse arcs are present in the leading edge
during cell migration and are not associated with FAs. The newly discovered
actin-cap stress fibers span over, and are anchored to, the cell nucleus (see Fig.
1.2). The degree of actin crosslinking and bundling increases with increasing
substrate stiffness. For fibroblasts, this allows cells to adapt their stiffness to
that of the substrate [175].
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Figure 1.2: Schematic of a cell on top of a (stiff ) two dimensional substrate. Focal adhesions (FAs, pink) tend to be larger than for cells inside
fibrous 3D networks. Actin forms different sets of stress fibers, as indicated. FAs are connected to actin stress fibers, and some can also connect
to microtubules (MT) and intermediate filaments (IFs). Newly formed Fas
(nascent adhesions, NAs) are not connected to stress fibers. The NAs can
mature into larger FAs upon actomyosin contraction. The cell nucleus is
depicted in blue and the cell membrane in gray.

Actomyosin contractility helps to mature nascent FAs into larger and mature FAs [176] and reinforces actin anchoring via talin and vinculin [177]. In
motile cells, nascent adhesions form in the lamellipodium without myosin II
activity. However, without actin-myosin contractility, these adhesions will not
mature and will instead turn over rapidly [176]. Actin polymerization is crucial for the formation of nascent adhesions. The traction force generated by
nascent adhesions is set by the speed of actin retrograde flow. However, in FAs
that are anchored to stress fibers this correlation no longer holds [176].
In reconstituted 3D ECM networks, stress fibers tend to be fewer and thinner compared to 2D, and localized near the cell membrane [104]. However,
similar to cells in 2D, the formation of stress fibers is dependent on matrix
stiffness [178]. For stem cells, stiffer matrices result in a higher actin concentration near the cell cortex [103]. In 3D collagen gels under dynamic compression,
actin protrusions are correlated to matrix remodeling [179].

1.6.2

Microtubules (MTs)

Despite the well-known roles of MTs in cell polarity and migration [180], their
role in mechanosensation has received relatively little attention.
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On 2D substrates, MTs do not appear to influence the degree of cell spreading [180]. In contrast, MTs are crucial for cell spreading in 3D collagen networks [180]. In the context of 2D cell migration, MTs promote FA turnover,
preventing the FAs to become so large that migration is hampered. The exact
mechanism of this regulation is still poorly understood [181]. MTs may be
required for delivery of a ’relaxing factor’ by kinesin motors [182], or for increased FA turnover via endocytosis [183]. Other studies have shown a paxillindependent pathway in regulating MT depolymerization [150, 184]. Crosslinking of growing MTs to actin stress fibers is required to guide the MTs to FA
sites [185, 186].
MTs also influence FAs by regulating traction forces via crosstalk with
the actomyosin machinery. Both on 2D substrates [187, 188] and inside 3D
collagen gels [189, 190], MT depolymerization causes increased traction forces
and thereby FA maturation [191]. Interestingly, this effect was not seen for
metastatic breast cancer cells [192]. Inside collagen gels, increasing the matrix
stiffness by increasing the collagen concentration triggered MT depolymerization, which enhanced actomyosin contractility by releasing GEF-H1, which
activates RhoA [193]. A difficulty with this assay is that changing the collagen
concentration changes not only the matrix stiffness, but also its pore size and
the ligand density [92, 194]. Recently a different assay was reported, where
endothelial cells were cultured in collagen networks of fixed density, attached
to PAA gels of varying stiffness [195]. In this case, increasing the PAA gel
stiffness did not affect the growth persistence of the MTs.

1.6.3

Intermediate Filaments (IFs)

IFs form a large family of proteins that can be classified into five different
types based on their self-assembly behavior [196]. Here we will focus on vimentin, which is important in mesenchymal cells like fibroblasts [197]. Through
plectins, IFs can interact with actin and MTs [198], as well as with integrins
containing the β3 subunit [199]. Also, vimentin directly links α6 integrins with
the cell nucleus via plectin and nesprin [200], although the function of this is
unclear. In fibroblasts on 2D substrates, the association of vimentin with integrins increases the lifetime of FAs [201,202] and enhances traction forces [203].
FA-binding of vimentin requires an intact MT network [202,203]. Intriguingly,
vimentin knockout mice only show defects under conditions of stress. They, for
instance, exhibit reduced dilation of arteries in response to shear flow [197]. At
the single-cell level, vimentin responds to shear flow [201]. Vimentin knockout
mice also exhibit impaired wound healing, which can be traced back to impaired fibroblast migration [152,204]. This migration defect was recently linked
to reduced actomyosin contractility [152]. Vimentin increases cell stiffness and
can protect the cell against compressive loads [205]. Similarly, in 3D collagen gels, the vimentin and MT network persists after dynamic compression,
while the actin forms local patches to remodel the ECM [179]. Intriguingly,
31

Chapter 1
section 1.7
on 2D substrates, the solubility of vimentin depends on the underlying substrate stiffness [174], which may contribute to stiffness adaption of cells to
their substrate. In 3D matrices, vimentin-deficient fibroblasts have a dendritic
morphology and they make less cell-cell contacts than wild type cells [204].
However, the implications for mechanosensing in 3D are still unknown.

1.7

The History of Traction Forces

Traction forces are the contractile forces that cells exert on the substrate or
ECM to which they adhere [206]. Traction forces enable cells to probe the
stiffness of their environment, in analogy to the way we probe the mechanics
of an object with our hands. In addition, cells can actively remodel the extracellular matrix and influence its mechanical properties by exerting contractile
forces (see Chapters 3 and 7). Experimentally, traction forces have been measured using various techniques. In the remainder of this section, the history of
the development of these techniques is discussed and the technique of ’traction
force microscopy’ is introduced.
Traction forces were first visualized on thin silicone rubber sheets with cells
seeded on top [207, 208]. Wrinkles of the rubber sheet provided a rough estimation of the cell traction forces exerted on the film [209]. Although this technique has been modified to get higher force resolution [209–212] and to include
force directionality [211, 212], the complex fabrication of these sheets limited
their use [208]. Instead, polyacrylamide (PAA) [213] and polydimethoxysilane (PDMS) [214] substrates have surpassed rubber sheets by virtue of the
ease of preparation and their large mechanical range [213]. Furthermore, since
these substrates are optically transparent, it is also easy to combine them
with various imaging techniques [208]. Typically, fluorescent micro-particles
are embedded in the PAA substrate and tracked using digital image analysis procedures [214, 215], typically using a ’null-force image’, where the cell
is removed from the surface or completely relaxed, for reference [214, 215].
This bead tracking analysis is usually done only in two dimensions [215–219],
though recent studies expanded the analysis to three dimensions and identified
significant normal forces [220–222]. This technique is generally referred to as
’(2D) traction force microscopy’ [214].
Other techniques that measure cellular traction forces include micropillar
arrays, atomic force microscopy (AFM), and microneedles. Micropillars, or
nanopillars, are prepared as array of pillars having a high aspect ratio so they
can be bent by the cellular traction forces [223,224]. Depending on the height,
width and anisotropy of the pillars, the apparent stiffness the cell feels can
be tuned [224–227]. Also, the effect of the shape of the adhesive islands can
be studied [226] or cells can be confined to islands of pillars with defined
shapes [227]. For single cell traction force microscopy, an AFM tip is coated
with an ECM ligand such as fibronectin, which promotes cell binding [228,229].
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By actively changing the degree of bending of the AFM tip or the distance
between tip and the surface, the apparent substrate stiffness can even be varied
in time. With these techniques, traction forces can be accurately measured in
time as the cell spreads on the surface [228–231], and has also been referred
to as an ’AFM stiffness clamp’, since the amount of bending of the AFM tip
is related to stiffness. By actively changing the amount of bending or distance
between the surface and the AFM tip, the apparent stiffness can be varied
in time. A nice extension of the technique is to coat the AFM tip with a
specific ligand that targets a subset of integrins [232, 233]. An alternative
application of the AFM assay is to bind a cell to the AFM tip and measure its
binding affinity to the surface [234] (termed ’Single-Cell Force Spectroscopy’).
However, the throughput of these single-cell methods is understandably low
and these techniques are experimentally challenging. Microneedles were used
in some studies to measure the contractility of single cells, using the bending
of the calibrated needles as a readout of the force [235]. A similar technique
has also been exploited in a more three dimensional setting [236, 237], where
a 3D square lattice of flexible collagen-GAG beams was used. The bending
of this lattice by the adhered cells was taken as a measure of traction forces
in a more physiological system. However, the pore size and beam dimensions
were rather large compared to the cell size, so the cell effectively experiences
a quasi 2D, or even 1D, environment.
In most tissues, the micro-environment of the cell is more three dimensional, with a much smaller pore size than seen in these in vitro experiments.
Therefore, efforts have been made to move 3D traction force microscopy towards more physiological model systems.
One solution is to look at the collective effect of many cells on the macroscopic structure and mechanics of 3D gels. For instance, in 3D contraction
assays, cells are often seeded in a three dimensional mesh work of ECM material [238–242]. This technique was pioneered for collagen by Bell in 1979 [238],
where fibroblasts were seeded in collagen gels. The fibroblasts compacted the
free-floating collagen gels by exerting traction forces. Though straightforward,
this technique is not considered to be very quantitative, since it provides an
averaged readout over a large population of cells. Also, other effects, like matrix degradation or remodeling, can affect the measurement. However, it is a
straightforward method to perform a quantitative comparison between different cell types [243], to screen effects of drugs, or test the role of specific signaling
pathways [244, 245]. Recently there have been efforts to establish more quantitative 3D traction force measurements by tracking beads in 3D gels [246].
Using similar methods as in 2D traction force microscopy for analyzing bead
displacements [242,246], or by tracking the fibers themselves [247,248], one can
obtain the strain field in 3D. To estimate the stresses exerted by the cells, one
then needs to make assumptions about the material properties of the ECM.
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Until now, the matrix is generally been assumed to behave as an elastic continuum exhibiting a linear response [247, 249, 250]. However, for extracellular
matrix materials, these assumptions are not expected to hold. Reconstituted
networks of collagen and fibrin have been shown to significantly strain-stiffen
under mechanical loading [66, 251–253]. Moreover, microrheology studies have
revealed clear deviations from an affine response for collagen networks [254],
consistent with theoretical predictions for fibrous networks [255]. Finally, there
is also evidence that collagen networks exhibit inelastic behavior, especially
when loaded at the slow rates relevant for cells [72]. Thus, for quantitative
traction force measurements, more detailed and accurate mechanical models of
the ECM material of interest should be used that include nonlinear elasticity,
nonaffinity, and dissipative effects [249, 256].
One way to overcome this limitation is to use a synthetic material instead of
the natural ECM materials, which can be safely considered as a homogeneous
elastic solid. This approach was demonstrated with PEG hydrogels coated with
the peptide CGRGDS [257,258]. Another way to overcome this limitation is to
measure traction forces directly by inserting calibrated micro-needles into the
gels, a method that was used in collagen gels to estimate forces exerted during
cell migration [259]. This approach circumvents the need for a micromechanical model of the collagen network, but limits the number of force reporters
to one. One group solved the problem of measuring traction forces for cells in
collagen by placing the collagen gel on top of a PAA gel seeded with fiducial
markers [260]. A different route altogether is to measure traction forces on the
molecular scale and inside the cell, by the use of engineered downstream focal
adhesion proteins involved in traction force generation [135]. This approach
was first demonstrated for the protein vinculin [135], which links talin to the
actin cytoskeleton [261]. Here, a tension sensor was inserted into the vinculin
protein, using two tagged reported proteins. When these tags are close together, they undergo fluorescence resonance energy transfer (FRET), while if
they are far apart (i.e. when there is tension on the engineered vinculin protein) this FRET signal goes down. In other words, the FRET efficiency gives
a measure of the traction force exerted by the cell if calibrated against single
molecule force spectroscopy measurements. Recently, traction forces on single
integrins were reported using this same technique [262].

1.8

Moving Forward from 2D to 3D

During the past few decades we have learned a lot about the molecular and
physical principles of cellular mechanosensitivity from 2D cell culture studies. There is overwhelming evidence that cell fate critically depends on the
stiffness of the substrate, which is therefore an important design parameter
in tissue engineering. First studies of cells in reconstituted 3D collagen and
fibrin matrices indicate that many results carry over from the 2D to the 3D
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context. However, the ECM pore size, nanotopography, and the thickness
and mechanical properties of the constituent fibers influence cell behavior in
complex ways. A key challenge for future research is to design physiologically
relevant assays that can unravel these effects. Another key question is what
are the mechanisms by which viscous and nonlinear mechanical properties of
the matrix influence cell behavior. On the molecular side, it will be interesting
to understand the influence of integrin composition. By changing the fractions
of catch- and slip-bond integrins, cells may modulate their sensitivity to forces
and matrix mechanics. Finally, there is growing evidence that the actin CSK,
which is generally considered to be the main player for mechanosensing, is
coordinated with MTs and IFs. Comparatively little is currently known about
the roles of the latter two cytoskeletal filament systems in mechanosensing,
especially in a 3D context.

1.8.1

3D Model Systems: Fibrin and Collagen Networks

One way to create a 3D environment is to use reconstituted ECM networks.
Prominent candidates are collagen and fibrin, which are both of interest in the
tissue engineering field as well [263–266]. Fibrin, for instance, is already used
during surgery [267], collagen has been proposed as a promising candidate for
replacing cartilage [268], and both fibrin and collagen are used in burn wound
dressings [269]. Also, fibrin and collagen are already used in vitro for studying
cell biology in a tissue-mimetic, 3D environment [90, 104, 270].
Reconstituted collagen and fibrin both form a 3D fibrous network, as shown
in Fig 1.3A and B. From confocal microscopy, these networks do not look
strikingly different: both proteins form a homogeneous space-spanning network
with similar pore size and fiber thickness [271]. Interestingly, their mechanics
are very different, though, as shown in Fig. 1.3C. At low shear strains, both
networks show a linear regime where their stiffness does not change with strain.
At increasing strain levels, the stiffness increases with strain (termed ’strainstiffening’), but not in the same manner. For collagen, the stiffness increases
almost asymptotically, until the sample breaks at a few tens of percent strain
[272]. For fibrin, the increase in stiffness follows a more complicated path,
where a second plateau is seen at intermediate strain levels, followed by a new
stiffening regime before eventual network rupture [66]. Interestingly, the strain
level at which fibrin breaks is on the order of a few hundred percent, compared
to only a 40−50% for collagen gels. This illustrates the extreme extensibility
of fibrin, which is indeed known to be one of the most extensible biological
protein polymers [273].
Both collagen and fibrin networks can strain-stiffen by more than one order of magnitude (Fig. 1.3C). The strain-stiffening behavior in itself is by now
well-known [39], having been observed for actin [274,275], vimentin [37,38,276],
desmin [38] and neurofilaments [276]. This nonlinear response contrasts with
the rather linear response of most synthetic polymer gels like PAA over a large
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Figure 1.3: Collagen (A) and fibrin (B) both form a 3D fibrous network
using physiologically relevant in vitro polymerization conditions (4 mg/ml
for both images). (C) The mechanical properties of these two networks
are, however, strikingly different (gray squares represent collagen, red
circles fibrin). In (C) the differential elastic modulus K 0 is plotted for
a 4 mg/ml collagen and an 8 mg/ml fibrin gel respectively. K 0 provides
a quantitative measure of the stiffness of a gel in the nonlinear elastic
regime. Both samples were polymerized at 37◦ C. The scale bar denotes
20 µm for both images.

range of strains [39]. There are two main classes of theoretical models to explain the extraordinary strain-stiffening of biopolymer networks [35, 277, 278].
The first class of models describes the fibers as semiflexible polymers, which
exhibit thermal bending undulations. When a network of such filaments is
strained, the thermal fluctuations are pulled out, giving rise to an entropic
resistance [39, 66, 276]. The strain for the onset of stiffening is related to
the excess length of the polymers between adjacent crosslinks that is stored
in thermal fluctuations, and is therefore a function of the crosslink distance
and the polymer persistence length. The second class of models describes the
fibers instead as athermal, rigid rods. In this case, straining a network of
fibers is mainly expected to cause fiber bending, because the fibers will be
softer to bending than to stretching. However, as the shear strain is raised,
the fibers will align along the shear direction and the network will stiffen as a
consequence of a transition from bending-dominated to stretching-dominated
elasticity [277, 279, 280]. Notably, the origin of strain-stiffening might not be
the same for all biopolymer networks, due to the diversity in the hierarchical
structure, crosslinking and network connectivity. The athermal limit is expected to apply when the fibers are thick and the persistence length is large.
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Figure 1.4: The molecular packing structure of fibrin fibers (A) and collagen fibers (B). Fibrin fibers are built out of protofibrils (red), which twist
around each other to form a bundle. Protofibrils in turn are built out
of fibrin monomers (black), which polymerize in a half-staggering manner that can be seen with, for instance, electron microscopy (top image
in A). Collagen fibers are built up from semiflexible collagen monomers
(green cylinders), which in turn are built up of three identical polypeptide
chains (purple). The monomers polymerize in a quarter-staggered way,
thus establishing an overlap and gap region with neighboring monomers
and a 67 nm axial spacing that can be seen, for instance, with atomic
force microscopy (bottom image in B).

From their dimensions (radius ∼100 nm) and their Young’s modulus (E ∼ 50
MPa [251,281–288]), fibrin and collagen fibers are both expected to fall in this
limit.
From this standard polymer physics perspective, it is therefore not obvious
why the mechanics of these two types of biopolymer networks are so very
different. However, the polymer models that we described are coarse-grained
and ignore the internal structure of the polymers. Both collagen and fibrin
fibers have a hierarchical molecular packing structure that arises from specific
self-assembly encoded in the interactions of the protein building blocks.
Fibrin fibers are built up of protofibrils of two monomers thick, which are
organized in a half-staggered arrangement as shown in Fig 1.4A. This halfstaggered arrangement gives rise to an 22.5 nm axial repeat, that can be seen
with AFM or electron microscopy (see top image panel (A)) [289, 290]. Protofibrils twist around each other to form thicker fibrin bundles [291]. The
number of protofibrils in a bundle can be varied by changing pH [292, 293],
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salt conditions [293, 294] and the concentration of thrombin (an enzyme that
activates fibrin polymerization) [293, 294]. Fibrin fibers have been reported
to have a high water content of about ∼80% [295, 296], resulting in a rather
low protein density of about 0.2 g/cm3 [66, 296, 297]. The typical lateral spacing between adjacent protofibrils according to X-ray scattering experiments is
∼19 nm [74, 298]. The fibrin monomers also contain domains that can unfold
when subject to elongation [273, 299], which has been linked to the extreme
extensibility of fibrin fibers.
Collagen fibrils are built up from semiflexible collagen monomers that are
300 nm long and 1.5 nm thick [300,301], as shown in Fig. 1.4B. The monomers
are arranged in a quarter-staggered way, where they have an overlap and gap
region with neighboring monomers, causing a typical 67 nm spacing termed
the "D-period". This D-period can be distinguished in AFM or electron
microscopy (see bottom image panel B) [302–304]. One collagen monomer
spans 4.6 D-periods. Collagen monomers, as opposed to fibrin monomers,
do not contain any readily unfoldable domains. The number of monomers
per collagen bundle can be tuned by polymerization conditions such as temperature [90, 305, 306] or the solution pH [307–310]. Under typical assembly
conditions, the number of monomers per bundle is on the order of a thousand [251,302], which is much higher than for fibrin bundles (∼hunderd), even
though both protein fibers have a similar diameter (∼100 nm). The typical
lateral spacing between adjacent collagen molecules is ∼4 nm [311], which is
much less than the typical spacing between fibrin protofibrils. Thus, collagen
fibrils are more tightly packed and are thus likely stiffer than fibrin fibers.
Moreover, the difference in extensibility of fibrin and collagen may potentially
be connected to the different mechanics of the molecular building blocks.

1.9

Focus of This Thesis

In this Chapter, we have discussed the importance of the ECM for mechanosensitive functions of cells. The ECM provides cells with mechanical support,
structural cues, and dimensional information.
The scope of this thesis is to elucidate the physical origin of the mechanical properties of ECM networks and to relate this information to cellular
mechanosensing. Various studies have shown the importance of mechanics in
guiding cell behavior using simplified synthetic 2D gel substrates. However,
little effort has been made until now to relate the extraordinary mechanical
properties of ECM networks to mechanosensing.
In Chapter 2, we study the mechanical origin of the mechanics of hierarchically structured ECM networks, using fibrin as a model system. In fibrin
biopolymers, whose nonlinear elastic properties are crucial for normal blood
clotting, protofibrils self-assemble and bundle to form networks of semiflexible
fibers. We show that the extraordinary strain-stiffening response of fibrin net38
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works is a direct reflection of the hierarchical architecture of the fibrin fibers.
We measure the rheology of networks of unbundled protofibrils and find excellent agreement with an affine model of extensible wormlike polymers. By
direct comparison with these data, we show that physiological fibrin networks
composed of thick fibers (∼80 protofibrils each) can be modeled as networks
of tight protofibril bundles. We demonstrate that the tightness of coupling
between protofibrils in the fibers can be tuned by the degree of enzymatic
intermolecular crosslinking by the coagulation Factor XIII. Furthermore, at
high stress, the protofibrils contribute independently to the network elasticity,
which may reflect a decoupling of the tight bundle structure. We conclude that
the shear-induced stiffening of fibrin networks is determined by the number of
protofibrils in each fiber, and how tightly coupled they are.
In Chapter 3, we study the effect of cellular traction forces on the mechanical properties of fibrin gels. It has previously been suggested that cellular
traction can cause network stiffening by exerting stresses that drive the network into the strain-stiffening regime. We show that the low strain modulus of
fibrin gels seeded with cells indeed increases proportionally to cell density as
long as the fibrin concentration is 2 mg/ml or less, while the strain-stiffening
response remains unaltered under the addition of cells. Control measurements
with the myosin inhibitor blebbistatin confirm that cellular contractility is the
origin of gel stiffening. When cells are embedded in dense fibrin gels with
concentrations above 2 mg/ml, the gel stiffness is unaffected, likely because
the cells are prevented from spreading by being confined in the network pores.
Cell-driven gel stiffening provides a convenient global measure of cellular traction force generation. Cell-induced stiffening has important implications for
cellular mechanosensing, providing positive feedback for adhesion maturation
and traction force generation.
In Chapter 4, we study the microscopic basis of the extreme extensibility
of fibrin networks by performing in situ measurements of the molecular structure of fibrin in stretched gels using Small Angle X-ray Scattering (SAXS). In
Chapter 2 we show that the elastic properties of fibrin can be described by an
affine thermal bundle model, but this model fails to explain the extensibility
and the stiffening response of fibrin at high strain levels. To elucidate the
origin of fibrin mechanics at high strains, we conduct SAXS measurements on
fibrin gels subjected to uniaxial tension. To interpret the SAXS spectra in
terms of the molecular packing structure of fibrin, we compare the data with
full atom simulations of protofibril stretching performed by Artem Zhmurov
(Moscow Institute of Physics and Technology) and Valeri Barsegov (University of Massachusetts Lowell). First, we study fibrin gels with varying bundle
size at zero strain, to elucidate the structural origin of scattering. We show
that the SAXS spectra of fibrin networks are sensitive to the bundle size of
the fibers. The half-staggered axial packing structure of fibrin fibers gives rise
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to a series of sharp Bragg peaks, but only when the bundle size Np is larger
than 40. Strikingly, the second order reflection of the axial packing order is
suppressed, which we can explain based on the symmetric structure of the
fibrin monomers. The SAXS measurements furthermore reveal a partially ordered lateral packing arrangement of protofibrils within the fibers. Next, we
show that forced unfolding of the γ-nodules of fibrin monomers contributes to
in the extreme extensibility of fibrin networks. We show experimentally that
unfolding starts at relatively low strain levels of 30%, consistent with the full
atom simulations. Altogether, we now have a molecular understanding of the
extensibility of fibrin gels.
In Chapter 5, we investigate fibrin mechanics on the micron scale using one particle optical tweezer microrheology. We developed a custom made
optical tweezer setup, which we validated using viscous fluids of different viscosities and PAA gels. For fibrin gels, we tested two different bead types: one
that sticks to the network and one that is made inert with covalently coupled
Pluronic. We show that the inert beads can accurately report the macroscopic
stiffness when taking into account a depletion layer of about ∼3 µm, while the
sticky beads overestimate both the elastic and the viscous moduli. We studied
the high frequency dependence of the linear mechanical properties, and find
evidence of a power law frequency dependence with an exponent of 3/4. This
exponent is theoretically expected for semi-flexible polymers and confirms the
validity of the entropic network model presented in Chapter 2. We estimate
the persistence length of single protofibrils to be ∼203 nm, which is in excellent
agreement with previously reported values.
In Chapter 6, we switch to another ECM network often used for studying
cells in a 3D environment, namely collagen type I. We measure the rheological properties of reconstituted collagen networks as a function of network
architecture (tuned by varying the collagen concentration and polymerization
temperature) and compare these measurements with a computational model
of athermal fibrous networks developed by the group of Fred MacKintosh (VU,
Amsterdam). We show that the elastic properties of collagen networks are in
close agreement with multiple predictions of the model. First, we show, for the
first time, that collagen gels exhibit signatures of critical behavior, which arises
because of the submarginal connectivity of these gels. Second, we can predict
the entire strain-stiffening response of collagen gels by taking into account a
subtle change in network architecture with changing collagen concentration.
Third, we show that strain-stiffening of collagen networks is governed by a
shear-induced development of a negative normal stress. These results provide
quantitative insight in the effect of architecture on collagen network mechanics,
and provide design parameters for generating collagen systems with particular
mechanical properties.
In Chapter 7, we embed fibroblasts inside the collagen type I networks
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with the aim to test whether the cells can influence the structure and mechanical properties of the networks. First, we summarize earlier reports on cellseeded collagen gel mechanics. With the addition of cells, we do not see any
change in the rheological properties of the collagen networks, in contrast with
the significant cell-driven stiffening of fibrin gels we demonstrate in Chapter 3.
We rationalize these findings in terms of the minimal degree of cell spreading
within the collagen gels. The rest of the Chapter is dedicated to a discussion
of possible origins for this lack of cell spreading.
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2.

Hierarchical Strain-Stiffening
of Semiflexible Wormlike
Bundles: Fibrin as Model
System

Bundles of polymer filaments are responsible for the rich and unique mechanical behaviors of many biomaterials, including cells and the extracellular
matrix. In fibrin biopolymers, whose nonlinear elastic properties are crucial for
normal blood clotting, protofibrils self-assemble and bundle to form networks
of semiflexible fibers. Here we show that the extraordinary strain-stiffening response of fibrin networks is a direct reflection of the hierarchical architecture of
the fibrin fibers. We measure the rheology of networks of unbundled protofibrils
and find excellent agreement with an affine model of extensible wormlike polymers. By direct comparison with these data, we show that physiological fibrin
networks composed of thick fibers can be modeled as networks of tight protofibril
bundles. We demonstrate that the tightness of coupling between protofibrils in
the fibers can be tuned by the degree of enzymatic intermolecular crosslinking
by the coagulation Factor XIII. Furthermore, at high stress, the protofibrils
contribute independently to the network elasticity, which suggests a decoupling
of the tight bundle structure. The hierarchical architecture of fibrin fibers can
thus account for the nonlinearity and enormous elastic resilience characteristic
of blood clots.
Izabela K. Piechocka, Karin A. Jansen, Chase P. Broedersz, Nicholas A. Kurniawan, Fred C. MacKintosh, Gijsje H. Koenderink

45

Chapter 2

2.1

section 2.1

Introduction

Polymer bundles are found everywhere in nature. Inside cells, the cytoskeletal
filaments are bundles of actin filaments, microtubules or intermediate filaments [35, 172]. Actin and intermediate filaments can be classified as semiflexible polymers, meaning that their thermal persistence length is comparable to
their contour length [35, 278], while microtubules are often considered as rigid
rods [312]. A large number of accessory proteins such as molecular motors
and crosslinkers organize these polymers into higher-order structures that are
tailored for specific tasks, including bundles that act as reinforcing or forcegenerating elements [313–315]. Polymer bundles also form the main structural
element of the extracellular matrix in tissues. However, contrary to cytoskeletal proteins, extracellular matrix proteins spontaneously form bundled fibers
without the need for accessory cross-linker proteins. Collagen I for instance
self-assembles into rope-like, axially ordered bundles that endow tissues with
a large tensile strength [316], while the plasma protein fibrin forms axially
ordered bundles that reinforce blood clots [66].
Semiflexible polymer bundles have recently started to raise a lot of theoretical attention because their hierarchical structure endows them with unique mechanical properties. Biopolymers tend to be chiral and if they form bundles, the
molecular packing geometry is governed by an energetic tradeoff between filament twisting and interfibril adhesion [317–319]. The bending stiffness of these
bundles is highly tuneable, being sensitive to the intrinsic properties of the constituent polymers, the degree of bundling, and the strength of coupling among
the polymers [320]. These bundle properties have begun to be exploited in
materials science, as exemplified by fibers made of carbon nanotubes [321,322]
and responsive gels from designer supramolecular polymers [323, 324].
Several theoretical models have been developed specifically to address the
molecular basis of the structure and elasticity of bundled semiflexible polymers, taking actin bundles as model system where filaments are bridged by
crosslinking proteins [325–328]. By contrast, much less is known about the
molecular mechanisms governing the mechanical properties of fibrin and collagen bundles. They have a more complex molecular packing structure than
actin bundles, since no aid of cross-linking proteins are needed to form bundles. Moreover, fibrin and collagen tend to be much larger in size compared
to actin bundles, involving hundreds or even thousands of subunits [295, 302]
instead of tens of subunits [313] per cross-section.
In this chapter, we focus on the mechanical properties of fibrin bundles.
The soluble precursor of fibrin networks is the protein fibrinogen, which circulates in plasma at a concentration of 2−3 mg/ml [294]. Fibrinogen is an
S-shaped hexamer comprised of two sets of three polypeptide chains, referred
to as Aα, Bβ and γ [329]. The carboxy-terminal portion of each Aα-chain
forms a compact αC-domain that is connected by a long and flexible chain
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(the unstructured αC-connector region) to the central region of the fibrinogen
molecule. Polymerization is initiated by the enzyme thrombin, which cleaves
two protective fibrinopeptides (FpA and FpB) from the central E-domain, thus
exposing so-called A- and B-knobs. The activated monomers spontaneously
assemble into polymer bundles by a two-step process. In the first step, cleavage
of FpA initiates the formation of half staggered, double-stranded protofibrils
with a width of about 10 nm [294]. This is encoded in non-covalent interactions of the A- and B-knobs with complementary a- and b-holes on the ends
(distal D-domains) of adjacent fibrin molecules. In the second step, cleavage
of FpB releases the αC regions and thereby promotes lateral association of
the protofibrils into fibers that are usually comprised of tens to hundreds of
protofibrils [330]. This lateral association is promoted through interactions of
the long and flexible αC-regions that project out from the surface of adjacent
protofibrils [294, 331]. Factor XIII catalyzes the formation of between the α
and γ polypeptide chains of the fibrinogen molecules, hereby inducing a closer
packing of the protofibrils in the fibrin fiber [332].
Biophysical measurements using AFM have revealed that fibrin fibers have
highly nonlinear elastic properties. They are characterized by a low linear
elastic modulus and large breakage strains of >200% [283,333,334]. The fibers
also show viscoelastic behavior and stiffen when strained [283, 334]. These
nonlinear properties gives the rich mechanical response upon deformation [39,
66] and enables fibrin networks to withstand shear stresses from flowing blood
and traction forces from cells in vivo. The mechanical properties of fibrin is
very important in vivo, since increased or decreased in stiffness of fibrin blood
clots increases the risk on thrombosis [330].
Previous attempts to explain the unique nonlinear mechanics of fibrin fibers
have largely focused on deformation mechanisms at the molecular scale. Two
main types of mechanisms for fibrin’s elastomeric and strain-stiffening properties have been offered. The first mechanism assigns fibrin extensibility to
the folded domains within the fibrin molecule, which can lengthen about 5
times by forced unfolding [335]. The main evidence for this mechanism comes
from single-molecule simulations [299, 335] and AFM measurements [299]. It
is still unclear how monomer unfolding will be affected when the molecules are
packed into a thick fiber. IR-vibrational spectroscopy measurements on whole
fibrin networks under a compressive load showed that at high strains of 100%,
changes start to occur in the secondary structure content [336]. The measurements revealed a gradual conversion of alpha-helical to beta-sheet structure.
This observation suggests that forced unfolding does take place and, moreover,
that the fibers stiffen due to refolding into rigid beta-sheet structures. The second mechanism that has been proposed to explain fibrin elastomeric behavior
assigns the fiber extensibility to the disordered αC-regions [282], which form
lateral connections between protofibrils [294]. Given that these domains are
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more flexible than the folded domains of the fibrin molecule, it is conceivable
that the fibers behave as an elastomeric composite of rigid and flexible polymer elements. The main evidence for this mechanism comes from an apparent
correlation between fiber extensibility and the length of the αC-region [337].
Unfortunately, the large and hierarchical structure of the fibrin fiber make
it difficult to determine the relative contribution of these different molecular
mechanisms.
Recently, we proposed that fibrin fibers can be modeled as bundles of semiflexible polymers [66]. This view makes it possible to systematically trace the
contribution of each hierarchical level of structure to the mechanical properties of fibrin. However, an experimental difficulty in validating this model is
that, unlike actin bundles, fibrin fibers cannot be taken apart into their constituent protofibrils and linkers, since bundling is an intrinsic property of the
protofibrils. Here we show that the properties of the bundles can nevertheless
be dissected by comparing the mechanical properties of fibrin networks prepared with different levels of bundling. To modulate the degree of bundling,
we exploit the known sensitivity of fibrin polymerization to salt and pH conditions [292,338,339]. We prepare networks with bundle sizes that range between
2 up to ∼360, varying the bundle size by more than two orders of magnitude.
We demonstrate that the nonlinear rheology of networks close to the protofibril limit is in excellent quantitative agreement with theoretical predictions for
networks of semiflexible polymers, allowing us to extract the thermal persistence length and enthalpic stretch modulus of protofibrils. We next show that
the mechanics of networks of thick fibers can be quantitatively explained by
modeling the fibers as bundles of the semiflexible protofibrils. Furthermore, we
find that the coupling strength between the protofibrils can be tuned by FXIIImediated molecular crosslinking. Our findings validate the bundle model for
fibrin bundles, which gives a powerful framework to integrate the mechanical
properties of fibrin on different scales. Our experimental approach of considering the hierarchical bundle structure is more broadly applicable to other
natural and bio-inspired fibrous materials.

2.2
2.2.1

Materials and Methods
Fibrin Polymerization

To obtain fibrin clots close to the protofibril limit (traditionally referred to
as ’fine clots’ [340]), human fibrinogen (FIB3, Enzyme Research Laboratories,
Swansea, UK) was dialyzed for 2 days at 4 ◦ C against a buffer of ionic strength
0.45 (achieved by 50 mM of TRIS-HCl and 400 mM NaCl) and pH 8.5, as
described previously [292, 338, 339]. The pH was adjusted with NaOH. The
dialyzed fibrinogen was centrifuged for about 20 minutes at 9000 rpm to remove any aggregates. The concentration was determined by measuring the
absorbance at 280 nm with correction for scattering at 320 nm [292]. Fine
48

section 2.2
Chapter 2
fibrin clots were polymerized by adding 0.5 U/ml human thrombin (Enzyme
Research Laboratories) in fine clot buffer (50 mM of TRIS-HCl and 400 mM
NaCl, pH 8.5) in the presence of 3.2 mM CaCl2 at 37 ◦ C.
Data from fine clots were compared to data networks of bundled protofibrils, referred to as ’coarse clots’. FIB3 fibrinogen was diluted in a buffer of
near physiological pH and ionic strength (20 mM HEPES, 150 mM NaCl, 5
mM CaCl2 , pH 7.4). Polymerization was initiated by adding 0.5 U/ml thrombin and incubating the samples at 37 ◦ C. Fibrinogen stock solution contains
the coagulation factor XIII, an enzyme that catalyzes the formation of covalent intermolecular bonds [332, 341]. Consequently, fibrin networks contained
a constant molar ratio of FXIII to fibrinogen at all fibrinogen concentrations
(0.1−8 mg/ml) and they were always fully crosslinked, as shown by sodium
dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) analysis (see
Fig. 2.10 in the supplementary information (SI)). Data for crosslinked coarse
clots were taken from our earlier study [66]. Data for coarse clots with reduced
levels of crosslinking were obtained by adding 1,3-Dimethyl-4,5-diphenyl-2-[(2oxopropyl)thio]imidazolium, trifluorosulfonic acid salt (D004) before thrombin
addition, which is a specific inhibitor of FXIII [342]. D004 was obtained from
Zedira (Darmstadt, Germany) and dissolved in dimethylsulfoxide (DMSO) to
a concentration of 20 mM. We used D004 concentrations between 0 and 200
µM. Since DMSO can affect fibrin assembly [343], we used a fixed DMSO concentration of 1%v/v for all tests, including controls, involving FXIII inhibition.
For thick coarse clots of fibrin fibers with 366 protofibrils, FIB3 fibrinogen
was filtered through a 0.2 µm filter and injected at 2.7 mg/ml into a superdex
200 column, which was equilibrated with fibrin buffer (20 mM HEPES, 150 mM
NaCl, pH 7.4), at room temperature. The flowrate was 0.5 ml/min (pressure
∼0.12 MPa). The fraction corresponding to the second peak, containing fibrinogen monomers [344], was collected. This fraction was concentrated to ∼15
mg/ml, using MacroSep centrifuge tubes (Pall Corporation) at 811 rcf. Tubes
were washed with buffer before use. Concentration was determined in the same
way as for fine clots. The fibrinogen monomer fraction was snap-frozen and
stored at -80◦ C. It was checked that there was still FXIII crosslinking, using
SDS-PAGE analysis (not shown). Both α-polymer and γ-γ-crosslinking were
present.

2.2.2

Rheology

Rheology measurements were performed with a stress-controlled rheometer
(Physica MCR 501; Anton Paar, Graz, Austria). Directly after adding thrombin, the fibrinogen solutions were quickly transferred to the rheometer plate,
which was equiped with a steel cone and plate (20, 30 or 40 mm diameter, 1◦
cone angle). The rheometer was preheated to 37 ◦ C. Solvent evaporation was
prevented by coating the sample edges with mineral oil. The time evolution
of the linear shear modulus, G∗ , was monitored during fibrin polymerization
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by applying a small-amplitude oscillatory strain with amplitude γ = 0.5% and
frequency ω = 3.14 rad/s and measuring the stress response, σ(ω) = G* γ(ω).
The shear modulus is a complex quantity, G∗ = G0 + iG00 , having an in-phase
elastic component, G’, and an out-of-phase viscous component, G”. Networks
of fine clots reached a constant shear modulus (G0 ) after about 1 hour, while
coarse clots took longer (up to 4 hours).
To probe the nonlinear mechanical response, we used a differential measurement protocol, which captures the stress-stiffening response of biopolymer networks more accurately than large amplitude oscillatory shear measurements [345]. Briefly, small amplitude stress oscillations of amplitude δσ =
0.1σ and frequency 0.1 Hz are superimposed on a steady shear stress, σ. The
tangent shear modulus, which is the local tangent of the stress-strain curve,
follows from the oscillatory strain response, K* (σ) = δσ/δγ. In the linear response regime, K’ equals the linear plateau modulus, G0 . The networks were
nearly perfectly elastic and did not exhibit any significant creep until the shear
stress was close to the breakage point. Moreover, the stiffening curves were
repeatable as long as the stress did not exceed the rupture stress. Unless noted
otherwise, the rheology data represent the mean ± standard deviation from at
least three independent experiments.

2.2.3

Imaging

To measure the diameter of the fibers, we performed transmission electron microscopy (TEM) using a Verios electron microscope (FEI Europe B.V, Eindhoven, the Netherlands). About 20 µl of freshly prepared fibrinogen and thrombin was quickly deposited as a thin layer on EM grids (TED PELLA, Van
Loenen Instruments, Zaandam, the Netherlands) and polymerized at 37 ◦ C in
a humid atmosphere. After complete polymerization (1 hour for fine clots, 4
hours for coarse clots), the grids were washed several times with MilliQ and
air-dried. Samples were imaged the same day at 20 kV. Fiber diameters were
measured manually. We counted more than 200 fibers, combining data for
networks polymerized at concentrations between 0.5 and 2 mg/ml.
To visualize the architecture of fibrin networks in their native, hydrated
state, we performed confocal fluorescence microscopy using a Nikon Eclipse Ti
inverted microscope equipped with a 100xoil immersion objective (NA 1.49),
a 488-nm laser (Coherent, Utrecht, The Netherlands) for illumination, and
a photomultiplier tube detector (A1; Nikon, Amsterdam, the Netherlands).
Alexa488 labeled fibrinogen was purchased from Life Technologies (Bleiswijk,
the Netherlands), dissolved in either fine clot buffer or coarse clot buffer (without CaCl2 ) and mixed with unlabeled fibrinogen in a 1:10 molar ratio. Samples
were prepared in sealed glass chambers and polymerized at 37 ◦ C for 1 hour
(fine clots) or 4 hours (coarse clots) before imaging. The images are maximum
intensity projection over stacks of 10 µm thick in z.
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Turbidity

To measure the mass-length ratio, µ, and the number of protofibrils, Np , of
fibrin fibers in their hydrated state, we performed turbidity measurements using a Cary300 UV-Vis spectrophotometer (Agilent Technologies, Amstelveen,
Netherlands). Fibrin gels were polymerized directly in disposable cuvettes
(UV-Cuvette micro, Plastibrand, Germany), which were closed off by caps to
prevent evaporation. To remove any air bubbles, cuvettes with 350 µl fibrinogen solution were degassed in vacuum for ∼8 min, before starting polymerization at 37◦ C by the addition of thrombin.
Once the samples were fully polymerized, the optical density, OD, was
measured as a function of wavelength, λ, between 350 and 900 nm. To extract the fiber dimensions from the turbidity, τ = ODln(10), we analyzed the
data according to a theoretical model proposed by Carr et al [296] and later
extended by Yeromonahos and co-workers [295]. Assuming that the networks
can be modeled as isotropic networks of rigid cylindrical fibers with a large
length-to-diameter ratio, the turbidity τ can be expressed in the form:
τ λ5 = Aµ(λ2 − Ba2 )

(2.1)

Here λ is wavelength in cm, µ is the mass-length ratio in Da/cm and a is
the fiber radius in cm. A and B in eq. 2.1 are constants and are equal to
(88/15)cp π 3 ns (dn/dcp )2 /NA and (184/231) π 2 n2s respectively. Here, NA is
Avogadro’s number, ns is the refractive index of the solvent, dn/dcp is the
specific refractive index increment (dn/dcp = 0.17594 cm3 g 1 for fibrin [296]),
and cp is the protein concentration expressed in g ml−1 . Thus, from eq. 2.1,
τ λ5 is expected to be linear in λ2 with a slope that is proportional to µ and
with a y-intercept that is related to both µ and a. Note that this expression
includes a small correction [346] of the original formulas in ref. [295]. Given
that individual protofibrils have a known mass-length ratio µ0 = 1.44 × 1011
Da cm−1 [347], the number of protofibrils in a fiber, Np , follows from the
turbidity analysis as Np = µ/µ0 . We observed a linear dependence for both
coarse and fine clots between 650 and 800 nm, and thus this range was chosen
to fit the data. Turbidity data represent an average over three independent
measurements per condition. Data for crosslinked coarse clots (i.e. without
D004) were taken from a previous study [66], but re-analysed according to the
model of Yeromonahos et. al. [295], instead of Carr et. al. [296]. Since fine clots
scatter rather weak, we could only obtain reliable results for concentrations
above 2 mg/ml, where the OD ensured reliable read-out and analysis (OD >
0.01).

2.2.5

Crosslinking Analysis by SDS-PAGE

The extent of covalent crosslinking of the γ and α chains of fibrin was analyzed
by reducing SDS-PAGE analysis. Coarse fibrin gels over a range of concen51

Chapter 2
section 2.3
trations (0.5−8 mg/ml), as well as coarse and fine fibrin gels in the presence
of varying amount of D004 (0−200 µM, 1% DMSO final concentration) at a
fixed fibrin concentration of 2 mg/ml, were tested. Fully polymerized fibrin
gels were dissolved by adding SDS-PAGE sample buffer (Sigma Aldrich, Zwijndrecht, the Netherlands) and heating at 95◦ C. Samples were loaded on 8%
polyacrylamide gels (homemade). The final gels were stained with InstantBlue
(Gentaur, Eersel, the Netherlands).

2.3

Theoretical Framework

We have previously shown by optical tweezer microrheology that fibrin fibers
exhibit transverse thermal fluctuations with a frequency spectrum characteristic of semiflexible polymers [66]. This observation implies that the elasticity of
fibrin networks is entropic in origin and can be described by models for semiflexible polymers. These models approximate a polymer by a smooth linear
contour that resists bending with a quantity, κ, called the bending modulus [278]. The rigidity of semiflexible polymers can be quantified by the persistence length lp , which represents the decay length of angular correlations along
the polymer contour. The persistence length is related to the bending modulus
by κ = kB T lp , where kB is Boltzmann’s constant and T is temperature. A
polymer is called semiflexible when lp is comparable to the contour length. Because semiflexible polymers bend in response to thermal forces, their response
to an applied pulling force is entropic in origin. Pulling straightens out the
thermally-induced bends and thereby causes a reduction in the conformational
entropy of the polymer [348].
The elastic modulus of a network of crosslinked semiflexible polymers depends on network connectivity [278]. When the network is well-connected, it
will tend to deform in an affine (i.e. uniform) manner. In this case, all filaments experience the same deformation and they are predominantly stretched,
while bending plays no role. The network elasticity can thus be calculated
analytically from an orientational average over the force-extension response
of each filament [39, 348]. In contrast, when the network connectivity is low,
it may be more energetically favorable for the filaments to bend, rather than
stretch, in response to an applied shear stress, resulting in nonaffine deformations [278]. Since it is much more challenging to analytically predict the
elastic modulus in this case, the nonaffine regime has mostly been explored by
computer simulations. Nonaffinity is always expected to decrease the elastic
modulus compared to the affine limit, since it increases the number of degrees
of freedom in the system.
In this Chapter, we will compare our experimental data to analytical predictions assuming an affine network response. In this case, the plateau elastic
modulus in the linear elastic regime, G0 , can be expressed in terms of the total
fiber length per unit volume, ρ, lp , and a second length scale lc that represents
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the distance between crosslinks [348]:
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G0 = 6ρkB T lp2 /lc3

(2.2)

where ρ is the total fiber length per unit volume. The cross-link distance, lc ,
can be estimated using scaling theories for semiflexible polymers. Crosslinking
is expected to occur either at the scale of the mesh size, ξ = (ρ)−1/2 , or
at the scale of the somewhat larger entanglement length, le , which scales as
(lp )1/5 ρ−2/5 [276, 348].
Once the shear stress exceeds a certain critical value, networks of semiflexible polymers will strain-stiffen as a consequence of the entropic resistance
of the filaments to stretching. This onset shear stress, σ0 , characterizing the
onset of nonlinearity, can be expressed as [348]:
σ0 = ρkB T lp /lc2

(2.3)

In case of inextensible polymers, the entropic model predicts a power-law
stiffening response according to K 0 ∼ σ 3/2 , which fits well for actin and neurofilaments [276, 349]. However, for fibrin networks, we [66] and others [39]
previously observed a more complex stiffening response, with a transition from
entropic stiffening to an enthalpic regime governed by the stretch modulus of
the fibers. For fibers with a stretch modulus κs , the elastic modulus is expected to reach a plateau value that lies between K 0 = 1/15ρκs if the network
is still isotropic, and K 0 = 1/8ρκs , once the shear strain is large enough to
orient half of the filaments along the diagonal [66]. Full expressions for the
stress-dependent modulus can be calculated numerically [39].
When the filaments comprising the network are themselves bundles of semiflexible bundles, the elasticity of the network becomes a function of the degree
of bundling. In case of fibrin, the fibers are bundles of Np protofibrils. We take
’F’ to denote the bundle of protofibrils (i.e. fibers) and ’pf ’ for single protofibrils. Thus ρpf is the length density of protofibrils, and the corresponding
length density of fibers can be expressed as: ρpf = ρF /Np . The persistence
length of a bundled protofibril can be expressed as [320]:
lpF = Npx lppf

(2.4)

where x is a coupling exponent that describes the strength of the linkage
between the protofibrils in a bundle [313] and lppf as the persistence length
of a protofibril. This exponent x can range from 1, corresponding to loose
coupling, to 2, corresponding to tight coupling. Combining eq. 2.2 with eq.
2.4, the plateau modulus and onset of stiffening of a network of bundles can
be written as:
G0 = 6kB T (lppf )7/5 (ρF )11/5 Np7x/5
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Since G0 can be measured using rheology and ρF = ρpf /Np is known, x
can be directly calculated using eq. 2.5.

2.4
2.4.1

Results
Varying Bundle Size

Under physiological conditions, fibrinogen self-assembles into an hierarchical
structure, first forming double-stranded protofibrils, which bundle into thick
fibers. Confocal microscopy of these ’coarse’ fibrin gels show an open network
made up of thick fibers, where the pore size is on the order of several microns
[66] (Fig. 2.1A). TEM images of fibrin networks deposited and dried on EM
grids reveal that the fibers have a diameter in the range of 50−100 nm (Fig.
2.1C and Fig. 2.12A in the SI). Similar results were obtained by SEM of fixed
3D fibrin networks (see Fig. 2.11 in the SI).
The aim of this chapter is to elucidate the contribution of each hierarchical
structural level to the mechanical properties of fibrin. Even though fibrin
fibers cannot be taken apart into their constituent protofibrils and linkers, due
to the fact that bundling is an intrinsic property of the protofibrils, we can
exploit the known sensitivity of fibrin polymerization to salt and pH to vary
the bundle size [292, 338, 339]. We assembled fibrin networks under conditions
where lateral assembly of protofibrils is almost completely inhibited. This socalled fine clot limit is favored in a buffer with high pH (8.5) and high ionic
strength (0.45). Confocal imaging reveals that fine clots indeed form a dense
network with a pore size too small to clearly visualize (Fig. 2.1B). This is
consistent with estimating the pore size using ξ ' 1/(ρ)1/2 [276, 348], which
predicts a mesh size of a few hundreds of nanometers. TEM images show that
indeed the fine clots are made out of very thin fibers (Fig. 2.1D). Similar
results were obtained with SEM (see Fig. 2.11 in the SI). The diameters of the
fine fibers range from 15−30 nm (Fig. 2.12B in the SI). Based on structural
and experimental data, a diameter in the range of 10−20 nm is expected for
single protofibrils [290,338,339,350,351]. This indicates that fine clots contain
single protofibrils as well as bundles of 2 or 3 protofibrils. Indeed, some fibers
in the TEM images show evidence of Np = 2, since fiber twisting can be
distinguished.
EM microscopy requires sample drying and surface immobilization, which
can lead to experimental artifacts and affect the accuracy of the diameter
determination. Therefore, we also estimated the number of protofibrils (Np )
based on light scattering from fibrin networks in their hydrated state. For fine
fibrin clots, we find an Np close to 2, independent of protein concentration
(see Fig. 2.13 in the SI). This observation suggests that minimal bundling
occurs, consistent with the EM and confocal images. By contrast, turbidimetry
reveals that the average bundle size in fibrin networks prepared under nearphysiological conditions is close to 87 when the networks are formed at fibrin
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A
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C

D

Figure 2.1: Microstructure of (A,C) networks of bundled protofibrils under physiological ("coarse clot") conditions, and (B,C) networks prepared
under high salt/pH ("fine clot") conditions. Panels (A) and (B) show confocal fluorescence microscopy images of 1 mg/ml fibrin gels (scale bars 20
µm). Panels (C) and (D) show TEM images revealing the fiber diameters
(scale bars 200 nm).

concentrations between 0.1−3 mg/ml, and thereafter decreases to ∼20 at 8
mg/ml (see Fig. 2.13 in the SI.) Note that these values result from a reanalysis of our previously published turbidity data [66] using a recent, more
accurate scattering model [295].

2.4.2

Rheology of Fine Fibrin Clots

To enable a quantitative interpretation of the rheology of physiological fibrin
networks as a function of protofibril bundling, we first study the rheological
properties of the fine fibrin clots, which show minimal bundling. We probed
the nonlinear elastic response of the networks by applying a stepwise increasing
constant shear stress while superposing a small oscillatory stress to probe the
tangent shear moduli, K 0 and K 00 . All networks strongly stress-stiffen once
the shear stress exceeds a certain critical value, σ0 , as shown in Fig. 2.2A.
Depending on concentration, they can stiffen up to 100-fold before they break.
The corresponding strain at rupture reaches large values of close to 200%, in
line with the known elastomeric properties of fibrin [333].
The linear modulus measured at small strains, G0 , increases strongly when
the protein concentration is raised from 0.5 to 6 mg/ml. More specifically,
G0 increases as a power law with an exponent of 2 (solid squares in Fig.
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Figure 2.2: Stress-stiffening of fine fibrin clots at different concentrations:
cp = 0.5 (squares), 1 (circles), 3 (triangles up) and 6 mg/ml (triangles
down). In (A), the solid lines represent affine thermal model for extensible chains. The K values have been shifted vertically for clarity, as indicated. (B) Normalized stress-stiffening curves. Fine clots exhibit a clear
deviation from the predicted 3/2 scaling (short solid line) for inextensible
polymers.

2.3A), which is consistent with analytical models for networks of semiflexible
polymers described in section 2.3. This model predicts an exponent of 11/5
(solid line in Fig. 2.3A). For reference, we note that our data agree well
with prior measurements on fibrin networks prepared under similar fine clot
conditions [292, 352] (Fig. 2.3A in the SI).
Past an onset stress σ0 , K 0 increases in a complex fashion. Thermal models
of crosslinked inextensible semiflexible polymers predict a strong increase in
stiffness with stress, K ∼ σ 3/2 , above σ0 [348]. However, fine fibrin networks
show a weaker stiffening with stress and is dependent on fibrin concentration
(Fig. 2.2B). A similar weak stiffening with stress was previously seen for fish
fibrin and vimentin, where this effect was attributed to filament backbone
stretching, which is an enthalpic effect [39, 276].
To test whether backbone stretching can also account for the stress response of the fine fibrin networks, we fitted the stiffening curves to the full
theoretical prediction [39] using three fit parameters: the persistence length
lp , characteristic distance between crosslinks lc , and stretch modulus κs . As
shown in Fig. 2.2A, the theory (solid lines) are indeed able to capture both
the onset of strain-stiffening, which originates from chain entropy, and the
inflection at intermediate stress, which stems from backbone stretching. However, at large stresses, the model systematically underestimates the measured
clot stiffness. The model accounts for shear-induced alignment of fibrin fibers
under stress, but assumes that the stretch modulus of the fibers is indepen56
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dent of strain. The systematic discrepancy of the data with the theory at
high stresses strongly suggests that the protofibrils themselves stiffen under
extension. However, the close agreement between theory and experiment at
low and intermediate stresses does suggest that the limited bundled protofibril
networks can be modeled as extensible semiflexible polymers.
From the fit of the rheology data to the extensible wormlike chain model
(Fig. 2.2), we get a value of 120 nm for lp for fine fibrin clots, which is independent of fibrinogen concentration (Fig. 2.15 in SI). Next, we examined whether
we obtain physically meaningful values for the fit parameters lp , κstretch and
lc .
We obtain a value of 150 nm for the average lp of the filaments forming
the fine fibrin networks, independent of cp (Fig. 2.19). Given an average Np
of 2, this corresponds to lppf = 75 nm, consistent with the supposition that
the protofibrils are semiflexible polymers. This value is smaller than estimates
from light scattering experiments (200 nm) [353] and analysis of EM images
of fish fibrin (500 nm) [39, 354], but is close to values reported in recent light
scattering and small-angle X-ray scattering experiments (120 nm) [355].
The protofibril stretch moduli that we obtain from the fits to the extensible
wormlike chain model lie between 80 and 150 pN, assuming we have minimal
bundling in the fine clot case (Np = 2) (closed symbols in Fig. 2.16A in SI).
This protofibril stretch modulus is in the range of the stretch modulus inferred
from macroscopic rheology of fish fibrin, which should give single protofibril
networks (50−100 pN) [39]. If we assume that the protofibrils behave as homogeneously elastic cylinders of diameter 10 nm, we find a Young’s modulus
E of 1 up to 1.9 MPa, which is close to the range of 1.7−15 MPa measured
by bending and stretching of individual fibers [281–283]. Fibrin protofibrils
are somewhat softer than intermediate filaments, for which E = 9 MPa [276],
and three orders of magnitude softer than actin filaments, for which E = 1 − 3
GPa [356].
In addition to the stretch modulus, we determined the crosslink distance,
lc , which decreases from 0.25 µm at 0.5 mg/ml (1.5 µM) fibrin to 0.05 µm
at 6 mg/ml (17 µM) (symbols in Fig. 2.3B). To test whether these values
are reasonable, we estimate lc using scaling theory for semiflexible polymers.
Cross-linking is expected to occur at either the scale of the mesh size, ξ '
(ρ)−1/2 , or at the scale of the somewhat larger entanglement length, le , which
scales as (lp )1/5 (ρ)−2/5 [276,348]. Here, ρ is the fiber density in terms of length
per volume, which can be computed from the mass concentration, cp , and µ.
Remarkably, the fitted values of lc closely agree with the calculated values of
le ∼ (lp )1/5 (ρ)−2/5 , if we assume a prefactor of 0.75 (Fig. 2.3B, solid line) [357].
Furthermore, these fitted values are close to the lower bound expected in case
of dense crosslinking, lc ' ρ−1/2 , using the same prefactor (Fig. 2.14B dashed
line).
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Figure 2.3: Comparison of rheology of fine clots (squares) with the affine
thermal model (lines). (a) Plateau modulus compared with the predicted
11/5 power-law (solid line). (b) Cross-link distance compared with theory assuming lc = le (solid line), assuming a prefactor of 0.75. (c) The
1/2
dependence of cp G0 on σ0 depicts a 3/2 relation.

As a further test of the applicability of this model for fine clots, we examined
the relationship between the linear modulus G0 and the onset of stiffening σ0 ,
for which the thermal affine model provides a clear prediction (eq. 2.2 and
3/2
1/2
eq. 2.3). Thus, we expect cp G0 ∼ σ0 , independent of the degree of crosslinking [357]. Our data are indeed consistent with this prediction (Fig. 2.3C).
Together with the fact that we obtain physically meaningful values of lc and κs ,
this strongly supports our conclusion that affine entropic stretching underlies
the elastic response of fine clots.

2.4.3

Hierarchical Bundle Limit: Physiological Fibrin Coarse
Clots

Under physiological blood clotting conditions, fibrin protofibrils laterally aggregate to form bundles [294]. To mimic these conditions, we formed fibrin
networks at near-physiological pH (7.4) and ionic strength (0.17 mM). Previously [66], we found that the stiffness of these gels increased with protein
concentration (Fig. 2.4A) with an exponent close to 11/5, as predicted for
semiflexible polymers. To interpret these data, we hypothesized that the networks are composed of fibers that can be modeled as bundles of protofibrils. To
test this hypothesis, we varied the bundle size by comparing bundled protofibril
networks (’coarse clots’) to the fine clot limit, where bundling is suppressed.
Bundling into fibers of Np protofibrils will reduce the number of distinct
fibers in the network, which we can express in terms of the fiber length-pervolume, ρF = ρpf /Np . Moreover, bundling will increase the bending stiffness
of the fibers. The persistence length of a fiber can be related to the protofibril
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Figure 2.4: Bundle coupling inferred from the linear elastic modulus of
physiological fibrin networks. (A) Plateau modulus of fibrin networks,
taken from our previous work [66]. (B) Bundle size obtained by reanalyzing existing turbidity data [66] using an updated scattering model [295].
(C) Coupling strength expressed in terms of the exponent x, which is
calculated using eq. 2.5, and the data in (A) and (B), assuming lppf = 75
nm. The dotted lines indicates the two limits for x, where 1 denotes a
loose coupling and 2 a tight coupling of protofibril bundles.

persistence length as lpF = N x lppf , where x is an exponent that characterizes
the coupling strength [313]. In the case that protofibrils are tightly coupled,
the relative shear among protofibrils is prevented; we expect x = 2. On the
other hand, when the protofibrils can bend independently inside the bundle,
then the bundle is considered loose where we expect x = 1. We can calculate
x for fibrin fibers of coarse clots from eq. 2.5, using the measured plateau
modulus (Fig. 2.4A) and bundle size (Fig. 2.4B) using lppf = 75 nm calculated
from rheology of fine clots. We find values that are consistent with a tight
coupling (i.e. x = 2), independent of fibrin concentration (Fig. 2.4C).
We can plot the linear modulus of fibrin networks of varying bundle sizes
7/5
together with the linear modulus of fine clots. We expect G0 ∼ (ρF )11/5 lp ∼
F 11/5
x pf 7/5
(ρ )
(Np lp ) . As shown in Fig. 2.5A, we obtain excellent consistency
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Figure 2.5: The plateau modulus (A) and the stress for the onset of
stiffening (B) of fibrin networks are well explained by the semiflexible
wormlike bundle model. This is shown by rescaling fine fibrin networks
(solid squares, Np ∼ 2) and coarse fibrin networks (open squares for Np ∼
80, gray circle for Np = 366) by their dependence on Np . For fine clots, we
assume a loose coupling (x = 1), a tight coupling for coarse clots (x = 2, see
Fig. 2.4C) and intermediate coupling for very thick fibrin fibers (Np = 366,
x = 1.3).

between fine and coarse clot data sets, using x = 2 for coarse and x = 1 for
fine. Moreover, both data sets agree well with the theoretical model assuming
an affine network deformation (solid line). We also rescaled the onset stress of
coarse and fine clots, for which we expect σ0 ∼ (ρF )9/5 (Npx lppf )3/5 . We found
good agreement of coarse and fine clot data with the affine model (solid line).
Furthermore, we note that the rescalings in Fig. 2.5A and B also holds for
larger bundle sizes. Indeed, fibrin bundles of ∼350 protofibrils, obtained by
further purification of the fibrinogen stock (see materials and methods), still
follow the affine thermal model (open symbols in Fig. 2.5).
We next compared the stress-stiffening behavior of coarse and fine fibrin
networks, where network elasticity originates from axial (enthalpic) stretching. The hypothesis is that the protofibrils will stretch in parallel, which we
can check by rescaling K 0 and σ by the length density of protofibrils ρpf . We
found that coarse and fine fibrin networks have an identical stiffening response
upon normalization for average force per protofibril levels of ∼1 pN, as shown
in Fig. 2.6. This behavior strongly suggests that, just as for fine clots, the
elasticity of coarse clots is controlled by a combination of entropic and enthalpic fiber stretching of the individual protofibrils inside the bundle. This
universal response, which is independent of the degree of bundling or the protein concentration, indicates that at high stresses, the protofibrils contribute
independently to the network elasticity. Thus the (enthalpic) stretch modulus
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Figure 2.6: Direct comparison of the high-strain (enthalpic) elastic response of coarse (open symbols) and fine clot (closed symbols) networks.
Data are shown for two protein concentrations cp = 0.5 (squares) and 3
(diamonds) mg/ml, were coarse is represented by open symbols and fine
by closed symbols. The affine thermal model prediction for extensible
wormlike chains for 3 mg/ml fine fibrin (red dashed line) is shown, where
the enthalpic regime is indicated by the solid line.

of fibrin fibers is linear in the number of constituent protofibrils. Interestingly,
this behavior may also reflect a decoupling of the tight bundle structure that
is expected theoretically for short-wavelength deformations [320]: tight bundle
behavior is expected for long wavelength bending, which will dominate in the
low stress/strain regime, while increasingly loose bundle behavior is expected
for shorter wavelength bends that become dominant under high axial loads.
Thus, the collapse of coarse and fine clot data in Fig. 2.6 likely reflects the
different length scales probed at varying levels of stress.
We have shown that the protofibril stretch modulus is in the range 80 and
150 pN (see Fig. 2.16A in SI). We can compare this with values calculated from
coarse clots data using the modulus at the enthalpic regime: Ks = f ρpf κs ,
where f is a factor dependent on the alignment of the network [66]. For an
isotropic network f = 1/15, while for an highly aligned network f = 1/8.
Both these limits are plotted in Fig. 2.16A in the SI. The stretch modulus
for protofibrils is close to the aligned limit for coarse clots, indicating that the
network of coarse clots is highly aligned at the enthalpic stretching regime.
Indeed, the strain levels corresponding to the enthalpic regime falls within the
range of 10−30% strain (Fig. 2.16B in SI), making it likely that the network
is aligned at this regime.
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(A)

(B)

(C)

Figure 2.7: Influence of FXIII-mediated crosslinking on bundle stiffness.
(A) Reducing SDS-PAGE gel of 2 mg/ml fibrin gels formed in the presence of different concentrations of the FXIII-inhibitor D004. The control
consists of a 2 mg/ml fibrin gel without DMSO. Crosslinks between protofibrils (α-α-crosslinking) is depicted schematically in yellow, while γ-γcrosslinking is shown in red. (B) Stress-stiffening curves for 2 mg/ml fibrin gels with 0 µM (squares), 5 µM (diamonds) or 200 µM (circles) D004.
(C) Corresponsing coupling factor x calculated from eq. 2.5. Crosslink
inhibition makes the bundles less tight. The two limits (x = 2 for a tight
bundle and x = 1 for a loose bundle) are indicated by a dotted line.

If protofibril stretching is strictly linear, a weak increase is expected due
to shear-induced fiber alignment. Strikingly, the model prediction in Fig. 2.6
(solid red line) systematically underestimates the actual stiffness of both fine
and coarse clots at large stress. This discrepancy suggests that the fibrin
fibers are intrinsically nonlinear. This hypothesis is indeed supported by direct
force-extension measurements on individual fibers, which showed substantial
intrinsic molecular nonlinearity at large tensile strains [282, 283, 334].
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Varying Bundle Tightness

We have shown evidence that physiological fibrin clots (coarse clots) can be
modeled as tightly coupled protofibrils over a range of bundle sizes. The stiffness of a wormlike bundle is expected to be strongly dependent on the coupling
strength between the constituent polymers. In this section, we will show that
the tightness of protofibril bundles can be varied by varying crosslinking between protofibrils.
Previous studies have shown that lateral association of protofibrils is promoted by crosslinking of α-chains protruding from the protofibril surfaces, as
sketched in Fig. 2.7A [294, 358, 359]. Crosslinking is mediated by the enzyme
FXIII, which creates covalent peptide bonds between specific sites on the αchains. FXIII additionally creates crosslinks between α- and γ-chains, as well
as crosslinks between γ-chains within protofibrils [360, 361]. Based on this
evidence, we hypothesize that FXIII-mediated crosslinking may control the
tightness of the bundle.
To check this hypothesis, we controlled crosslinking of FXIII by adding a
site-specific inhibitor D004 in the range of 0 µM and 200 µM. As shown by SDSPAGE (Fig. 2.7A), we can inhibit crosslinking in a graded manner. At 0 µM
D004, there is both α-crosslinking (distinguishable by the disappearance of the
Aα-band) and γ-γ-crosslinking (bands indicated), as sketched in the left-most
cartoon. When we add 5 µM D004, there is no detectable α-chain crosslinking
(neither (α)N polymers or αN -γM crosslinks), consistent with prior reports
[332,360], and the amount of γ-γ-crosslinking has reduced to about 50%. There
is complete inhibition of crosslinking at 200 µM D004 (see Fig. 2.17 in the SI
for the quantification).
Next we investigated the change of mechanics upon FXIII inhibition, where
we selected 0, 5 and 200 µM D004 (respectively squares, diamonds and circles
in Fig. 2.7B). Complete inhibition of α-crosslinking at 5 µM D004, causes a
drop in linear elastic modulus by a factor ∼4. Full inhibition of FXIII further
reduced linear modulus up to a factor 6 compared to the control, consistent
with previous reports [332, 360, 362, 363]. According to the proposed semiflexible bundle model, the small-strain regime is determined by entropic elasticity,
and should thus be sensitive to the bending rigidity of the fibers. A smaller
elastic modulus indicates a looser, more flexible bundle. Using eq. 2.5, we
calculated the bundle coupling exponent, x, directly from the rheology and
turbidity data (Fig. 2.9B). This factor decreases from near 2 to 1.6 (Fig.
2.7C). Interestingly, x is still much larger than 1 in the absence of crosslinking. This means that, even in the absence of covalent crosslinks, protofibril
bundles are still rather tightly coupled. Similarly, decrease in gel stiffness on
reduced internal fiber crosslinking have been observed for other systems, such
as actin bundled with fascin [325] and nanotubes bundles coupled by covalent
crosslinks [321].
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Figure 2.8: Reducing SDS-PAGE gel for 2 mg/ml fine fibrin networks
formed in the presence of different concentrations of the FXIII inhibitor
D004, as indicated. Fg is fine fibrinogen without thrombin and calcium.
The control consists of fine fibrin without the presence of DMSO.

Strikingly, after the onset of strain-stiffening, K 0 overlaps for all three
D004 concentrations. This is consistent with the semiflexible bundle model we
presented earlier, where the high-strain regime is determined by independent
stretching of the protofibrils. Since inhibition of FXIII crosslinking not only affects inter-protofibril crosslinking, but maybe also intra-protofibril crosslinking
and thus change the protofibril stretch modulus, we checked this by polymerizing fine fibrin gel with varying levels of D004. As shown in Fig. 2.8, SDSPAGE revealed a gradual decrease of γ-γ- and α-chain crosslinking with D004.
Inhibition of α-chain crosslinking was complete at 0.05 µM D004, while γ-γ
was inhibited completely at 1 µM (see Fig. 2.18 in SI for the quantification).
This is lower compared to coarse clots, where γ-γ is inhibited at 200µM D004.
However, the addition of D004 does not change the stretch modulus of protofibrils, even at concentrations where γ-γ-crosslinking is completely inhibited
(Fig. 2.9A).
We conclude that decreasing FXIII crosslinking by D004 decreases the
tightness of coarse clot fibers. This lowers the linear modulus by lowering
the fiber bending rigidity, but does not change the enthalpic response of the
networks at high stress.

2.5

Discussion and Conclusion

Polymer bundles are present in many biological systems: from cytoskeletal
components to extracellular matrix in tissues. The size of these bundles can
vary from a few monomers to thousands in a fiber. In the case of fibrin net64
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Figure 2.9: (A) The stretch modulus of fibrin protofibrils does not change
when crosslinking by FXIII is inhibited by D004, assuming aligned networks in the enthalpic stretch regime. All networks are with 1% final
DMSO concentration. (B) Influence of crosslink inhibition by D004 on
in the bundle size Np of coarse fibrin based on turbidity measurements.
Open squares are for 2 mg/ml coarse fibrin with 1% DMSO final concentration, while the open circle represent the 0% DMSO control, while
closed squares are for fine fibrin.

works, the size of the fibers can be tuned by changing pH and salt conditions.
Recently, we proposed that fibrin fibers can be modeled as bundles of semiflexible polymers [66]. In this chapter, we have shown we can dissect the properties
of the bundles by comparing the mechanical properties of fibrin networks prepared with different levels of bundling.
We varied the bundle size from 2 up to 366, thus changing bundle size
by more than two orders of magnitude. We demonstrated that the nonlinear
rheology of networks close to the protofibril limit are in excellent quantitative
agreement with theoretical predictions for networks of semiflexible polymers
(Fig. 2.2A and 2.3). Comparing these ’fine’ networks with networks prepared
with an higher degree of bundling (’coarse’ networks) revealed a master curve
when rescaled by the number of protofibrils in a bundle (Np ) and the tightness
of the bundle (x) (Fig. 2.5). This rescaling is based on the assumption we
have a loose coupling between protofibrils in the fine clot case. Given the
small number for Np for the fine clot limit, we think this is a reasonable
assumption. The persistence length provided by the model was on average
150 nm, which means, given Np = 2 for fine clots, a persistence length of
75 nm for the protofibrils. This value is consistent with our interpretation of
the fine clots as networks of semiflexible polymers. Also, this value is close
to the lp found in recent simultaneous light scattering and small-angle X-ray
scattering experiments on polymerizing fibrinogen (120 nm) [355]. However,
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this value of lppf is somewhat smaller compared to values estimated from light
scattering (200 nm) [353], and values reported for protofibrils of fish fibrinogen
(500 nm) [39, 354]. Based on lppf = 75 nm and tight coupling, we expect lp to
vary between 30 and 560 µm for coarse clots, since Np varies between from
20 to 86 (Fig. 2.4B). In the future, the persistence length of protofibrils, and
coarse clots of known Np and x, should be directly measured, for instance by
stretch experiments with AFM or optical tweezer techniques.
We note that in a previous publication [66] we assumed loose coupling for
the coarse clot limit. This assumption was based on optical tweezer measurement, which showed significant thermal fluctuations for coarse fibrin networks.
However, in the current work, we directly calculated the coupling strength,
x, by combining rheology and turbidity results. Here we find for coarse clots
a tight coupling. For thicker coarse clots (Np = 366), the calculated tightness decreases to 1.3. The decrease in tightness with fiber diameter could
be related to a decrease in protein density: fibrin fibers can be considered
as fractals [364], were the protein density within fibrin fibers decreases with
increasing fiber diameter.
We have shown that the origin of fibrin mechanics is due to the hierarchical
structure fibrin fibers. In particular, when we rescale the nonlinear mechanics
to the total protofibril length per volume, ρpf , when the rescaled mechanical
properties of fine and coarse clots overlap, the origin of their mechanics should
be the same in origin. We proposed this mechanism is protofibril stretching in
parallel. We have shown that the stiffening of both coarse and fine clots follow
the wormlike chain model up to about 10 pN. From hereon, the stiffening is not
explained by shear-induced fiber alignment alone: the wormlike chain model
includes this effect (Fig. 2.6, solid red line). In other words, at large stress,
the wormlike chain model systematically underestimates the stiffness of both
fine and coarse clots. We proposed that this marked discrepancy indicates that
the fibrin protofibrils are intrinsically nonlinear. Here we will discuss in more
detail the possible origin of the nonlinearity of protofibrils.
Several different interpretations for this nonlinearity have been proposed.
One interpretation is that the supramolecular structure of the fibers is responsible for fiber stiffening [39, 283]. The protofibrils are coupled by long
and rather flexible carboxy-terminal extensions of the Aα-chains (αC domain)
that protrude from the protofibrils [359], which may give rise to nonlinearities
when fully stretched at high strain. Support for this idea comes from forceextension measurements on fibers assembled from fibrin of different species,
which demonstrated that a longer Aα-chain length correlates with greater
extensibility [337]. Also, a computational study indicated through molecular dynamics simulations that the αC domain plays a crucial role in fibrin
fiber mechanics [365]. However, we observe intrinsic nonlinearity also in fine
clots, which have limited bundling. Furthermore, the protofibril stretch mod-
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ulus derived from coarse clots is comparable to the stretch modulus calculated
from fine clots, where there is limited α-α-crosslinking. This argues against
a supramolecular origin of nonlinearity, and instead suggests an alternative
interpretation were the nonlinearity is intrinsic to the protofibrils themselves.
One potential source of protofibril nonlinearity is forced monomer unfolding.
Molecular simulations show that domains within fibrinogen monomers start to
unfold at 75-150 pN forces, which is accompanied by a conversion of the alphahelical domains into stiffer beta-sheet structures [335]. It is a priori difficult
to predict how this unfolding behavior will be modified once fibrin monomers
are incorporated in a protofibril or thick fiber. However, Fourier transform
infrared spectroscopy [336] and direct staining of stretched networks with the
beta-sheet specific dye Congo Red [366] showed convincing evidence of a straininduced conversion of alpha-helical into beta-sheet secondary structure. Single
protein unfolding measurements indicate typical forces of 90 pN to unfold fibrin monomers [299], which is comparable to the largest forces per monomer
that can be applied during shear rheometry without network breakage (∼100
pN). To directly resolve the microscopic origin of protofibril stiffening under
shear, it will be important to perform in situ measurements of fibrin secondary
structure in combination with shear rheometry using, for instance, vibrational
spectroscopy or X-ray scattering techniques (see also Chapter 4).
We have shown that FXIII crosslinking can vary the tightness of a bundle
and, consequently, the low strain stiffness of the fibrin network. However, the
decrease of intra-protofibril crosslinking could also have effects on the persistence length of protofibrils, which could affect the calculation of x in Fig. 2.7C.
Instead of measuring the persistence length directly, we calculated the stretch
modulus of protofibrils based on the rheology data for 0 and 200 µM D004
(Fig. 2.19 in SI and Fig. 2.9A). Even though γ-γ-crosslinking is inhibited at
200 µM D004 (Fig. 2.8), the stretch modulus of these protofibrils not change
with increasing D004 levels (Fig. 2.9A). This indicates that intra-protofibril
γ-γ-crosslinking does not contribute to the stretch modulus of single protofibrils. Similarly, for coarse clots with varying levels of D004, the calculated
protofibril stretch modulus also does not vary with D004 concentration.
In this chapter, we have shown that both small and very large bundles
of protofibrils give rise to a rich mechanical behavior under the influence of
increasing shear stress. This behavior cannot be captured by thermal models of crosslinked inextensible semiflexible polymers, which predicts a stronger
dependence on stress (K 0 ∼ σ 3/2 ). However, a bundled architecture within
the fibers, where strain-stiffening arise from filament backbone stretching, accurately describes both the fine and coarse clot limit. Furthermore, we also
show that this model holds when the intra-fiber crosslinking is varied. This
has important implications for understanding the origins of fibrin mechanics.
Furthermore, these results can inspire material design with more complex me-
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Methods
Scanning Electron Microscopy (SEM) was performed on fibrin gels using the
Verios (FEI Europe B.V, Eindhoven, the Netherlands). Fibrin gels were polymerized in 20 µl dialyzing buttons (Hampton Research, Aliso Viejo, United
States) in a humid atmosphere. After polymerization, the gels were washed
3x by cacodylate buffer (50 mM sodium cacodylate, 0.15 M natrium chloride, pH 7.4), followed by 2 hours or overnight fixation with 2% glutaradehyde
in cacodylate buffer. After fixation, samples were washed 3x with cacodylate buffer and then dehydrated by increasing percentages of ethanol. After
complete dehydration (100% ethanol), samples were washed with 50% hexamethyldisilazane (HMDS) in ethanol and twice with 100% HMDS. Samples were
left overnight to evaporate residual HMDS under the hood. After complete
HMDS evaporation, samples were put on stubs equipped with carbon tape and
sputter coated with an 154 Ångstrom Gold/Palladium. Samples were imaged
at 10 kV using secondary electrons.

Supplementary Figures

Figure 2.10: SDS-PAGE analysis of coarse fibrin gels under increasing
protein concentration in mg/ml, as indicated. Control consists of fibrinogen without thrombin or calcium.
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Figure 2.11: SEM on fibrin clots.(A-C) Coarse fibrin clots at 1, 3 and 7
mg/ml respectively. Scale bar represents 5 µm for (A-C). (D) Fine fibrin
clot at 1 mg/ml. Scale bar denotes 400 nm.
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Figure 2.12: Histogram of fiber diameters determined from TEM images of fibers prepared under (A) coarse clot conditions, which promote
protofibril bundling, and (B) fine clot conditions, which suppress protofibril bundling. In both, more than 200 fibers where taken into account, and
data from 0.5 up to 2 mg/ml were combined.
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Figure 2.13: Number of protofibrils of fibrin fibers polymerized under
coarse (open squares) and fine (filled squares) clot conditions, based on
turbidity measurements. The limit of Np = 1 is indicated.
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Figure 2.14: (A) The linear, small-strain, modulus for fibrin clots polymerized under fine clot conditions, which show minimal bundling (black
squares), compared with previous measurements (open circles [292] and
open stars [352]). (B) Cross-link distance compared with theory assuming
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Figure 2.15: The persistence length from fitting the full prediction to the
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Figure 2.16: (A) The protofibril stretch modulus derived from coarse and
fine fibrin clot rheology data. Black squares are fine clots, open squares
are coarse clots in the aligned limit (Ks = 1/16ρpf κs ) [66] and open gray
circles are coarse clots in the isotropic limit (Ks = 1/8ρpf κs ) [66]. (B)
The differential elastic modulus for 8 mg/ml fine (closed black squares)
and coarse clots (open black squares) plotted against strain. For coarse
clots, the region where κs is determined is indicated in dashed lines. For
fine clots, the inflection point is indicated by dashed lines, indicating
the beginning of the enthalpic stretching regime. The stretch modulus
is determined by fitting the non-linear mechanical properties by the full
theoretic prediction (see Fig. 2.2 A).

72

section 2.7

Chapter 2

100

%

80
60
40
20
0

0 10-2

-1

10

0

10

1

10

2

10

D004 (¹M)
Figure 2.17: Percentage of crosslinked α-chain (closed squares) and
crosslinked γ-chain (open grey squares) in 2 mg/ml fibrin coarse clots
under the presence of FXIII inhibitor D004. Circles correspond to the 2
mg/ml fibrin control with no DMSO present.
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Figure 2.18: Percentage of crosslinked α-chain (closed squares) and
crosslinked γ-chain (open grey squares) in 2 mg/ml fibrin fine clots under
the presence of FXIII inhibitor D004. Circles correspond to the 2 mg/ml
fine fibrin control with no DMSO present.
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Figure 2.19: Nonlinear rheology of fine fibrin clots (2 mg/ml), in the
presence (open squares) and absence (closed squares) of 200 µM D004.
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3.

Cells actively stiffen fibrin gels
by contractile stress

During wound healing and angiogenesis, fibrin serves as a provisional
extracellular matrix. We use a model system of fibroblasts embedded in fibrin gels to study how cell-mediated contraction may influence the macroscopic
mechanical properties of their extracellular matrix during such processes. We
demonstrate by macroscopic shear rheology that the cells increase the elastic
modulus of the fibrin gels, but only in dilute (up to 2 mg/ml) gels. Microscopy
observations show that this stiffening sets in when the cells spread and apply traction forces on the fibrin fibers. We further show that the stiffening
response mimics the effect of an external stress applied by mechanical shear.
We propose that stiffening is a consequence of active cell contraction, which
provokes a nonlinear elastic response of the fibrin matrix. Cell-induced stiffening is limited to at most a factor 4, even though fibrin gels can in principle
stiffen much more before breaking. We discuss this observation in light of recent models of fibrin gel elasticity, including the model discussed in chapter 2.
We conclude that the fibroblasts pull out thermal bending undulations of the
fibers, which requires relatively low strains, from the fibrin network, but do not
axially stretch the fibers. Our findings are relevant for understanding the role
of matrix contraction by cells during wound healing and cancer development,
and may provide new design parameters for materials to guide morphogenesis
in tissue engineering.
K.A. Jansen, R.G. Bacabac, I. K. Piechocka, G.H. Koenderink
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Introduction

The mechanical behavior of animal cells is controlled by a network of stiff protein filaments known as the cytoskeleton. The cytoskeleton is a remarkable material that is maintained out of equilibrium by a variety of molecular processes
using chemical energy [367]. An important contribution comes from molecular motors, which use energy resulting from ATP hydrolysis to move along
actin filaments and microtubules [368]. There is strong evidence that myosin
II motors, which interact with actin filaments, actively increase cell stiffness by
generating contractile prestress [228, 230, 369–371]. Measurements on purified
actin networks have shown that these networks strongly stiffen when either an
external or an internal stress is applied [372, 373]. Cells can exploit this nonlinear stress response to modify their stiffness rapidly in response to changes
in the stiffness of the extracellular environment [175,230,231,371]. Conversely,
the stiffness of the extracellular environment can change in response to activity of the cells, since the contractile actin-myosin cytoskeleton is physically
connected to the extracellular matrix via integrin transmembrane receptors
organized in adhesion complexes [374–376]. Cells thus partly transmit their
internally generated forces to the extracellular matrix. These so-called traction
forces are typically in the nanoNewton-range [33, 64, 237, 377–379]. By pulling
on the matrix, cells can actively sense changes in ECM rigidity, on which they
base decisions regarding spreading, migration, proliferation, gene expression,
and even differentiation [1, 40, 213, 380, 381] (see also section 1.3.1 Chapter 1).
This mechanoresponsiveness plays a crucial role in normal tissue development
and function [45, 382], whereas misregulation of the balance between cell traction and ECM stiffness contributes to cancer progression, fibrotic disease, and
artherosclerosis [4, 33, 383].
In connective tissues, cells reside within an extracellular matrix (ECM)
that is mainly composed of collagen fibers [26]. Active cell contraction results
in patterning and contraction of the collagen network during tissue morphogenesis and wound healing [238, 384–386]. During wound healing, cells are initially recruited to a provisional ECM composed of the blood clotting protein
fibrin [387], which is likewise contracted and patterned by active cell contraction [241, 388]. Similar to actin networks, fibrin and collagen networks stiffen
in response to an applied stress [39, 66, 389, 390]. Therefore, we anticipate −
in analogy to the actin cytoskeleton, which is stiffened by myosin contractility
− that extracellular networks can be driven into a nonlinear stress-stiffened
regime by cellular contraction. There are indeed several reports of cell-induced
stiffening of ECM gels that suggest an active, myosin-dependent origin. A classic example of cell-mediated ECM stiffening is provided by the phenomenon
of clot retraction in the initial stage of blood clotting, where platelets actively
contract and stiffen the fibrin blood clot [391, 392]. More recently, fibroblasts
and mesenchymal stem cells were also shown to cause fibrin gel stiffening, and
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it was hypothesized that active cell contraction drives the gel into a nonlinear,
stress-stiffened regime [55]. Similarly, active stiffening by cellular contraction has been reported for collagen networks [393–395]. However, the precise
physical mechanisms of cellular control over the mechanical properties of the
ECM remain unclear, since systematic measurements comparing the linear and
nonlinear rheology of ECM networks in the presence and absence of cells are
lacking.
Here we use a model system of fibroblasts embedded in fibrin gels to study
how the contractile activity of cells affects the macroscopic mechanical properties of their environment. We measure the linear and nonlinear rheological
properties of the cell-populated fibrin networks and correlate these with the
dynamics of cell spreading and fibrin gel contraction. We demonstrate that
the cells stiffen the fibrin gels while they spread, by applying traction forces
that drive the gels into a stiff nonlinear elastic regime. Since fibrin serves as a
provisional matrix in wound healing and angiogenesis, and is also involved in
pathological states such as tumor invasion, our results are relevant for interpreting the mechanical role of cells in fibrin remodeling during wound repair,
angiogenesis, and tumor growth [241, 396, 397]. Moreover, the system studied
here is relevant in the contexts of tissue regeneration [241, 398, 399], surgery
and tissue repair [400].

3.2
3.2.1

Materials and Methods
Fibrin Gel Preparation and Cell Seeding

Human CCL-224 fibroblasts (a gift from Prof. J. Boonstra, Biology Department, Utrecht Universiteit, NL) were cultured to near-confluency in 75cm2 tissue culture flasks (Nunc, Roskilde, Denmark) in a-Modified Eagle’s
Medium (α-MEM, Gibco, Paisely, UK) supplemented with 10% fetal bovine
serum (FBS, Gibco) and antibiotics (10 mg/ml penicillin/streptomycin, SigmaAldrich, Zwijndrecht, NL). Cultures were incubated at 37◦ C and 5% CO2 in a
humidified incubator and subcultured at confluency. Cells were harvested by
trypsinization with a 0.1% EDTA/0.25% trypsin solution. The cells were pelleted by centrifugation and resuspended in a CO2 -independent medium composed of αMEM medium supplemented with 20 mM Hepes, 2% FBS, and 0.1%
pen/strep. This stock suspension was used within one hour. The cell number
density was determined using a microscope counting chamber (Hemacytometer, Optik Labor, Lancing, UK), and cells were diluted with CO2 -independent
medium to a final number density of 4·106 cells/ml.
To prepare cell-populated gels, fibrinogen was first polymerized in fibrin
assembly (FA) buffer and then overlaid with cell culture medium. Cells were
pelleted by centrifugation and resuspended in FA buffer (20 mM Hepes, 150
mM NaCl, 5 mM CaCl2 , pH 7.4). The cells were centrifuged for a few minutes,
resuspended in FA buffer and directly mixed with human fibrinogen (Enzyme
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Figure 3.1: Experimental assays. (A) The viscoelastic properties of cellpopulated fibrin gels were measured with a stress-controlled rheometer
(top). The top plate is a cone (1) of 40 mm in diameter and 1◦ angle.
The fibrin solution was pipette on the bottom plate (3), the top plate
was quickly lowered (bottom image), and the fibrin was allowed to polymerized in situ at 37◦ C. The gel was immersed in cell culture medium
supplemented with serum (4), using a perspex ring (2). (B) Schematic
representation of the custom-designed microscope holder used for observing cells spreading in fibrin gels (not drawn to scale). The sample (iv)
was confined in a stainless steel well (i) topped with a glass plate with
holes to enable medium (iii) exchange. The entire geometry was contained in a glass bottom dish (ii). Cell spreading was observed by bright
field microscopy using a 10x air microscope objective (v).

Research Laboratories, Swansea, UK) to attain a final density of 500 cells/µl
unless stated otherwise. Polymerization and crosslinking of fibrinogen was
initiated by adding 0.5 U/mL human α-thrombin (Enzyme Research Laboratories) final concentration. Fibrin’s γ- and α-chains were fully crosslinked
by FXIIIa present in the stock, according to SDS-PAGE analysis [66]. Fibrin
gels were prepared at concentrations ranging from 0.1 to 6 mg/ml, where 1
mg/ml is equivalent to a molar concentration of 2.94 µM. Fibrin fibers form
in a two-stage process, where fibrin monomers first form double-stranded protofibrils which then laterally associate into fibers. The fibers prepared under
our conditions have a constant diameter close to 100 nm and a mass/length
ratio of about 1 · 1013 Da/cm (corresponding to 86 protofibrils per fiber), as
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determined by wavelength-dependent turbidity measurements [66].
(-)-Blebbistatin (Sigma-Aldrich) was dissolved in methanol to a final concentration of 5 mM and stored at -20◦ C. The drug was tested in a final concentration range of 2 to 100 µM. Controls in which we added methanol without
blebbistatin in cell culture medium showed no effect on cell morphology at
these concentrations. In contrast, there was a clear reduction of cell spreading
in culture with increasing blebbistatin concentration (data not shown).

3.2.2

Rheology

Rheology tests were performed with a stress-controlled rheometer (Physica
MCR 501, Anton Paar, Graz, Austria). Fibrinogen solutions with or without
cells were polymerized at 37◦ C between the steel cone and plate (40 mm diameter, 1◦ ). After 10 minutes, the fibrin gel was overlaid with 8 mL of αMEM
supplemented with 2% FBS, 20 mM Hepes, and 0.1% antibiotics (see Fig.
3.1A). We verified that the rheology measurements are minimally affected by
the oxygen/metabolite gradient between the edge and center of the cone-plate
geometry, by quantifying cell viability by microscopy (Supplementary Information, materials and methods section and Fig. 3.10). The time evolution of
the linear shear modulus, G∗ , during fibrin polymerization and cell spreading
was monitored by applying a small-amplitude oscillatory strain with amplitude
γ = 0.5% and frequency ω = 3.14 rad/s and measuring the stress response,
σ(ω) = G∗ γ(ω). The shear modulus is a complex quantity, G∗ = G0 +iG00 , having an in-phase elastic component, G0 , and an out-of-phase viscous component,
G00 . The gels were axially constrained by strong adherence to the rheometer
plates throughout the experiment. Networks reached a constant shear modulus after 3 hours in the absence of cells and 4 hours in the presence of cells.
The frequency-dependent rheology of fully polymerized networks was probed
across a frequency range of 0.06−38 rad/s using an oscillatory strain of 0.5%
amplitude. The high-strain regime was probed by applying a steady prestress,
σ, and superposing a small stress oscillation of amplitude δσ = 0.1σ. The
tangent modulus follows from the oscillatory strain response, K ∗ (σ) = δσ/δγ.
K 0 was independent of frequency and of waiting time in the pre-stressed state,
indicating negligible viscous flow [345]. Unless noted otherwise, rheology data
are expressed as mean ± standard deviation from at least three independent
experiments. Statistical analysis was performed using the Student’s t-test;
p < 0.1 was considered significant.

3.2.3

Microscopy

To visualize cell spreading inside fibrin gels, we observed cell-populated fibrin gels on a Nikon inverted microscope, using an incubation chamber and
objective heater to maintain a temperature of 37◦ C (TokaiHit, Shizuoka-ken,
Japan). The cell-seeded gels were prepared in a custom-made holder, consisting of a stainless steel well for maintaining a humid atmosphere and a glass
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disc with 500 µm-diameter holes to permit medium exchange, as sketched in
Fig. 3.1B. Bright field images of spreading cells were taken with a 10x (N.A.
0.3) air objective using an EM-CCD camera (Roper Coolsnap, Photometrics,
Tucson, US) at a rate of 1 frame/min and exposure time of 200 ms. Cell viability was maintained by blocking infrared and UV light with a bandpass filter
and by controlling light exposure with a light shutter synchronized with image
frame grabbing.
Traction strains applied by spreading cells were visualized by time-lapse
imaging of 1 µm diameter polystyrene beads adhered to the fibrin network in
bright field at a rate of 1 frame/min. The particle displacements were tracked
at 15 nm resolution using a tracking program written in Labview 7.1 (National
Instruments Corporation, Utrecht, NL) that identifies particles by a pattern
matching routine [401].
Fluorescent fibrin gels for confocal microscopy were prepared by mixing unlabeled fibrinogen with 24 mole% of Alexa488-labeled fibrinogen (Invitrogen,
Breda, NL). The networks were imaged using a scanning confocal microscopy
on an inverted Eclipse Ti microscope (Nikon). Fluorescence images were obtained by illumination with a 488 Ar laser (Melles Griot, Albuquerque, NM)
and DIC images were recorded at the same time. Images were taken at least
50 µm from the surface. Z-stacks were taken with a piezo-driven immersion
objective (either 100x (N.A. 1.49) oil or 40x (N.A. 1.3) oil objective, Nikon).
During a time-sequence, an image was taken every 10 min at 5 to 10 regions
in the sample. Image stacks were projected along the z-axis (for z-stacks) or
time-axis (for time-lapse movies) in ImageJ (http://rsbweb.nih.gov/ij/).

3.3
3.3.1

Results
Cell Spreading and Traction Force Generation

We constructed a biomimetic tissue model by dispersing fibroblasts inside a
crosslinked fibrin network. The cells were suspended in a solution of initially
monomeric fibrinogen and were entrapped in the network during thrombintriggered fibrin polymerization. To ensure that we look only at effects of cell
traction forces, we focus on a time window of 7 hours after cell seeding. This
time is sufficiently long for cells to spread and apply traction forces to the
gels, but not long enough for matrix remodeling by chemical effects such as
proteolytic degradation, matrix synthesis, or matrix crosslinking, which require
time scales of over 24 hours [398, 402–405].
To monitor the time dependence of matrix formation, we observed the
networks with confocal fluorescence microscopy. Matrix formation started immediately upon thrombin addition and warming to 37◦ C, resulting in a spacefilling network of fibrin fibers within several minutes (see Fig. 3.11 in SI). To
monitor the dynamics of cell spreading, we observed the cells with bright field
microscopy (Fig. 3.2). The entrapped cells initially remained round, indicative
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Time (h)
Figure 3.2: Morphological changes of cells during spreading in fibrin gels
of different densities. Representative bright field images of fibroblasts at
several stages during cell spreading (time axis on bottom) in fibrin gels
of concentrations ranging from 0.5 to 6 mg/ml (concentration axis on the
left). Scale bars denote 50 µm. Arrows point to examples of pseudopodia.
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of negligible attachment to the matrix (first column, 0 h). However, within
2 hours, the cell shapes started to change as the cells attached to the matrix
and spread.
Though there was some variation in the time needed for different cells
within the same gel to spread, all cells in a given gel were fully spread within
4−6 hours. The shape change of the cells was most pronounced in dilute (0.5−2
mg/ml) fibrin gels. The cell body became elongated and extended several thin
pseudopodial processes into the surrounding matrix with lengths up to 50 µm;
in the focal plane we typically observed between 2 and 6 such protrusions. This
multipolar morphology is characteristic of cells residing inside fibrin or collagen gels and resembles cell morphologies inside tissues, while being strikingly
different from the flat, fan-like morphology of the same cells plated on flat substrates [104, 138, 406, 407]. Time lapse imaging revealed that the pseudopodial
processes underwent cycles of extension and retraction (Movie S1 in the Supporting Material online, see section 3.7.2). The lifetime of pseudopodia was
usually 1−3 hours. Nearly all protrusions had multiple side-branches; some of
these were highly dynamic and grew and retracted on time scales of minutes,
whereas others were stable for hours (for examples see white arrows in Fig.
3.2). Fibroblasts in denser (3−6 mg/ml) fibrin gels had a markedly different
morphology, exhibiting only short and thin protrusions (Fig. 3.2 and Movie
S2 online). The overall cell diameter remained close to the original diameter,
which was typically less than 25 µm. This was more noticeable when zooming
in with a 40x objective (see Fig. 3.12 in SI).
To test whether cell spreading resulted in matrix remodeling, we performed
three-dimensional imaging of fluorescently labeled fibrin networks using confocal microscopy. In the absence of cells, fibrin networks were homogeneous
and isotropic over the entire range of fibrin concentrations. As an example,
Fig. 3.3A shows the maximum intensity projection of a confocal z-stack for a
1 mg/ml fibrin network. When cells are present during fibrin polymerization,
the networks are locally restructured around the cells. Fig. 3.3B shows an
example maximum intensity projection taken after overnight incubation of a
cell (near the center of the image) inside a 1 mg/ml fibrin network (Movie S3
online shows the entire z-stack with the fibrin image merged with the bright
field image of the cell). There are several signatures of cellular contraction:
the fibrin network is highly condensed adjacent to the cell body and fibrin
fibers within a distance of about 30−40 µm from the cell surface are radially
oriented towards the cell. Local condensation and alignment of matrix fibers
around cells, especially near pseudopodial protrusions, is indeed commonly reported in 3D-matrices [104, 408–410]. The network becomes noticeably more
heterogeneous when the cell density is increased from 125 to 500 and 850
cells/µl (Fig. 3.13(A-D) in the SI). However, the estimated volume fraction
of cells was always below 1%, so the network structure on larger length scales
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Figure 3.3: Spreading cells locally remodel the surrounding fibrin network
by recruiting and aligning fibrin fibers. (A) Maximum intensity projection of a confocal z-stack of 40 µm of a fluorescently labeled 1 mg/ml
fibrin network without cells. (B) Maximum intensity projection of a 40
µm confocal z-stack of a cell-populated 1 mg/ml fibrin network, showing
alignment and recruitment of fibrin fibers around the cell located near
the center of the image. Movie S3 (online) shows the corresponding zstack, combining fluorescence images of the fibrin networks with bright
field images of the cell. (C and D) Time projections of time-lapse movies
(taken at a fixed confocal xy-plane) of cell-populated fibrin gels with fibrin
concentrations of 2 mg/ml (C) and 3 mg/ml (D) obtained during fibrin
polymerization and subsequent cell spreading. White arrows point to the
presence of a cell (which can be seen by DIC microscopy, see insets).
Boxes indicate cells that are in focus during the time sequence. The corresponding time lapse movies are shown in Movie S6 and S7 (online),
combined with PIV analysis. Maximum intensity projections were obtained from z-stacks of 40 images over a total depth of 40 µm (A and B),
while the time projections are obtained from 47 images (C, total time 7.5
hours) or 54 images (D, total time 9 hours).
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Figure 3.4: Examples of the increase in traction strain and macroscopic
elastic modulus of a cell-populated fibrin gel over time, during fibrin polymerization and subsequent cell spreading. The traction strain was quantified by measuring the displacements of fiducial markers (1 µm diameter
beads) embedded in the fibrin networks towards a spreading cell (black
lines). The elastic modulus, G0 , was measured by macroscopic rheology
(red line). The fibrin concentration was 1 mg/ml and the cell density was
500/µL. For reference, the blue curve shows G0 for a fibrin gel without
cells.

(tens to hundreds of microns) remained homogeneous. Image analysis of the
fiber orientations shows that the networks also remained mostly isotropic (Fig.
3.13F).
Time-lapse movies of polymerizing networks show that cells exert contractile forces on the network that reach up to distances of at least 100 µm away
from the cell surface (see Movie S6 online and the time-projection in Fig. 3.3C,
where the cells are indicated by white arrows). Strikingly, these large network
deformations are only seen in dilute networks (2 mg/ml fibrin or less). In
denser gels, network deformation is negligible over a time span of at least 7.5
hours (Movie S7 online and the time projection in Fig. 3.3D, for a 3 mg/ml
gel).
To quantify network deformation during cell adhesion and spreading, we
tracked the positions of fiducial markers (1 µm spheres) attached to the network in the vicinity of spreading cells. As shown by Movie S4 (online) of a cell
spreading in a 1 mg/ml fibrin gel, cells are initially round but start to spread
and deform after about 1 hour. As the cell spreads, it pulls the surrounding
probe particles inwards. The bead displacements were quantified by tracking
their centroid positions over time (Fig. 3.4, black lines, each corresponding to
a different particle). After about 1 hour of culture, the majority of the particles
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Figure 3.5: Linear viscoelastic shear moduli of fibrin gels with and without
cells (at ω = 1 rad/s). (A) The elastic modulus, G0 , is shown as a function
of fibrin concentration for fibrin gels without cells (open circles) and with
500 cells /µl (closed squares). Inset: G0 of 1 mg/ml fibrin gels as a function
of cell density; the open circle corresponds to the cell-free case. (B) Loss
tangent, G00 /G0 , corresponding to the data shown in (A). Asterisks denote
statistically significant differences (p ≤ 0.1) compared to the unseeded
(cell-free) case.

started to be pulled toward the spreading cell. After about 3 hours, the motion
of the probe particles ceased, indicating the onset of mechanical equilibrium
between the cell traction forces and the elastic resistance of the fibrin gel [411].
This time scale is consistent with the time lapse movies of spreading cells (Fig.
3.2), which showed that cell spreading was complete within 4 to 6 hours. After
6 hours, only local rearrangements of the fibrin network occurred, as shown by
Particle Image Velocimetry (PIV) analysis of the time-lapse movies of polymerizing cell-seeded fibrin gels (< 3 mg/ml, see supporting information and
Movie S6 online). To test whether cells are still metabolically active once bead
movement ceases, we added the peptide GRGDS to the cell culture medium
(see SI). This peptide disrupts cell attachment to the fibrin network by competing for the integrin receptor αVβ3 [408, 412]. Around 1 hour after addition of
GRGDS to the medium, we observe a sudden recoil of the particles surrounding the cells (Movie S5 online), showing that tension is suddenly released and
implying that cells indeed actively maintain tension. Strikingly, cells in denser
(≥ 3 mg/ml) gels spread without noticeably deforming the surrounding fibrin
network in a timescale of 7.5 hours (Movie S7 online).
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Rheology of Cell-populated Fibrin Gels

Since fibrin gels are known to stiffen strongly when subject to an external
load, we hypothesized that active cell contraction may increase the elastic
modulus of fibrin gels [39, 66, 389]. To test this hypothesis, we measured the
linear elastic modulus, G0 , of fibrinogen solutions with and without cells during
polymerization by macroscopic shear rheology. In the absence of cells, G0
immediately started to increase and reached a plateau after about 3 hours (blue
line in Fig. 3.4). This increase reflects fast polymerization of fibrin into a spacefilling elastic network, followed by a slower process of covalent crosslinking by
FXIIIa [341, 413]. In the presence of cells, we also observed an immediate
increase of G0 , but it took 4 h to reach a constant value of G0 and the increase
of G0 was biphasic, with an inflection around 2 h (red line in Fig. 3.4). The first
phase of network stiffening likely corresponds to the same network formation
process that occurs in the absence of cells. The second phase of network
stiffening approximately coincides with the onset of cell spreading (black lines
in Fig. 3.4). We note, though, that the onset of cell spreading varied from
30−70 min, probably due to variations in the delay between cell harvesting
and the start of the experiments and to the fact that cells need ∼1 hour to
re-express integrins after trypsinization [414]. A similar biphasic stiffening
response was observed in fibrin gels and plasma clots containing contractile
platelets [270]. Over the entire range of fibrin concentrations (0.2−6 mg/ml)
studied, mechanical equilibrium (i.e., a constant G0 ) was reached within 4−6
h. This time scale is consistent with the bead tracking data and the time-lapse
images of spreading cells shown earlier. However, the morphology of cells inside
the rheometer might differ from that seen in the cell spreading assays due to
strain shielding at small strains, as was seen in collagen gels [415].
In steady state, the fibrin networks behaved as near-perfect elastic solids,
with a frequency-independent elastic modulus (Fig. 3.14 in SI) and a very
small loss tangent, G00 /G0 , which decreased about ten-fold, from ∼0.05 to
0.006, when the fibrin concentration was increased from 0.2 to 6 mg/ml (Fig.
3.5B). This solid-like behavior is caused by the presence of covalent bonds
between fibrin monomers within and between fibers created by the enzymatic
activity of FXIIIa [66]. In the absence of cells, the elastic plateau modulus,
G0 , increased nearly quadratically with fibrinogen concentration over the range
of 0.5−6 mg/ml (blue circles in Fig. 3.5A). In the presence of cells, G0 was
three-fold higher than for the cell-free gels when the fibrin concentration was 2
mg/ml or less (red squares in Fig. 3.5A; differences are statistically significant
for fibrin concentrations with p<0.1 below 2 mg/ml and p<0.01 at 2 mg/ml).
However, at fibrin concentrations above 2 mg/ml, the cells did not significantly
influence the elastic modulus. The viscous modulus, G00 , increased by about
the same factor as G0 (Fig. 3.15 in SI). As a result, the loss tangent of gels
with cells (solid squares) was indistinguishable from that of gels without cells
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Figure 3.6: Stress-stiffening response of fibrin gels with and without cells.
(A) Tangent elastic modulus, K 0 , as a function of external (macroscopic)
shear stress, σ, for fibrin gels with different concentrations: 1 mg/ml (red
squares), 2 mg/ml (green circles), 3 mg/ml (blue triangles up), 6 mg/ml
(brown triangles right), where open symbols are without cells and solid
symbols is with cells (500 cells/µl). (B) K 0 as a function of σ for a fibrin
gel (1 mg/ml) containing cells at different densities: 0 cells/µl (red open
squares), 125 cells/µl (blue circles) and 850 cells/µl (green triangles).
By comparing the stiffening curves of cell-seeded and cell-free gels, we
estimate the cell-induced prestress (vertical dotted line) as the σ-value
where the apparent linear modulus of the cell-populated gel matches the
K 0 -value on the stiffening curve of the acellular gel (horizontal dotted
line). The curves show a linear elastic regime (labeled 1) followed by
a nonlinear response with three regimes with a distinct σ-dependence
(labeled 2 to 4), see main text for details).

(open circles).
To test whether the stiffening effect depends on cell density, we measured
G0 for fibrin gels of 1 mg/ml and 4 mg/ml. At 1 mg/ml (inset of Fig. 3.5A), the
cells indeed increased G0 in a dose-dependent manner (solid squares), giving
an increase relative to the cell-free gel (open circle) ranging from a factor 1.4 at
16 cells/µl (not significant, p=0.18) to a factor 2.7 at 1000 cells/µl (significant
with p<0.1). At 4 mg/ml (Fig. 3.16 in SI), cells also increase G0 , but only at
densities of 5000 cells/µl, corresponding to a volume fraction of about 4%.
To test whether the stiffening of the fibrin gels in the presence of cells is
caused by cell-mediated contractile prestress rather than by cells acting as
crosslinkers, we compared the nonlinear rheology of fibrin networks with and
without cells using a prestress method. We subjected gels to a macroscopic
shear stress, σ, and measured the differential shear modulus, K 0 (σ), with a
small superposed oscillatory stress. If cells stiffen gels by exerting contractile
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Figure 3.7: The onset stress (A) and the onset strain (B) of strainstiffening, the maximum shear stress (C) and the maximum extend of
strain-stiffening before breakage (Kmax /G0 , (D)), plotted against fibrin
concentration. Open circles correspond to unseeded gels, while closed
squares correspond to gels with 500 cells/µl. The line in (C) shows a
power-law fit with an exponent of 1.6 ±0.14.

prestress, we expect convergence of the elastic moduli of cell-seeded and unseeded gels as soon as σ exceeds the contractile prestress [373]. If, in contrast,
cells act merely as crosslinkers, we expect that the cell-seeded gels will be stiffer
than unseeded gels independent of σ. In the absence of cells, K 0 (σ) increased
with stress until the gels broke at a maximum stress level, σmax , as illustrated
for gels of 1 mg/ml (open squares), 2 mg/ml (open circles), and 6 mg/ml (open
triangles) fibrin in Fig. 3.6A. The maximum extent of strain-stiffening before
breakage, as quantified by the ratio Kmax /G0 , was close to a value of 100 for
gels of 0.2−3 mg/ml and decreased to 10 for gels of 6 mg/ml fibrin (open circles in Fig. 3.7D). The nonlinear elastic response in the presence of cells (solid
symbols in Fig. 3.6A) was qualitatively similar to the behavior of unseeded
gels. The gels again had a linear regime for stress levels below an onset stress,
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Figure 3.8: Fibrin gel stiffness with and without cells in the presence or
absence of blebbistatin. Blebbistatin was added in the medium from the
start to a final concentration of 100 µM. In case of the control sample
(no cells), we added methanol without blebbistatin. For the cell seeded
case there was no methanol added to the medium. However, tests in 2D
culture showed no effect on cell spreading at this methanol concentration.
Data points are averages of 4 separate measurements for the control and
of two separate measurements for the other two cases.

σ0 , and stiffened at larger stress levels until the breakage stress, σmax , was
reached. For dense gels (≥3 mg/ml fibrin), the entire stress dependence of
the response of cell-seeded and acellular gels was indistinguishable (triangles).
However, for dilute gels (≤2 mg/ml fibrin) the cells caused a clear increase of
the linear elastic modulus while leaving the high-stress response unchanged.
The maximum shear stress, σmax , supported by the gels was unchanged by the
presence of cells (Fig. 3.7C), and the maximum elastic modulus, Kmax , was
likewise unchanged. Consequently, the relative degree of stress-stiffening before
breakage, Kmax /G0 , was about 3-fold lower for cell-seeded gels than for acellular gels (Fig. 3.7D). When we increased the cell density, we observed an even
more pronounced increase of the linear modulus, but the high-stress response
still remained unchanged (Fig 3.6B). These observations strongly support our
hypothesis that cells stiffen the gels by an active mechanism, involving contractile prestress. Indeed, tests with blebbistatin, which specifically inhibits
myosin II contractile activity [416], show that myosin activity is a requirement
for cell-induced stiffening (Fig. 3.8).
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The increased stiffness of the cell-seeded gels coincided with a postponement of the onset of stress-stiffening (Fig. 3.7A). In the absence of cells, the
stress at the onset of strain stiffening, σ0 , increased more than tenfold when
the fibrin concentration was raised from 0.6 to 6 mg/ml (open circles in Fig.
3.7A). The corresponding onset strain, γ0 , was 30% for the most dilute gels
(0.2 and 0.5 mg/ml) and only 1−3% for the more concentrated gels (open circles in Fig. 3.7B). The cells increased σ0 and decreased γ0 for gels with fibrin
concentrations below 2 mg/ml (p<0.06). Similar to the cell-free gels, there
appeared to be two distinct concentration regimes for γ0 , with γ0 ' 10 % for
0.2 and 0.5 mg/ml fibrin and γ0 ' 1 % at higher fibrin concentrations.

3.4
3.4.1

Discussion
Cells Stiffen Fibrin Gels by Generating Contractile
Prestress

We showed that fibroblasts seeded inside extracellular matrices prepared from
purified human fibrinogen cause macroscopic matrix stiffening. The extent of
stiffening increases with increasing cell density, reaching a maximum of 3-fold
stiffening over cell-free gels at 1000 cells/µl. At higher cell densities, cells
caused macroscopic contraction and detachment from the rheometer plates.
Stiffening was apparent only in dilute fibrin scaffolds of 2 mg/ml or less. These
findings are consistent with several prior studies, showing comparable degrees
of stiffening in case of fibroblasts and mesenchymal stem cells (factor 2−4 stiffening, at a similar cell density as ours [55]) and platelets (factor 10 stiffening,
but at a 100-fold larger cell density compared to our study [270, 417]). A
similar extent of cell-induced stiffening was also reported for frog embryonic
tissue [418]. In these earlier studies, it was already hypothesized that the stiffening effect may be caused by active contractility of the cells, which may drive
the gel into a nonlinear, stress-stiffened state. In our work, we systematically
tested this hypothesis. Here we showed by rheology measurements in the presence of the myosin inhibitor blebbistatin that cell-induced gel stiffening indeed
requires myosin-driven contractility.
We observed a clear correlation between the onset of gel stiffening and
the onset of cell spreading. Time-dependent rheometry showed that the cells
started to stiffen the fibrin gels ca. 1−3 hours after cell seeding, which coincided with the moment where microscopy showed that cells started to attach to
the gels and spread. Fibrin network formation was largely complete within the
first hour (Fig. 3.11 in SI), well before the cells began to spread. In the process
of spreading, the cells applied inward (traction) forces to the fibrin fibers and
caused fibrin gel compaction, but only near the cell edges. This compaction
was only seen in dilute (≤ 2 mg/ml) fibrin gels. Once the cells were fully spread
(ca. 6 hours after seeding), they maintained active tension in the surrounding
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fibrin network. This was apparent from the abrupt release of tension when
GRGDS was added to block the RGD binding integrins [408, 411, 412]. The
elastic modulus of the cell-seeded gels reached a constant value once the cells
were well-spread.
Cell-induced gel stiffening could in principle arise either from active traction forces, which prestress the network [419–421] or from a passive crosslinking
effect of the cells [420, 422]. We consider the latter explanation unlikely, since
the cells take up less than 1% of the total sample volume, based on an average
cell diameter of 25 µm. Moreover, the close correspondence of the time dependence of cell spreading and gel stiffening strongly suggests that cell traction
forces are related to gel stiffening. This interpretation is further supported by
tests with blebbistatin, showing that myosin inhibition prevents gel stiffening
(Fig. 3.8). A direct comparison of the nonlinear elastic behavior of cell-seeded
and cell-free gels also supports an active mechanism. The cell-seeded gels have
a higher elastic modulus than acellular gels at low shear stress, but an identical
elastic modulus at high shear stress. Furthermore, the cell-seeded gels have a
smaller onset strain than cell-free gels. These observations indicate that the
cells generate an internal prestress that brings the fibrin gels in a nonlinear
stress-stiffened state. The stiffness of the cell-seeded gels is controlled by a
sum of the active prestress and the externally applied shear stress. Fig. 3.6B
illustrates the concept, by comparing stress-stiffening curves of a cell-seeded
fibrin gel (green triangles) with that of a cell-free gel (red squares). The cellseeded gel has an initial modulus (horizontal dotted line) that corresponds to
the modulus of the cell-free gel under an external shear stress of about 2 Pa
(vertical dotted line). At shear stresses larger than 2 Pa, the cell-seeded gel
starts to stiffen and its nonlinear modulus coincides with that of the cell-free
gel. The maximal modulus reached before breakage is the same for the cellular
and acellular gels. Since the cellular gel starts out in a prestressed, stiffened
state, the total degree of gel stiffening caused by the external stress (given
by the ratio Kmax /G0 ) is less than for the acellular gel. We note that these
observations are qualitatively consistent with prior large amplitude oscillatory
shear measurements of fibrin gels and plasma clots containing platelets [270].
The platelets, similar to the fibroblasts studied here, increased G0 (by a factor
of 5) while having no effect on gel stiffness at large levels of shear stress. Moreover, similar to the fibroblasts studied here, the platelets postponed the onset
of strain-stiffening to larger values of σ0 and reduced the maximum extent of
strain-stiffening before gel breakage.
The external shear stress where the nonlinear modulus of the acellular gel
matches the linear modulus of the cellular gel can provide an estimate of the
global prestress in the cellular gels generated by the cells [373]. The prestress
thus estimated increases roughly linearly with increasing cell density, going
from 1 Pa for 16 cells/µl to 3 Pa at 1000 cells/µl in gels of a constant (1
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Figure 3.9: Cell-mediated prestress (left axis, open circles) determined
by comparing the stress-stiffening response of cellular and acellular gels
according to the procedure shown in Fig. 3.6B, and corresponding calculated average force per fibrin fiber (right axis, solid triangles). (A)
Prestress as a function of cell density in gels of fixed fibrin concentration
(1 mg/ml). (B) Prestress as a function of fibrin concentration at a fixed
cell density (500 cells/µl).

mg/ml) fibrin concentration (open circles in Fig. 3.9A). At fixed cell density
(500 cells/µl), the prestress increases from 0.5 Pa to 9 Pa as the fibrin concentration is increased from 0.2 to 2 mg/ml (Fig. 3.9B). However, at fibrin
concentrations of 3 mg/ml and higher, there is no measurable prestress, since
the elastic moduli of cellular and acellular gels are indistinguishable. This
does not necessarily imply that the prestress is zero, since the prestress may
be less than the onset stress needed to induce strain-stiffening (σ0 = 7 Pa at
3 mg/ml). However, bright field imaging did show that the cells are less wellspread in dense (3−6 mg/ml) fibrin gels than in dilute (0.2−2 mg/ml) gels.
Cells in denser gels are less elongated and generate much shorter protrusions
than in more dilute gels (Fig. 3.2 and Fig. 3.12 in SI). On 2D gels, well-spread
cells tend to exert higher traction forces than less-spread cells [1, 377, 379],
which raises the possibility that cells in dense fibrin gels exert smaller traction
forces than in dilute gels. Recent work suggests that matrix-embedded cells
mainly generate traction along their pseudopodial protrusions [423, 424]. The
reduced tendency of the cells to form pseudopods in dense gels may therefore
also contribute to a smaller overall prestress. However, a direct measurement
of traction forces on a microscopic scale in the fibrin network immediately
adjacent to the cells will be needed to verify this hypothesis [257].
From the prestress values, we can estimate an average traction force experienced by each fibrin fiber by dividing the prestress by the total filament
length density, ρ. We find an average force per fiber between 2 and 10 pN,
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depending on cell density and fibrin concentration (solid triangles in Fig. 3.9A
and B). These values are considerably lower than traction forces reported by
other techniques and in a variety of ECM materials [64, 237, 247, 257]. This is
expected, since the numbers reported here are ensemble averages over the entire cell population. In the local vicinity of cells, we expect higher force levels
than in the regions in-between cells. Interestingly, the reduced cell spreading
in denser fibrin gels is in apparent contradiction with studies of cell spreading
on planar (2D) elastic substrates, where increased substrate stiffness tends to
promote cell spreading [40,175,213,377]. However, in 3D matrices several other
factors can influence cell spreading behavior, such as differences in local stiffness, ligand density, porosity, and three-dimensionality of cell surface receptor
engagement (see Chapter 1 for an extensive review). Changing the fibrin concentration changes not only the stiffness, but also the matrix porosity. The
average mesh size determined by confocal microscopy decreases as a square
root in fibrin concentration, going from 10 µm at 0.1 mg/ml fibrin to 2 µm at
6 mg/ml fibrin [66]. The small mesh size of the denser gels may constrain the
cell body and also impede the extension of pseudopods. In the future, it will
be interesting to find alternative ways to modify the matrix rigidity without
changing the network architecture.

3.4.2

Mechanistic Origin of Fibrin Gel Stiffening

The nonlinear elastic modulus of the fibrin gels has a remarkably complex
dependence on stress, with four distinct phases, as indicated in Fig. 3.6B. We
recently showed that these four phases reflect the hierarchical structure of fibrin
networks [66]. At small stress, excess length between crosslink points stemming
from thermal bending fluctuations are pulled out, giving rise to an initial
linear regime (regime 1) followed by an entropic stiffening response (regime
2). Despite their large diameter (∼100 nm), the fibers do exhibit significant
thermal fluctuations because they are composed of semiflexible protofibrils that
are bundled by flexible linker chains. Due to this bundle-like architecture, the
fibers exhibit still significant thermal fluctuations and show a ω 3/4 dependence
as expected for semi-flexible polymer chains (see Chapter 5). However, it is
likely that for fibrin gels prepared under conditions where the fibers are thicker
or the mesh size is larger, entropy no longer plays an important role. In these
cases, we instead expect nonaffinity to govern the low-stress response [425].
As the stress is raised further, the fibers themselves are axially stretched,
causing a small regime of constant elastic modulus (regime 3) followed by
another strain-stiffening regime (regime 4). The stiffening at large stress suggests that the fibers themselves have an inherently nonlinear force-extension
response. Direct force-extension measurements using atomic force microscopy
have indeed demonstrated strain-stiffening on the level of individual fibrin
fibers, though the exact molecular origin is still under debate. Possible explanations are stretching of flexible αC-linker regions that connect the pro95
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tofibrils within a fiber [66, 282] or forced-unfolding of the fibrin monomers
[299, 335, 389, 426]. Remarkably, the cells only influence regimes 1 and 2 of
the nonlinear response of the fibrin gels. In regimes 3 and 4, where the fibrin
fibers themselves are axially stretched, the stiffening curves for cell-populated
gels are identical to those of cell-free gels (Fig. 3.6A and B). This observation indicates that stress/strain applied by the cells are sufficient to stretch
out thermal undulations of the fibrin fibers between crosslink points, thereby
increasing the elastic modulus in regime 1 and shifting the onset of regime 2
to a larger onset stress. However, the cells are apparently unable to stretch
out the backbone of the fibrin fibers. Indeed, the forces reported in Fig. 3.9
are insufficient for causing forced unfolding of fibrin monomers, which requires
forces on the order of 100 pN [426]. Strain-stiffening of individual fibrin fibers
requires large strains on the order of 100% [282]. We cannot exclude that
backbone stretching occurs locally in a few highly strained fibrin fibers, but
we can exclude that it occurs on a macroscopic scale.
The cell-induced stiffening of the fibrin gels is an analogue of rheological
measurements of reconstituted actin-myosin gels [372, 373]. Contractile prestress generated by myosin II motors was shown to produce identical stiffening
as an external stress applied by shearing actin networks [373]. The active
prestress reached values equivalent to an external stress of 14 Pa. The average force per actin filaments (which may be calculated from the known mass
concentration and mass per length ratio of actin fibers [427]) was 0.3 pN. Consistent with the fact that cells contain many myosin II motor molecules, the
average force in the actin-myosin networks is an order of magnitude lower than
the forces we find for cell-mediated matrix stiffening.

3.4.3

Implications of Cell-induced Stiffening

In recent years, various quantitative techniques (collectively known as ’traction force microscopy’, see section 1.7 in Chapter 1) have been developed to
measure traction forces exerted by cells on 2D substrates [378, 379, 428] and
inside 3D hydrogels [247,257,423]. The basic idea is to measure the strain field
in the substrate by tracking the displacements of fiducial markers and to convert strains into traction forces by using an appropriate elastic model for the
substrate. This conversion requires certain assumptions, such as continuum
elasticity and linearity. These assumptions are reasonable for typical synthetic
hydrogels such as polyacrylamide, but are invalid in physiologically relevant
fibrous materials such as collagen or fibrin networks [56, 57]. Our results show
that cells are able to induce active stiffening of fibrin matrices, which should
be taken into account in future attempts to perform traction force microscopy
in 3D matrices.
Cell-induced stiffening also has implications for understanding tissue behavior during tissue development and homeostasis. By locally pulling on the
matrix, cells can sense and respond to mechanical changes of the ECM. How96
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ever, at the same time they also actively change the stiffness and tension in the
ECM, thus creating a mechanical feedback loop [429]. This effect may explain
recent findings showing that fibroblasts and human mesenchymal stem cells
plated on soft fibrin gels behaved the same as on stiff 2D substrates, suggesting
that the cells respond to the gel’s high-strain modulus [55]. Cell-induced matrix
stiffening may also result in a feedback loop enhancing cellular contractility,
development of stress fibers and growth of adhesions [33]. Furthermore, the
nonlinear elastic response of the ECM on cell contractility will likely influence
the mechanical interactions among cells during tissue morphogenesis, a phenomenon which has been seen [46, 238, 384] as well as theoretically [430–433].
Studies of cells cultured in/on linearly elastic materials have shown that stem
cell fate can be controlled by changing matrix stiffness [1, 89], which implies
that scaffold stiffness is a key design parameter for biomaterial scaffolds for
tissue repair. Owing to its natural function in angiogenesis and wound repair,
fibrin is particularly popular for applications in tissue engineering of cartilage,
cardiac muscle, skin wound healing, nerve, and vascular tissue [400,434]. Given
that matrix stiffness is an important design parameter, cell-induced stiffening
is thus an important factor.

3.5

Conclusion

Here we have shown that fibroblasts stiffen tissue-like fibrin matrices by applying contractile forces against the extracellular matrix that brings it into a
stress-stiffened regime. By correlating observations of cell spreading with rheological measurements, we discovered that stiffening starts as the cells start
to spread and apply contractile tension. Once the cells are well-spread, they
maintain an isometric contractile force on the fibrin matrix. Control tests with
an actin-myosin inhibitor correlated contractile force with stiffening of fibrin
gels. We found that both cell spreading and fibrin gel stiffening were sensitive
to the matrix density. Cells assumed well-spread, elongated shapes with long
protrusions in gels of low fibrin concentrations and spread progressively less
in denser fibrin gel, remaining round with small protrusions in the densest gel
tested (6 mg/ml). By directly comparing nonlinear rheology measurements on
cell-seeded and cell-free gels, we conclude that cells generate traction forces
that are sufficient to pull out large wavelength thermal undulations of the
fibrin fibers, but insufficient to axially stretch the fibrin fibers. The mechanical properties of fibrin blood clots during wound healing, fibrosis, and cancer
development are probably controlled at least in part by the nonlinear elastic
response of the clots to the active internal forces generated by embedded cells.
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Materials
To test the involvement of integrins in cell spreading and traction force generation, we added the integrin-binding peptide GRGDS (AnaSpec Inc., Seraing,
Belgium) to a 3 mg/ml fibrin matrix with fibroblasts, once the cells were
well-spread. This peptide should compete with integrin binding sites on fibrin [408,411,412]. GRGDS was dissolved in 5% acetic acid at a concentration of
2 mM and stored at -20◦ C. GRGDS was freshly diluted with CO2-independent
medium to a concentration of 20 µM and added to cell-populated gels after
completion of cell spreading by exchanging this medium with the medium on
top of the glass disc. The final GRGDS concentration was 10 µM, sufficient
for maximal inhibition of integrin binding [408, 411, 412].

qPCR protocol
Cells were allowed to spread for 6 hours within gels of 1 mg/ml fibrin (denoted
as ’3D’) at a cell density of 500/µl. Medium was removed and replaced by
0.05% trypsin/EDTA (Invitrogen). The gels were incubated for ∼10 min at
37◦ C to dissolve the gels. The solutions were then spun down and the pellets were quick-frozen and stored at -80◦ C. Cells cultured in tissue culture
flasks (denoted as ’2D’) were trypsinized and collected by centrifugation. Cell
pellets were quick-frozen and stored at -80◦ C. Quantitative real time PCR
(qPCR) analysis was performed as described elsewhere [435]. Briefly, RNA
was isolated from cells grown in 2D or 3D culture using TRIsure (Bioline)
and precipitated in 2-propanol for 1 hour room temperature. 500 ng of RNA
was DNaseI treated and used as a template to generate cDNA following the
manufacturer’s instructions (Quantitect-Qiagen, Venlo, the Netherlands) with
a mixture of oligo dT and random primers at 42◦ C during 30 min. The resulting cDNA (10 µl) was diluted 1:20 and served as a template in real-time
quantitative PCR assays (SYBR Green PCR Master Mix (ABI)). Quantification and normalization procedures are described in detail elsewhere [436].
Briefly, the expression of the genes rnapolii, hprt, gapdh and ef1a were used
to normalize the detected integrin expression. Primers were designed for the
PCR product to be intron spanning using NCBI’s Primer Blast [437]. qPCR
was performed for integrin β3 with primers FW: CCCCACCACAGGCAATCAAA, and RV: AGCGTCAGCACGTGTTTGTA, and for integrin αV with
primers FW: CAAGGGAACCCTTCCTCGGA, and RV: GGAGAAACAGTGCTCGTCGG.
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For rheology measurements of (cell seeded) fibrin gels, a steel cone and plate
(40 mm diameter, 1◦ cone angle, ’CP40-1’) was used. After 10 minutes, the
fibrin gel was overlaid with 8 mL of αMEM supplemented with 2% FBS, 20
mM HEPES, and 0.1% antibiotics, as sketched in Fig. 3.1A. Since the medium
is only touching the edges of the geometry, there will be a gradient of nutrients and oxygen from the sample edge to the center. To assess whether this
gradient influences cell viability, we imaged cells within fibrin networks in a
custom-made glass sample chamber that mimics the cone-plate geometry of
the rheometer. Based on cell morphology, we counted the number of spread,
round and dead cells (Fig. 3.10). We found that up to about 10 mm inwards
(corresponding to half the radius of the geometry), the cells are spread. At
8−9 mm inwards, the fraction of round cells starts to go up. At about 12
mm inwards, cells start to die, mostly likely due to an oxygen and metabolite
gradient. Thus, clearly, cells do not behave the same in the center as near the
edge. It should be noted, however, that in a cone-plate geometry, the outer
edges contribute much more strongly to the measured mechanics than the center of the sample. Also in the region where the cells do spread, more than 80%
of the sample volume is located. We also note that even if the CP40-1 geometry is not ideal for cell survival, it does create a three-dimensional scaffold for
the cells and is therefore a reasonable compromise between cell survival and
three-dimensionality, with the effect of dead cells on fibrin gel mechanics being
minimal. We also checked that the presence of medium around the rheometer
plates did not influence the viscoelastic behavior.
PIV analysis
Particle Image Velocimetry (PIV) analysis was performed based on fluorescence confocal microscopy time-lapse movies of 2 and 3 mg/ml fibrin gels
recorded during cell spreading. We used an existing PIV routine in Matlab (PIVlab_GUI.m, downloaded from http://www.mathworks.nl). Briefly,
1064x1064 pixels images were highpass filtered using a filter size of 15 to 30
pixels before analysis. PIVlab uses a method called ’multiple pass’ to increase
accuracy. The search window area at step one was 64 pixels with 32 pixel
overlap, at step two 32 with 18 pixels overlap and at step three 20 with 10
pixels overlap. The last step is chosen to be slightly bigger than the observed
mesh size. For finding of the peak of the correlation matrix, a Gaussian 2x3
point sub-pixel estimator was used. The final accuracy was estimated to be 1
to 2 µm, corresponding to a few pixels [438].
Alignment Analysis
To analyze the response of fibrin fiber orientations to the presence of cells, we
analyzed confocal images of cell-free and cell-populated fibrin networks using
the ImageJ plugin OrientationJ, developed by Daniel Sage at the Biomedical
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Image Group (BIG), EPFL, Switzerland and freely available at bigwww.epfl.ch
(last visited 26 August 2013). Specifically, we analyzed maximum intensity
projections of z-scans taken over a depth of 40 µm (1 µm step size). Briefly,
OrientationJ evaluates the local orientation and coherency of every image pixel
and computes a distribution of angles. A Gaussian window of 2 or 3 pixels and
a Gaussian gradient was used to determine the local derivative [439]. Using
these orientation images, we calculated the nematic order parameter. Given a
collection of orientation measurements, ψ, in the range (-90◦ , 90◦ ], the nematic
order parameter is computed from the second-order tensor order-parameter
S2 [440]:


hcos 2ψi hsin 2ψi
S2 =
(3.1)
hsin 2ψi −hcos 2ψi
Angle brackets h·i denote averages over all orientation measurements. The
tensor S2 is symmetric and traceless. Solving the eigenvalue problem for S2
yields two eigenvalues,
p
(3.2)
λ1,2 = ± hcos 2ψi2 + hsin 2ψi2 = ±S
which yield the (two-dimensional) scalar order-parameter S familiar for liquid
crystals. This order parameter quantifies the width of the distribution of orientation measurements. It is zero for a uniform distribution of orientations,
and approaches one for a sharply-peaked distribution. We find that in practice
S is between 0.1 and 0.2 for isotropic networks.

3.7.2

Movies

For the supplementary movies, we refer the reader to:
http://www.biophysj.org/biophysj/supplemental/S0006-3495(13)01136-3
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Supplementary Figures
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Figure 3.10: Morphologies of cells in a 2 mg/ml fibrin gels after 7 hours
in a sample geometry that mimics the rheometer cone-plate geometry.
(A) Schematic showing how the CP40-1 geometry is mimicked using glass
coverslips (not drawn to scale). After filling the geometry with a solution
of activated fibrinogen and cells, the sides were sealed with VALAP and
the geometry was placed in a petridish with medium after 10 minutes
polymerization. Cells were observed in the middle of the glass slide. (B)
Relative counts of spread (green), round (blue) and dead cells (red) as a
function of distance from the edge, as determined from cell morphology.
(C-F) Examples of cell morphologies observed with a 10x air objective
using phase contract. (C) and (E) represent ’spread’ morphologies seen
at spot 1 and 2 in (B). (D) Example of a round cell. (F) Example of a
dead cell. The scale bar is 20 µm for all images.
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Figure 3.11: Time lapse images showing polymerization of a cell-free fibrin
gel recorded by label-free confocal reflection microscopy (1 mg/ml). The
scale bar denotes 20 µm. Images were taken using a 40x oil objective
and 457 nm laser light. Time elapsed since the addition of thrombin is
indicated in each panel. The bright spot in the center is an artifact of the
imaging technique. Images recorded after the ∼10 second time point are
over-saturated because the laser and detector settings were optimized to
capture the earliest time point.
0.5 mg/ml

3 mg/ml

6 mg/ml

Figure 3.12: Cells in fibrin gels of different concentrations (see labels)
imaged using a 40x (N.A. 1.0) oil immersion objective. Images were
taken after overnight incubation. The scale bars are 20 µm.
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Figure 3.13: The effect of increasing cell density (see labels) on fibrin
network structure. (A-D) All images are maximum intensity projections
of confocal fluorescence microscopy stacks of 40 images spanning 40 µm
in height. The cell density was varied from 0 to 850 cells/µl (see labels).
Scale bars are 20 µm. (E) Pixel orientation histogram for images (A)
(control, black line) and (B) (green line squares). Images were analyzed
using OrientationJ. (F) Nematic order parameter of images (A-D). S can
range between 0 for an isotropic system and 1 for a perfectly aligned
system, but in practice we find values of 0.1−0.2 for isotropic networks.
Only the networks with 500 cells/µl is slightly anisotropic (S = 0.21).
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Figure 3.14: Frequency dependence of the linear rheology of fibrin gels
with cells (squares) and without cells (blue circles). (A) Linear elastic
modulus (solid symbols) and viscous modulus (open symbols) of a fibrin
network (1 mg/ml) with and without cells (500/µl). (B) Power law exponent, α, of the frequency dependent elastic modulus for fibrin networks
with and without cells (500/µl) as a function of fibrin concentration.
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Figure 3.15: The viscous (loss) modulus G00 of cell-seeded (500/µl) fibrin
gels (red solid squares) and unseeded fibrin gels (blue open circles) as a
function of fibrin concentration.
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Figure 3.16: (A-B) The elastic (storage) plateau modulus, G00 , and viscous (loss) modulus G000 of cell-seeded fibrin gels (red solid squares) and
unseeded fibrin gels (blue open circles) as a function of cell density for a
4 mg/ml fibrin gel. (C-D) The frequency dependence of cell-seeded fibrin
gels (gray filled circles 500 cells/µl, open black triangles 2000 cells/µl, gray
open stars 5000 cells/µl) and unseeded fibrin gels (black filled squares) as
a function of cell density for a 4 mg/ml fibrin gel. The frequency dependence is unaffected, except at 5000 cells/µl. Perhaps the volume fraction
of cells is large enough here to influence the overall rheology.
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4.

Fibrinogen Unfolding During
Fibrin Gel Stretching

Fibrin is a transient extracellular matrix that forms upon vascular injury as a first step towards wound healing. Fibrin fibers can be extended several
times their own length without rupture, though the origin of this extraordinary
extensibility is still poorly understood. In this chapter, we study the origin
of fibrin extensibility by using small-angle X-ray scattering (SAXS) in combination with tensile tests. SAXS measurements provide insight into both the
axial and lateral molecular packing structure of the fibers. We show that the
degree of axial and radial packing order is dependent on fibrin bundle size,
which we relate to the mesh size of the network that puts an upper bound on
the range of crystalline order. By comparing our SAXS measurements with
full-atom simulations of protofibrils, we show that the second order reflection
of the half-staggering axial repeat distance is suppressed due to the symmetric
structure of the fibrinogen monomer. Upon stretching, however, several new
peaks appear, including the second order reflection. At high strains of ∼100%,
the peaks indicative of axial order disappear, showing that stretching causes
forced molecular unfolding. To trace the molecular origin of these changes,
we compare our SAXS results with predicted SAXS spectra based on full-atom
simulations of stretched protofibrils. Taken together, our experiments and simulations directly show that protofibril elongation is mediated by 1) elongation of
the alpha-helical coiled-coil regions and 2) γ-nodule unfolding, which starts at
30% strain. These results are important to understand the reduced extensibility in case of disease-related fibrinogen mutations and the influence of FXIIIa
crosslinking on fibrin fiber extensibility.
K.A. Jansen, A. Zhmurov, G. Portale, D.H. Merino, R.I. Litvinov, B.E. Vos, V.
Tutwiler, I.K. Piechocka, N.A. Kurniawan, W. Bras, J.W. Weisel, V. Barsegov,
G.H. Koenderink
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Introduction

The formation of a fibrin network during blood clotting is one of the first
step towards wound healing [330]. The fibrin network serves as a plug to stop
bleeding and provides a scaffold for cells that mediate wound healing. Fibrin
formation is initiated by enzymatic conversion of the soluble plasma protein
fibrinogen to its activated form, referred to as fibrin [441]. The fibrinogen
monomer is comprised of two identical subunits, each of which is formed by
three polypeptide chains denoted Aα, Bβ and γ. These chains fold into a
trinodular structure that is around 46 nm in length and 4.5 nm in diameter [350]. The central E-region is formed by the N-terminal portions of all
the chains, while the terminal D-regions are formed by the C-terminal portions. The D-regions consist of a number of structurally distinct domains,
including the β and γ-nodules [442]. The middle portions of the Aα, Bβ
and γ chains form rod-like α-helical coiled-coil connectors between the E- and
D-regions. The C-terminal ends of the Aα-chains known as the αC regions
form globular αC-domains that are tethered to the molecule with the flexible
αC-connectors [359]. Thrombin triggers fibrin clot formation by sequentially
removing two sets of fibrinopeptides known as FpA and FpB from the N-termini
of the Aα and Bβ chains. Removal of the FpA peptides exposes A-knobs in
the E-region that are complementary to ’a’ holes in the D-regions, thus causing
half-staggered self-assembly into two-stranded protofibrils [443]. Subsequent
removal of the FpB peptides exposes B-knobs in the E-region that are complementary to ’b’ holes in the D-regions. Both B:b interactions and interactions
between the alphaC-domains of adjacent protofibrils are thought to contribute
to protofibril bundling [330, 358, 444, 445]. Under near-physiological (’coarse
clot’) conditions, purified fibrin forms fibers that are bundles of several tens
of protofibrils [66]. In contrast, at high pH and ionic strength, protofibril
bundling is inhibited and so-called ’fine clots’ are formed (see Chapter 2). The
fibers are mechanical reinforced by activated Factor XIII (FXIII), which forms
covalent bonds between the γ and α chains [446].
The mechanical properties of fibrin significantly affect the biological functions of fibrin [447, 448]. Blood clotting requires that fibrin networks are sufficiently elastic and strong that they can withstand the mechanical forces applied by flowing blood [449, 450] and the contractile forces applied by platelets
[420, 451]. Moreover, fibrin networks need to provide appropriate mechanical resistance to the contractile forces applied by cells during wound healing
[67, 270]. Yet, abnormally stiff networks formed in case of excessive crosslinking can also be disadvantageous since they are not easily lysed and cause
thrombotic diseases [343]. Both whole plasma clots and purified fibrin networks exhibit remarkable elastic properties: they stiffen strongly and can be
reversibly sheared or stretched up to strains in excess of 100% [66,366,389,413].
Mechanical measurements on single isolated fibers have shown that the fibers
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themselves also stiffen when stretched [282], and that they can be stretched
up to four-fold their original length without breaking [283, 333, 334].
The physical basis of the exceptional nonlinear elastic behavior of fibrin
is still under debate. Fibrin networks are structured across multiple scales,
from the molecular (monomer) scale, to the protofibril, the fiber, and finally
the network scale. It is difficult to disentangle the distinct contribution of
each of these scales to the overall macroscopic response. At the network scale,
the elastic properties of fibrin have been modeled by polymer theories, which
treat fibrin fibers as uniform semiflexible polymers with a certain stretch and
bend rigidity [39]. These models indeed predict a strain-stiffening response.
However, the extreme extensibility of fibrin networks can only be understood
when the internal structure of the constituent fibers is explicitly modeled.
There are two main models to explain the extensibility of fibrin fibers.
The first model relies on forced unfolding of the fibrin monomers. All-atom
Molecular Dynamics (MD) simulations of the force-extension behavior of single fibrin molecules showed that stretching causes molecular elongation by an
interplay between unwinding of the α-helical coiled-coil connectors and unfolding of the γ-chain nodules [299, 335]. The simulations further predicted that
the coiled-coil connectors undergo an α-helix to β-strand conversion, resembling the stretch-response of coiled-coil domains in intermediate filaments and
myosin [452,453]. Each coiled-coil consists of 111 or 112 amino-acid residues of
the Aα-, Bβ-, and γ-chains, and can thus contribute a 23-nm molecular extension as it goes from a folded length of 17 nm to an unfolded length of 40 nm, as
supported by molecular simulations and AFM measurements [426]. Unfolding
the γ-chain nodules can contribute another 160 nm molecular extension [299].
However, it is unclear how intermolecular contacts between fibrin molecules
packed together in a fiber will influence the unfolding process. This question
is difficult to address in view of the large size and complexity of the fibers.
Furthermore, it is unclear what force levels fibrin molecules will experience
locally within a strained network, especially in dilute networks that are known
to experience inhomogeneous (nonaffine) deformations [413, 454].
The second model to explain the extensibility of fibrin fibers has focused
on their bundle-like supramolecular structure, which consists of relatively rigid
protofibrils coupled by long and rather flexible carboxy-terminal extensions of
the Aα-chains that protrude from the protofibrils [359]. Computational modeling of this composite structure showed that stretching of the unstructured
αC-connector region of the α-chain can in principle explain the extensibility
and strain-stiffening of fibrin fibers [365]. Experimental support for this model
comes from force-extension measurements on fibers assembled from fibrin of
different species, which demonstrated that a longer αC-chain region correlates
with greater extensibility [337]. However, there is also some experimental evidence against a supramolecular origin of nonlinearity. As shown in Chapter
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2, we have evidence from rheology studies that fine clots, which mostly lack a
bundle organization, show the same elastomeric response as coarse clots. This
observation does not change when α-α-crosslinking is inhibited. The extensibility and strain-stiffening behavior thus occur independent of the αC-chain
regions and is apparently intrinsic to the protofibrils themselves, lending support to the molecular unfolding model.
A few studies have sought to directly test the molecular mechanism that underlies the elastomeric response of whole fibrin networks by combining macroscopic mechanical testing with in situ structural measurements. There are
some clear hints from Small Angle X-Scattering (SAXS) studies on stretched
fibrin films and gels that molecular unfolding does occur at high tensile strains.
The scattering peak corresponding to the half-staggered axial repeat distance
(22.5 nm) of fibrin was shown to increase in width and decrease in height at
increasing strains, indicating increased disorder [389,455,456]. One study even
showed disappearance of the peak at a tensile strain of 100% strain [389]. More
direct evidence for force-induced changes in secondary structure comes from
vibrational spectroscopy measurements, which confirmed the predicted α-helix
to β-strand conversion of the coiled-coil regions in stretched and compressed
fibrin gels [336]. Further qualitative evidence for this structural transition has
come from staining with the β-sheet-specific dye Congo Red [366]. However,
the generality of these observations is unclear and the details of the unfolding
pathway, such as onset strain and sequence of domain unfolding, are unknown.
Here we aimed to test directly whether forced unfolding of fibrin molecules
occurs during macroscopic fibrin network stretching, and if so, to identify the
unfolding pathway. To this end, we probed the molecular packing structure
of fibrin gels that were reconstituted in vitro by in situ SAXS measurements
during gel stretching with a uniaxial tensile tester. SAXS is widely used for
structural characterization of soft matter on small length scales (∼1-100 nm)
[457]. This range of scales nicely matches the typical length scales associated
with the molecular packing structure of fibrin as well as other protein fibers
like collagen [458] and silk [459]. Moreover, SAXS is non-invasive and can
probe structural information in a label-free manner. These features make
SAXS an ideal method to study changes in molecular structure taking place in
macroscopic samples during deformation. However, it is not straightforward to
identify changes in molecular structure from SAXS data for complex systems
such as fibrin.
Long-range order in the molecular packing arrangement of fibrin monomers
in the fibers gives rise to Bragg diffractions, which show up as peaks at characteristic distances in the SAXS spectra [295,298,460,461]. Changes in molecular
structure can be inferred from changes in the positions, heights, and widths of
these Bragg peaks provided that a model is available of the molecular packing
structure. Unfortunately, modeling of scattering from fibrin is complicated due
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to the complexity of its molecular packing structure. Fibrin fibers are known
to exhibit long-range axial packing order resulting from half-staggered overlap
of the fibrin monomers since early SAXS measurements dating back to [460] as
well as electron microscopy (EM) studies [289]. Intriguingly, third and higherorder reflections of the 22.5 nm axial repeat distance are usually visible, but the
second order reflection is almost always lacking in SAXS spectra [298,460,461].
The origin of this peak suppression is unclear. For fibrin samples with thin
fibers, also the first order reflection of the half-staggering distance is not clearly
visible [456]. Furthermore, the cross-sectional packing structure of fibrin fibers
is still poorly understood. Some X-ray scattering and EM studies concluded
that there is no ordered, lateral packing in fibrin fibers [460, 462], while others
found evidence of lateral crystallinity [298, 463, 464].
Here we provide SAXS data for fibrin gels obtained during stretching, together with a molecular interpretation based on a direct comparison of our
data with full atom simulations of fibrin protofibrils from our co-workers,
Artem Zhmurov (Moscow Institute of Physics and Technology), and Valeri
Barsegov (University of Massachusetts Lowell). To understand the influence
of the molecular packing structure of fibrin fibers on the SAXS spectra, we
first performed SAXS measurements on unstretched fibrin gels with varying
bundle sizes. We show that the axial molecular packing structure of fibrin
can explain the suppression of the second order reflection of the 22.5 nm axial
repeat. Further, we find that the Bragg peaks corresponding to axial order are
much more pronounced for thicker fibers and that the peak width is correlated
to the mesh size of the network. The SAXS spectra confirm a recent model describing the radial packing structure of fibrin fibers as partially ordered [295].
When the fibrin gels are subjected to uniaxial stretch, we find clear evidence
for forced molecular unfolding. The second order reflection of the 22.5 nm
axial repeat distance appears when the strain reaches ∼30%, which coincides
with unfolding of the γ-nodules in simulations of single protofibril stretching.
Furthermore, peaks corresponsing to axial packing order become broader and
less intense with increasing strain, indicative of increased disorder. At strains
of ∼90-100%, the peaks disappear, but only for slow pulling rates. By combining SAXS experiments with MD simulations, we can now understand the
molecular basis of fibrin’s extensibility and strain-stiffening response. Forced
unfolding may also help explain recent findings that mechanical stretch protects fibrin fibers against fibrinolysis [465–467].

4.2
4.2.1

Materials and Methods
Fibrin Polymerization

Human fibrinogen depleted of Von Willebrand Factor (VWF), fibronectin and
plasminogen (FIB3) as well as human αthrombin were purchased from Enzyme Research Laboratories (Swansea, UK). The fibrin networks were in all
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cases covalently crosslinked by fibrinoligase (FXIIIa), which is present in the
fibrinogen stock, resulting in a constant molar ratio of FXIIIa with respect to
fibrinogen. Experiments were performed on so-called ’coarse clots’, which were
formed in near-physiological condiations, at 37◦ C and in fibrin buffer containing 20 mM Hepes, 150 mM NaCl and 5 mM CaCl2 at pH 7.4. Fibrin formation
was initiated by adding 0.5 U/mL thrombin (final concentration) and allowed
to proceed for at least 4 hours before experiments. Fibrin0 s γ- and α-chains
were fully crosslinked according to SDS-PAGE analysis over the entire fibrin
concentration range that was tested (4 to 8 mg/ml).
To test how the influence of fiber bundle size (expressed in terms of the
average number of protofibrils per fiber, Np ) influences the SAXS spectra, we
also prepared samples under conditions designed to either increase or decrease
Np .
To increase Np , we used two different strategies. The first strategy used
FIB3 fibrinogen that was first dialyzed into fibrin buffer (without CaCl2 ) for
2 days. The protein concentration after dialysis was determined by measuring
the absorbance at a wavelength of 280 nm with correction for scattering at
320 nm [292]. This resulted in a larger number of protofibrils in a bundle
compared to the non-dialyzed case: Np = 120 compared to Np = 84 at cp =
1 mg/ml, as determined by turbidimetry. Since we did not measure Np at
the concentration used for the SAXS experiments, we assumed Np ∼ 100
for the 8 mg/ml samples. The second strategy, which increased Np further,
was inspired by a recent study showing that removal of fibrinogen oligomers,
which are generally present in solutions of purified plasma fibrinogen, results
in an increase in protofibril lateral association [344]. Briefly, FIB3 fibrinogen
was filtered through a 0.2 µm filter and injected at a concentration of 2.7
mg/ml onto a Superdex 200 gel filtration column, which was equilibrated with
fibrin buffer (20 mM HEPES, 150 mM NaCl, pH 7.4), at room temperature.
The flow rate was 0.5 ml/min (at a pressure of ∼0.12 MPa). The fibrinogen
monomer fraction corresponding to the second peak [344] was collected and
concentrated to ∼15 mg/ml by centrifugation in MacroSep centrifuge tubes
(Pall Corporation) at 811 rcf. The tubes were washed with buffer before use.
The fibrinogen monomer fraction was snap-frozen and stored at -80◦ C. This
strategy gave Np = 366 at cp = 1 mg/ml, as measured by turbidimetry. Since
we did not measure Np at the concentration used for SAXS measurements
(cp = 4 mg/ml), we will assume Np ∼ 366 for the 4 mg/ml samples. Fibrin
gels from dialyzed or gel-filtered fibrinogen were allowed to polymerize for 4
hours at 37◦ C in fibrin buffer supplemented with 5 mM CaCl2 .
To decrease Np relative to the ’coarse clot’ conditions, we created so-called
’fine clots’ [292, 338, 339]. Briefly, fine clots were generated by dialyzing FIB3
fibrinogen for at least 2 days at 4 ◦ C against fine clot buffer (50 mM TRISHCl, 400 mM NaCl, pH adjusted to 8.5 with NaOH). The final fibrinogen
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concentration was determined by measuring the solution absorbance at 280
nm with correction for scattering at 320 nm [292]. Fine fibrin clots were
polymerized for 1 hour at 37 ◦ C by adding 0.5 U/ml thrombin in fine clot
buffer with 3.2 mM CaCl2 . This procedure resulted in a dense network with
thin fibrin fibers with Np = 2, independent of fibrinogen concentration (see
also Chapter 2).

4.2.2

Small Angle X-ray Scattering (SAXS) and Tensile
Tests

Small Angle X-ray Scattering (SAXS) was performed at the DUBBLE Beamline (BM26B) of the European Synchrotron Radiation Facility (ESRF, Grenoble, France) [468]. The range of wavevectors, q, was calibrated using silver
behenate powder as a standard (see Fig. 4.4). The sample-to-detector (P1M)
distance was 2.8−3 m and the energy of the beam was 12 keV. Measurements of
fibrin gels inside glass capillaries (i.e. 0% strain, ’capillary measurements’) were
performed using 2 mm borosilicate glass capillaries with 0.01 mm wall thickness (cat.nr. 4007620, Hilgenberg, Germany). Capillaries filled with buffer
were taken as background. Since there can be variations in capillary thickness,
we ensured that a background was taken for every capillary and on every spot
we measured, before we polymerized the fibrin gels in the same capillaries.
The beam dimensions on the sample were 900x700 µm.
For stretching experiments, a Linkam tensile tester (TST350, Linkam Scientific Instruments, UK) was installed in the beam path. The tensile tester
was equipped with a 20 N force transducer with 0.001 N force resolution. The
samples were subjected to a stepwise increasing strain ramp, with a pulling
speed of 7 (5 samples), 10 (6 samples) or 50 (3 samples) µm/s. After each
strain interval, we measured for 20 s at 5 or 6 different positions in the sample. For fine clot samples, we measured for 30 s up to 2 min per spot due
to low scattering signal. No visual damage was observed, nor abrupt changes
in the force level, during the SAXS measurements. The beam dimensions on
the sample were ∼400x700 µm. Dog-bone shaped fibrin gels were created with
two pieces of Velcro (∼6.5x6 mm) in home-made Teflon molds with a sample
length of 22 mm. These molds were cleaned with 70% ethanol, treated with a
thin layer of mineral oil to facilitate removal of the fibrin gels from the mold,
and preheated to 37◦ C before use. The Velcro pieces were also cleaned in 70%
ethanol. The sample volume was 850 µl and the initial sample dimensions were
5.2 mm in width and 2.8 mm in thickness. About half of the Velcro area was
clamped in the tensile tester. The initial slack in the gel was pulled out before
the strain measurement was started and sample buffer was added every other
strain step to prevent drying.
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Figure 4.1: A manual sample stretcher developed in-house. The sample
was clamped as indicated and manually stretched, where one knob turn
translated into 1 mm stretching. When the desired distance was reached,
the distance was locked (inset, red arrows) and the sample was detached
from the stretcher (inset, white arrows) and transported to a fixative
solution to fix the sample at that stretched distance. The total length of
the stretcher was about 170 mm.

4.2.3

Imaging and Analysis of Fiber Alignment

To determine the degree of fiber alignment at increasing strain levels, a manual
stretcher was developed in-house (Fig. 4.1). Alexa488 labeled fibrinogen was
purchased from Life Technologies (Bleiswijk, the Netherlands), dissolved in
coarse clot buffer (without CaCl2 ) and mixed with unlabeled fibrinogen in a
1:30 down to 1:80 molar ratio. Dog-bone shaped fibrin samples of 8 mg/ml
(dialyzed coarse clots) with Velcro pieces at their ends were clamped in a
similar fashion as for the SAXS measurements. The pulling speeds used in
SAXS experiments were approximated (∼5−40 µm/s). Buffer was applied to
the sample every mm of straining. When the desired strain level was reached,
the stretched distance was locked (Fig. 4.1 inset) and the sample was fixed in
a 2.5% glutaraldehyde solution in fibrin buffer for at least 3 hours and up to
overnight. During this time, the sample was protected from light to prevent
photobleaching. The fixed samples were cut into smaller pieces with a sharp
surgery knife and transported by a tweezer to a glass-bottom petridish (Mattek
Corporation, USA). Buffer was added to prevent drying. The fibrin network
was imaged on a confocal fluorescence microscope using a Nikon Eclipse Ti
inverted microscope equipped with a 100xoil immersion objective (NA 1.49),
a 488-nm laser (Coherent, Utrecht, The Netherlands) for illumination, and a
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photomultiplier tube detector (A1; Nikon, Amsterdam, the Netherlands). Zstacks of 10 µm thick, taking an image every 0.125 µm, were collected 10 µ into
the sample. Confocal reflectance microscopy on unstretched (and unlabeled)
fibrin samples polymerized inside sealed glass flowchambers was performed on
the same setup, using a 488-nm laser for illumination.
We quantified the alignment by using the ImageJ plugin OrientationJ [439]
on filtered maximum intensity projections of varying strain levels (using 10
µm thick z-stacks and a bandpass filter to reduce noise). Briefly, OrientationJ evaluates the local orientation and coherency of every image pixel and
computes a distribution of angles. A Gaussian window of 2 or 3 pixels and
a Gaussian gradient was used to determine the local intensity derivative in x
and y [439]. Using these orientation images, we calculated the nematic order
parameter. Given a collection of orientation measurements, ψ, in the range
(-90◦ , 90◦ ], the nematic order parameter is computed from the second-order
tensor order-parameter S2 [440]:


hcos 2ψi hsin 2ψi
S2 =
(4.1)
hsin 2ψi −hcos 2ψi
Angle brackets h·i denote averages over all orientation measurements. The
tensor S2 is symmetric and traceless. Solving the eigenvalue problem for S2
yields two eigenvalues,
p
(4.2)
λ1,2 = ± hcos 2ψi2 + hsin 2ψi2 = ±S
which yield the (two-dimensional) scalar order-parameter S familiar for liquid
crystals. This order parameter quantifies the width of the distribution of orientation measurements. It is zero for a uniform distribution of orientations, and
approaches one for a sharply-peaked distribution. We find that in practice S is
between 0.1 and 0.2 for isotropic networks, taking into account the coherency
of every image pixel.

4.2.4

Modeling

The structure of fibrin protofibrils
To interpret the SAXS spectra, we will compare our data to an in silico model
of fibrin oligomers and protofibrils developed by our collaborators, Artem Zhmurov (Moscow Institute of Physics and Technology), and Valeri Barsegov
(University of Massachusetts Lowell). The modeling procedure is described
in full detail elsewhere [299, 469], and will be briefly recapitulated here. The
starting point was the crystal structure of full-length human fibrinogen (PDB
code 3GHG) [329]). The αC-region (Aα221-610), which does not appear in the
crystal structure and is unlikely to contribute to the SAXS scattering, was not
included in the structure, unless stated otherwise. There are several unresolved
portions of the molecule in the crystal structure data: residues 1-26, 1-57, and
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1-13 at the N-termini of the Aα, Bβ and γ chains, respectively; and residues
201-610, 459-461, and 395-411 at the C-termini of the Aα, Bβ and γ-chains,
respectively. These regions do not possess stable secondary/tertiary structures
detectable by X-ray crystallography. Hence, they were reconstructed computationally using the VMD software package [470]. The complete structure was
energy-minimized by a steepest descent algorithm to remove steric clashes.
A computational procedure was developed to reconstruct double-stranded
oligomers denoted as FOn-m, where n and m are the number of fibrin monomers
in the upper and lower strands, respectively. Fibrin oligomers from FO2-1 up
to FO4-4 were constructed by this procedure. The procedure entailed the
following steps:
i) Fibrin monomers were first connected head-to-tail through the D-D interface to form single-stranded oligomers. The monomers were placed such
that the D-D interface resembled the PDB structure of the double-D region
1N86 [471] and 1FZG [472];
ii) The Kabsch algorithm for structure alignment [473] was used to position the double-D fragment such that the globular parts overlapped with the
corresponding regions in the two abutting fibrin molecules;
iii) The C-terminal parts of the γ-chains in the aligned fibrin monomers
were crosslinked in silico to mimic FXIII-mediated crosslinking. Specifically,
two covalent bonds were created, one linking residues γGln398 and γLys406
in one γ chain with residues γLys406 and γGln398, respectively, in the other
γ chain;
v) A double-stranded oligomer was created by adding a lower strand with a
third monomer to the upper strand containing the crosslinked dimer in a halfstaggered manner. Initial placement was achieved by Monte-Carlo docking
simulations, employing translational and rotational moves;
(vi) The knobs ’A’ and ’B’ were inserted into the respective holes ’a’ and ’b’
and an energy minimization simulation run was performed. Next, 100 ns-long
equilibration in full-atomic resolution was performed using the solvent accessible surface area (SASA) implicit solvent model [474]. In these simulations,
the knob-hole bonds were stabilized by using a weak harmonic potential.
(vii) The thus generated oligomer FO2-1 was energy-minimized and equilibrated.
(viii) Oligomers up to FO4-4 were generated by repeating steps (i) through
(vii).
To investigate the structural changes in fibrin protofibrils upon stretching,
all-atom Molecular Dynamics (MD) simulations were performed in implicit
solvent. The FO4-4 oligomer was selected as the model system for these pulling
simulations. The geometry of the in silico pulling experiments is shown in Fig
4.2. The oligomer was truncated in the two coiled-coil regions to mimic the
long oligomer structure. Since there are six polypeptide chains cut at both
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Figure 4.2: Dynamic force spectroscopy in silico. To mimic AFM pulling
experiments, the left end of the fibrin oligomer FO4-4 was constrained
(fixed plane) and a ramped force f = vt t (where vt is the pulling speed)
was applied to the right end (pulled plane). The oligomer was truncated
in the two coiled-coil regions to mimic the long oligomer structure and
to ensure that the force was applied evenly to all six polypeptide chains
within each monomer.

sides, the force is thus applied evenly to all chains. Earlier simulations of our
collaborators of forced unfolding of single fibrin molecules showed that, in the
course of their forced unfolding, the fibrin monomers also rotate around the
longitudinal axis [299, 335]. For this reason, the amino acid residues tagged
by the external pulling force should be allowed to move freely. To ensure
this condition, the following simulation approach was developed. Two parallel
planes were defined, perpendicular to the axis of the protofibril. The plane at
one end of the molecule was constrained (fixed plane), while the other plane
(pulled plane) was assumed to be connected to a cantilever tip (virtual bead)
by a harmonic spring, mimicking a typical AFM pulling experiments. The
end of this spring moved with a constant (cantilever) velocity, thus applying
a dynamic force-ramp with a pulling force f = vt t that increased with the
force-loading rate vt t. In each fibrin oligomer, residues αAsp114, βSer144, and
γSer86 in the upper strand and residues αGln131, βAsn164, and γSer105 in
the lower strand in the leftmost monomers were constrained. The mechanical
force was applied to residues αArg118, βLys148, and γLeu90 in the upper
strand and residues αIle127, βAsn160 and γLeu101 in the lower strand in the
rightmost monomer.
Reconstruction of long protofibrils
The oligomers constructed in silico are much shorter than the(coarse) fibrin
fibers in the experiments, where the length between branch points is typically
of order ∼1 µm or ∼23 fibrin monomers based on the typical mesh size of
coarse fibrin networks. To enable a direct comparison of the measured SAXS
profiles with computational predictions, our collaborators therefore computationally reconstructed protofibrils with a length of ∼1 µm. Since the fibrin
protofibrils twist around their long axis, simple translation and replication of
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Figure 4.3: In silico reconstruction of a long fibrin protofibril from short
oligomers for computational predictions of SAXS spectra. (a) First, two
short oligomer constructs are brought close together by translation and
rotation around the protofibril axis until the amino acid residues of the
left construct (green dots and arrows) match with the residues on the
right construct (yellow dots and arrows). (b) Next, the structures are
combined. (c) A third oligomer is added in a similar manner. This is an
iterative step that can be repeated until the protofibril is of the required
length.

the oligomer structure would result in gaps between repeated structural fragments (FO4-4). Instead, the following procedure was developed. First, the
oligomers were truncated so that the amino acid residues at one end were the
same as the amino acids at the other end (green and yellow dots in Fig. 4.3).
Two copies of the fragment were brought together so that the Cα-atoms of
matching amino acids were as close as possible. To this end, the replicated
fragment was translated and rotated around its long axis (Fig. 4.3), leading to
a protofibril fragment that was twice the length of the initial fragment, FO4-4.
This procedure was repeated until the protofibril was ∼23 fibrin monomers
long.
Prediction of SAXS spectra based on simulated structures
Consider a system of N independent scattering particles forming a fibrin fiber,
where each i -th scatterer has a scattering strength fi . The total scattering
intensity I as a function of the wavevector q is given by:
XX
If (q) = Ie (q)
fi fj cos(qrij )
(4.3)
i

j

where −
r→
ij is the vector connecting the i -th and j -th scatterers and rij is the
projection of −
r→
ij on the direction perpendicular to the primary wave. Ie =
2
2
(I0 e /mc )(1 + cos2 (2θ))/(2d2 ) is the scattered intensity by a single electron
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at a distance d from the detector when the incoming wave has an intensity
I0 [457, 475]. e2 /mc2 is the classical electron radius [457]. The wavevector is
related to the scattering angle 2θ according to:
q = |~q| = 4π sin(θ)/λ

(4.4)

where λ is the wavelength of the incoming light. In case of identical scatterers
(such that fi = f for all i = 1, 2, ..., N ), we can write a scalar version of eq.
4.3:
If (q) = Ie∗ (q)

XX
i

cos(qrij )

(4.5)

j

where Ie∗ = f 2 Ie . To simplify the calculations, the distribution of inter-atomic
distances, p(r), was used, using as input the atomic structure of the oligomers
obtained from the MD simulations. The scattering pattern of a single protofibril can then be calculated (in the large N limit) as:
Z rmax
p(r) sin(qr)
∗
dr
(4.6)
If (q) = Ie (q)
qr
0
where rmax is the maximum inter-atomic distance. For a network of protofibrils
we need to integrate the scattered intensity over all fiber orientations. In case
of an isotropic 3D fibrin network, we obtain:
I 3D (q) =< I(q) >3D = Ie∗ (q)

(4.7)

Our confocal microscopy experiments demonstrate that a small percentage
(∼11%) of fibrin fibers was already aligned even at zero strain (Fig. 4.17),
consistent with prior observations [389]. We thus assumed that the scattered
intensity of unstretched gels is a superposition of intensities for aligned fibers,
If (q), and unaligned fibers, I 3D (q), according to:
Itot (q) = pa If (q) + pu I(q)3D

(4.8)

where pa = 0.11 and pu = 1 − pa = 0.89 according to the confocal data and
previous publications [389]. To compute spectra of strained gels, we used
previously published SEM data on strain-dependent fibrin fiber alignment
(pa (ε) = hcos(2θ)i [389], where ε is strain) shown in [389], as input. Upon
stretching, two processes occur in parallel: (i) unaligned fibrin fibers will start
to align, i.e. pa increases and pu decreases; and (ii) already aligned fibers will
be stretched and they may exhibit forced unfolding. Hence, stretched gels can
be decomposed into 3 fiber populations: (a) a fraction pu of still unaligned
fibers, (b) a fraction of aligned but not stretched fibers, and (c) aligned and
stretched fibers. Thus, the expression for Itot of strained gels becomes:
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Itot (q, ε) = pu (ε)I

3D

Z
(q) + pa (0)Ia (q, ε) +
0

ε

dpa (ε − s)
Ia (q, s)ds
ds

(4.9)

Or in discrete form:
Itot (q, ε)

=

pu (ε)I 3D (q) + pa (0)Ia (q, ε)+
Pε−δε
s=0,δε,2δε,... [pa (ε − s) − pa (ε − s − δε)]Ia (q, s)

(4.10)

where Ia (q, ε) = If (q, ε), Iu (q) =< I(q) >3D , and δε is the strain increment.
The total scattering intensity at strain ε is a combination of scattering from
fibers that are unaligned (pu (ε)I 3D (q)), fibers that are aligned and stretched
pa (0)Ia (q, ε), and a group of fibers that are in varying degrees stretched and oriPε−δε
ented with the strain direction ( s=0,δε,2δε,... [pa (ε−s)−pa (ε−s−δε)]Ia (q, ε))
In this third term, the summation is perform).ed over aligned and stretched
fibers that differ in the extent of their stretching/unfolding and the p(r, ε)
(and consequently I(q, ε)) distribution was taken from the simulated atomic
structures of stretched fibrin protofibrils. To calculate the spectra for different
strains, say for ε = 0%, 5%, 10%, ..., 150% with strain increment δε = 5%, eq.
4.10 is used iteratively. For example, to compute the spectrum for a gel at 15%
strain, we need the spectrum for 0% strain, etc. Given that the pulling simulations are limited to short fibrin protofibrils of ∼10−50 fibrin monomers, the
structural models were replicated along the protofibril axis, which coincides
with the uniaxial direction of force application. Finally, to account for spectral line-broadening as a consequence of a widening distribution of stretched
and unfolded fibrin monomers, we convolved the calculated spectra with a
Gaussian function, G, using the following convolution integral:
Z

qmax

Itot (q 0 , ε)G(q − q 0 )dq 0

(4.11)

0

The width of G(x) was estimated from the distribution of molecular elongations and a variety of stretched and unfolded structures from multiple forced
unfolding runs and was fixed at 0.03 nm−1 .

4.3

Interpretation of Scattering of Fibrin Networks

X-ray and neutron scattering can provide information about the periodic molecular packing of ordered materials, as illustrated by measurements on a powdered crystal in Fig. 4.4. The length scales that one can probe are related to
the wavelength λ of the incoming X-rays by q = 4π sin(θ)/λ [457, 476], where
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Figure 4.4: Example of a SAXS measurement on a powdered crystal used
for calibration of the wavevector range. (A) Silver behenate has a unit cell
of a = 4.15 Å, b = 4.71 Å, c = 53.56 Å, α = 89.47 ◦ , β = 87.62 ◦ and γ = 76.33 ◦
[477]. (B) In powder diffraction, the crystals are isotropically oriented,
giving rise to concentric circles that correspond to the typical distances of
the unit cell. The arrows point out the first and second order reflections of
the typical distance c in (A), corresponding to q = 0.117 Å−1 and q = 0.235
Å−1 respectively. The grid pattern is due to the detector, which is built
up of 10 separate panels. To protect the detector against damage by
the intense incoming beam, a beam stop is added (black square). The
intensity at the beam stop is measured by a photo-diode (note thin wire
on the right hand side).

2θ is the angle between the incident and scattered X-rays. In small-angle Xray scattering (SAXS), the X-rays scattered at low angles (typically at angles
smaller than ∼2 degrees) are collected using a specimen-to-detector separation
of several meters. The scattering vector q is directly related to distances ds in
the sample by |q| = 2π/ds . Thus, by setting the angle range, the length scale
region of interest can be selected. In practice, this is achieved by changing
the sample-to-detector distance. For our SAXS experiments, we used silver
behenate powder to check the q-range. This powder contains crystals with a
triclinic unit cell, as shown in Fig. 4.4A [477]. Since the crystals are isotropically oriented in the powder, the scattering pattern consists of concentric rings,
which correspond to Bragg reflections from the typical distances of the unit
cell (Fig. 4.4B).
In Chapter 2, we showed that fibrin fibers can be considered as hierarchically structured bundles of protofibrils, which themselves are composed of
half-staggered fibrin monomers. The fibers branch to form a three dimensional
connected network. This network is homogeneous at large scales, but inhomogeneous at scales approaching the mesh size. To model the scattering intensity
of such networks, the mesh work can be considered as a collection of fractal
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blobs of size ξblob with fractal dimension Dm , where each blob contains n fiber
segments (where n  1)(see top schematic in Fig. 4.5). At the micron scale,
the segments are approximately cylinders of average length l and diameter d.
While d is equal to the fiber diameter, l is related to the fiber persistence length
rather than the network mesh size. Based on these assumptions, a model was
proposed to predict the light scattering intensity of fibrous networks [478,479]:
I = Kop cp M · S(q) · A(q) · B(q)

(4.12)

where cp is the fibrinogen weight concentration, M is the blob molecular
weight, and Kop is an optical constant: Kop = (4π 2 /NA λ40 )n2 (∂n/∂c)2 and
is equal to 2.68 · 10−7 cm2 /g2 [479]. Although this model was originally developed to describe light scattering data, the general form of this expression
also applies to neutron and X-ray scattering data and has been validated by
small angle measurements for wave vectors down to q ∼ 10−3 nm−1 and for
fibrin concentrations up to 40 mg/ml [480]. The q-dependent quantities in
4.12 are S(q), which is the structure factor describing the spatial correlation
between blobs, A(q), which is the structure factor of the fiber segments, and
B(q), which is the form factor of a single segment. These quantities can be
calculated using the following equations [478, 479]:
2

S(q) = 1 − βe−(γξblob q)
1

A(q) =
1+
B(q) = 

qξblob
π

1+

l
(Dm /2) + ξ
blob

q 2 d2

1
q

l
32d

αs /2

(4.13)
(4.14)

(4.15)

Dm is the mass fractal dimension of the blobs, αs is related to the surface
fractal dimension of the fiber segments by Ds = 6−αs ' 2, and the parameters
β ' 1 and γ ' 0.28 [478]. Here, the form factor of the fiber segments, B(q),
only accounts for the overall cylindrical shape. In case of coarse clots, the
fiber segments have a complex molecular packing structure, being a bundle of
protofibrils that themselves are double-stranded filaments of fibrin monomers.
To account for this internal molecular packing structure, the factor B(q) in
Eq. 4.13 should be a replaced by a structure factor to describe the lateral
packing arrangement of the protofibrils multiplied with the form factor of a
protofibril (either a cylinder approximation or the scattering intensity If (q)
that we calculate here from full atom MD simulations of protofibrils).
Fig. 4.5 shows the expected scattering intensity as a function of wavevector
(black line) for a coarse clot using typical parameters (ξblob = 10 µm, l = 0.5
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Figure 4.5: Typical length scales in fibrin networks visible by light, Xray and neutron scattering. Light scattering probes length scales ranging
from the fiber to the network scale (black curve in graph), where the fibrin
network (confocal image on the top left, 100x100µm) can be considered
as a collection of blobs (green in top schematic) of fiber segments (blue in
top schematic) with fractal dimension Dm [478, 479]. X-ray and neutron
scattering can probe higher q-values (blue curve in graph), where the
molecular length scales inside the fibers are probed, such as the axial
half-staggering distance among the fibrin fiber (22.5 nm), and the typical
spacing between the protofibrils in a fiber cross-section (∼19 nm [74],
purple in top schematic). The black scattering curve has been calculated
using the model presented in eq. 4.12 using parameters expected for
coarse fibrin networks (ξblob = 10 µm, l = 0.5 µm, d = 0.2 µm, Dm = 1.3 and
αs = 4). The blue curve represents an actual SAXS measurement on a
4 mg/ml coarse fibrin network (Np ∼ 366). Curves are shifted along the
y-axis (note arbitrary units).
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µm, d = 0.2 µm, Dm = 1.3 and αs = 4). For small wave-numbers, q < q1 , the
network can be considered as a homogeneous system. The scattering intensity
exhibits a peak at a q-value q1 , which is related to the long-range order in the
network [481] and is proportional to the average size of the blobs according to
q1 ' 4.4/ξblob [478]. In the wavevector range where q1 < q < q2 , the scattering intensity is determined by the fractal structure within the blobs, provided
−1
that q is larger than ξblob
but smaller than d−1 or l−1 . In this case I ∝ q −Dm .
Prior experiments have shown that Dm depends on fibrinogen concentration:
for dilute fibrin networks (≤ 1.5 mg/ml), Dm is close to 1.3 [478], while it can
increase to 2.8 for high fibrin concentration (∼ 40 mg/ml) [480]. Additionally,
Dm was shown to be dependent on the network architecture, varying between
1 and 2.2 for a range of assembly conditions [482–487]. For larger wave numbers, where q > q2 , we enter a Porod regime, which reflects scattering from
the interface between the fibers and the solvent. Here, the surface fractal dimension of the fiber segments dominates the scattering intensity. Depending
on the surface roughness, the slope αs is either 4 (completely smooth or sharp
interface) or -3 (completely rough). Previous studies revealed αs values close
to -4 for coarse clots [478, 479]. The onset of this Porod regime is set by the
diameter of the fiber segments according to q2 ' 2.2/d [295, 478, 479].
The q-range we are focusing on in this Chapter ranges from q ∼ 6 · 10−2
−1
nm to q ∼ 3 nm−1 , which corresponds to length scales ranging from ∼ 105
nm down to ∼ 2 nm. In this regime, we probe length scales corresponding
to the molecular packing inside the fibrin fibers. When a fiber is oriented
vertically in the X-ray beam, the X-rays scatter parallel to the fiber axis,
giving rise to a meridional scattering pattern [458] that is sensitive to the halfstaggered packing along the fibril axis. In contrast, the X-rays scattered at
right angles to the fiber axis produce an equatorial pattern, which reveals the
radial packing order of protofibrils within the fiber. If the fiber is rotated with
respect to the detector, the pattern on the detector will be rotated accordingly.
For an isotropic network of fibers, the meridional and equatorial pattern will
therefore be superimposed. Since the patterns represent an average from all
fibers encountered by the X-ray beam, both SAXS patterns will appear as a
series of concentric circles.
The axial molecular packing structure of fibrin fibers is known to be highly
ordered. Electron microscopy and AFM images have clearly revealed a halfstaggered arrangement with a periodicity corresponding to half the monomer
size, i.e. 22.5 nm [289, 290, 443]. Previous SAXS studies revealed sharp Bragg
peaks, indicative of a large coherence length, at the expected first order q-value
[298, 389, 455, 460, 463, 480] and higher-order reflections of this same distance
[298, 455, 460, 462, 463]. Strikingly, the second order was either very faint or
absent. It is unknown why this is the case.
The cross-sectional packing of protofibrils inside the fibrin fiber is thought
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Figure 4.6: There are two opposing models for the radial packing structure of the protofibrils within a fibrin fiber. One model describes fibrin
fibers as fractals with fractal dimension Df = 1.3 [364], while the other
claims fibrin molecules are packed in a crystalline array with unit cell 19
x 19 x 46 nm [74]. Recently, Yeromanahos et al [295] unified these models, describing fibrin fibers as crystalline but with pores where protofibrils
are missing, leading to a superposition of the crystalline structure and the
disordered, fractal structure.

to be less ordered than the axial packing, but there is disagreement about the
degree of disorder. One EM study showed that even within a given preparation, the lateral packing order may vary from fiber to fiber [289]. As shown
in Fig. 4.6, there are two rather different structural models proposed for the
cross-sectional packing. The first model [74] is based on prior SAXS data [298]
and proposes that protofibrils are packed in an ordered lattice with a tetragonal unit cell measuring a x c x c = 18.4 x 18.4 x 46 nm, where 18.4 nm
corresponds to twice the distance between protofibrils and 46 nm to the length
of one fibrinogen monomer. Thus, this model predicts the presence of a Bragg
peak at a q-vector corresponding to a repeat distance of 18.4 nm, with a width
that corresponds to the fiber diameter if the packing is perfectly crystalline.
Indeed some measurements by SAXS [461, 464], neutron diffraction [480, 488]
and energy-dispersive X-ray diffraction [463, 464] revealed broad Bragg peaks,
indicating a small crystal size and partial disorder. However, other SAXS studies found no evidence for lateral crystalline order [462]. The second model for
protofibril packing instead treats fibrin fibers as disordered, fractal assemblies
of protofibrils (Fig. 4.6). This model was inspired by AFM bending experiments and fluorescence intensity measurements, showing that fibrin fibers can
be considered as mass fractals [364] with fractal dimension of 1.3. This means
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that with increasing fiber diameter d, the number of molecules per cross-section
increases as dDf with Df = 1.3 instead of the quadratic increase expected for
an ordered fiber. In other words, thinner fibers are predicted to be less dense
than thicker fibers. This view is qualitatively consistent with light scattering
studies, showing that fibrin fibers are highly porous and contain more than
70% water [295, 462]. This model predicts that the scattering intensity will
scale as q −Df [489]. Recently, a reconciliation of these two models has been
proposed by considering the lateral packing as crystalline, but with a large
number of holes where protofibrils are missing (right most model in Fig. 4.6).
This arrangement results in a superposition of a fractal-like scattering and a
broad peak due to locally crystalline regions [295, 490].
At the highest q-values shown in Fig 4.5, when q & 1 nm−1 , we enter a
second Porod regime related to the intra-fiber surfaces [480] (Fig. 4.5), where
we expect to see a q −4 dependence. The onset of this regime is related to the
radius of one protofibril (q = 2π/rpf ∼ 1 nm−1 , using rpf = 5 nm [294]).

4.4
4.4.1

Results
Internal Structure of Fibrin at Zero Strain

We aimed to study the strain-induced changes of the molecular packing structure of fibrin fibers in gels subjected to a macroscopic uniaxial stretch. As
a first step, we compared unstrained fibrin networks prepared with varying
fibrin bundle size, expressed in terms of the number of protofibrils in a fibrin
bundle, Np . We varied the bundle size over a wide range of Np = 2 up to
∼360. The 2D SAXS patterns were isotropic in all cases, as expected for a
random fibrous network, as shown in Fig. 4.7. The patterns show concentric
rings whose intensity increases with increasing fibrin bundle size. This effect
is more clearly, and quantitatively, shown in Fig. 4.8A, in the form of the 1D
SAXS spectra obtained by a radial integration of the 2D scattering patterns,
taking the beamstop as center. Note that the curves are shifted along the
y-axis for clarity.
The spectrum for the sample containing the thickest fibers (Np '360) exhibits a clear peak at q = 0.285 nm−1 (top blue curve labeled ’1’ in Fig. 4.8A).
This peak corresponds to a repeat distance of 22.2 nm and can thus be assigned
as the first order reflection of the half-staggered axial packing distance [389].
When the bundle size is decreased to ∼100 protofibrils per bundle, this same
peak is still present, but with a reduced intensity (black line labeled ’2’ in
Fig. 4.8A). For networks of 8 mg/ml fibrin, where the average bundle size is
∼20, the first order reflection no longer visible (gray curve labeled ’4’ in Fig.
4.8A)). Interestingly, a small peak re-appears when the fibrin concentration is
reduced to 4 mg/ml (gray curve labeled ’3’ in Fig. 4.8A)). When the bundle
size is dropped to 2, corresponding to the fine clot limit, the first order reflection is not visible at all (red bottom curve labeled ’5’ in Fig. 4.8A). We
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Figure 4.7: The dependence of 2D SAXS patterns on fibrin fiber thickness.
(A) SAXS pattern (background subtracted) of a 4 mg/ml fibrin gel with
thick fibers (bundle size Np '366), (B) 8 mg/ml fibrin gel with Np ∼ 100
and (C) 8 mg/ml fine fibrin gel with Np = 2. (A) and (B) share the same yaxis, while (C) is taken with a slightly different q-range by translating the
detector in x and y, but keeping the same distance between the detector
and sample. In (A) and (B), the first and third order reflections of the
half-staggered axial packing periodicity of fibrin (22.5 nm) are highlighted
by white arrows. In (C) these peaks are not distinguishable from the
background. Intensity is in arbitrary units (see color bar).

conclude that the intensity and width of the peak corresponding to the first
order reflection of the axial repeat distance is dependent on the bundle size.
This result is in agreement with earlier work, where the first order reflection
was observed for coarse fibrin clots [295,298,389,456,463,464,488], but not for
fine clots [456]. The peak position corresponds to a repeat distance of 22.2 nm
for all bundle sizes, consistent with SEM and AFM studies showing a 22.5 nm
repeat [289, 290] and earlier SAXS studies showing 22 nm [389].
Prior SAXS studies of coarse clots revealed, in addition to the first order
reflection, also several higher order reflections [295, 298, 488]. This observation
is indicative of a long-ranged half-staggered packing order along the fibril axis.
Given that the first order peak is observed at q = 0.28 nm−1 , the second, third
and fourth order reflections are expected at q = 0.57, q = 0.855, q = 1.14 nm−1 ,
respectively (see vertical dashed lines in Fig. 4.8A). Interestingly, the third and
fourth order reflections are evident in all samples, even for those samples where
the first order reflection is absent. However, the third and fourth order peaks
do get more pronounced with increased bundle size. Intriguingly, the second
order reflection is absent for all fibrin samples. The absence of a second order
reflection was also noted in prior SAXS studies [295, 460, 461], but the origin
of peak suppression has remained unclear.
129

Chapter 4

section 4.4

(A)

l, intermediate

(B)

-4

(C)
-1.3

8 mg/ml, low

1
-1.5
2

4 mg/ml
low

3

(D)

4
5

Figure 4.8: The dependence of 1D SAXS spectra on fibrin fiber thickness
obtained by radial integration of the 2D SAXS patterns. (A) SAXS spectra of fibrin gels prepared under different conditions: 1) 4 mg/ml fibrin
gel with bundle size of Np ∼ 366 (blue), 2) 8 mg/ml coarse fibrin gel with
Np ∼ 100 (black), 3) 4 mg/ml coarse fibrin gel with bundle size Np = 44
(gray), 4) 8 mg/ml coarse fibrin gel with bundle size Np = 23 (gray), and
5) 8 mg/ml fine fibrin gel with bundle size Np = 2 (red). The intensity
curves are shifted along the y-axis for clarity. The black dotted lines are
power laws with exponents -4 (expected in the Porod regime), -1.3 (expected from the fractal radial packing structure of the fibrin fibers) and
-1.5 (observed exponent for fine clots at low q). Vertical dotted gray lines
indicate the expected positions of the first, second, third and fourth order
reflection of the axial half-staggered packing distance (22.5 nm). (B) and
(C) are confocal reflectance images of 1 mg/ml fibrin clots with (B) thick
fibrin fibers of Np = 366 and (C) fibrin fibers of Np = 86. (C) Confocal
fluorescence micrograph of a 1 mg/ml fine fibrin gel, where Np = 2. For
all images, a maximum intensity projection is shown over a total depth
of 20 µm. The scale bar is 20 µm for all images.
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Figure 4.9: The dependence of simulated SAXS patterns on internal
protofibril structure. 1) One strand of a protofibril, where the fibrin
monomers adhere end-to-end through the D:D interface. 2) A doublestranded protofibril with twist (i.e. after equilibration of the protofibril
structure), but omitting the αC regions. 3) The same protofibril as 2), but
now with αC regions added as random coils (shown in red). 4) The same
structure as 2), but with the γ-nodules removed. 5) The same structure
as 2), but now with the β-nodules removed. The two black dashed lines
indicate a power law dependencies of -1 at low q-numbers (expected for
cylinders, see 4.10 in SI) and -4 at high q-numbers (corresponding to the
Porod regime).

To understand why the second order reflection is suppressed, we compared
the measured spectra with predicted spectra based on full atom MD simulations of fibrin protofibrils (FO10-9). The expected scattering intensity for a
dilute solution of protofibrils is shown in Fig. 4.9 (curve 2), where the gray
dashed lines indicate the expected positions of the first, second, third and
fourth order reflections of the half-staggering distance. Just like in the experiments, the second order reflection is absent in the simulated protofibril
spectrum. To track down the origin of this peak suppression, we systemati131
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Figure 4.10: The calculated form factor of a cylinder (black dots) with
length 5 · 46 nm and diameter 10 nm, compared with the simulated scattering of protofibrils (FO6-5, red line) in solution. Curves are shifted
along the y-axis for clarity. The dashed lines indicate power laws with
exponents of -1 (Guinier regime) and -4 (Porod regime).

cally remove certain parts of the protofibril to investigate their contribution
to the scattering pattern. The second order reflection is suppressed both with
(spectrum nr. 3) and without (spectrum nr. 2) the αC domains. The presence
of the αC domains does influence the other reflections corresponding to the
half-staggering distance, causing a reduced peak intensity and increased width.
Interestingly, when we remove either the β or the γ-nodules, the second order
reflection appears. As an extra control, we also looked at single-stranded protofibrils, composed of a string of monomers adhered end-to-end through the
D:D interface (nr. 1 in Fig. 4.9). In this case, a new peak appears at q = 0.157
nm−1 , corresponding to a typical distance of 40 nm. This distance corresponds
to the distance between the centers of mass of the two end regions: A fibrinogen
monomer has a length of 46 nm length and two end-regions each with size of 6
nm [491,492]. The distance between the centers of mass of the two end regions
is thus 40 nm. For the double stranded protofibrils, this peak is suppressed.
We conclude that the second order reflection is not present in SAXS spectra
of fibrin gels due to destructive interference originating from the symmetric
nature of the fibrinogen molecule. When this symmetry is perturbed by the
removal of the β or γ nodule, the second order reflection appears. As we will
show later on in this chapter, this feature provides an unambiguous way to
detect the onset of forced unfolding of the β or γ nodules.
The overall decrease of the simulated scattering intensity of the protofibril
solutions with q exhibits two distinct power regimes, one with an exponent
close to -1 at low q, and one with an exponent close to -4 at high q. We
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can rationalize this q-dependence by calculating the expected form factor for
a protofibril approximated as a cylinder [476]:
Z
P (q) =
0

π/2

h 2J (qR sin x) sin(qL cos x/2) i2
1
sin xdx
qR sin x
qL cos x/2

(4.16)

Here R and L are the radius and length of the cylinder respectively, and J1
is the first order Bessel function. For protofibrils, R = rpf = 5 nm [294] and
we use L = 5 · 46 nm to compare with the simulations of protofibrils with a
length of ∼5 monomers. As shown in Fig. 4.10, the simulated SAXS spectra
indeed have a similar dependence on q as expected for cylinders of the radius
and length of the protofibrils, with a q −1 decrease of I(q) at low q and a
Porod regime where I(q) decreases as q −4 at high q. However, we do not see
oscillations in intensity at high q for the simulations. These oscillations are only
expected for dilute solutions of monodisperse cylinders and when the cylinders
have an internally uniform electron density. Protofibrils are not homogeneous,
however, in electron density (one of the reasons why we see Bragg peaks in the
first place) and they contain water pockets [74].
The q-dependence at low q scales as a power law with an exponent of -1 in
case of the simulations, as well as in the case of the form factor of a cylinder
(Fig. 4.10).
In the measurements for fine fibrin clots, we observe a stronger q-dependence
(power exponent of ∼-1.5) at low q than the q −1 dependence expected from
single protofibrils (and cylinders) in solution. This apparent discrepancy is
due to the fact that in the experiments we have fibrous networks, whereas the
simulations are performed on (single) protofibrils. Light scattering on coarse
fibrin networks showed a dependence of I(q) on bundle size and on the mass
fractal dimension Dm characterizing the network structure [478, 479] (see Fig.
4.5). For fine clots, the limit where the scattering intensity is dependent on
the network fractal dimension Dm is q2 = 0.11, which is based on the average diameter of the fine clot fibers of 20 nm (see section 4.3 and Fig. 4.5).
Thus, for q < q2 , we expect that the scattering intensity scales as q −Dm . Experimentally, we find Dm close to 1.5. This interpretation should be tested
independently with light scattering experiments. Note that we do not expect
to see the Fiber-Solvent Porod regime for fine clots, since for q > q2 we are
already in the regime where we expect to see the internal features of the fibers.
However, we still do expect a Porod regime at higher q-values (q & 1 nm−1 ),
which are experimentally not accessible for our fine clot system due to the low
scattering intensity of these samples.
We see a clear influence of bundle size on our SAXS measurements of fibrin
gels (see Fig. 4.8). Specifically, we observe a change in the power law exponent
of I(q) at low q-values (q . 0.2 nm−1 ). For coarse networks with bundle sizes
Np of 100 or more (curves 1 up to 4), the intensity decreases steeply with q
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Figure 4.11: Power law exponents characterizing the q-dependence of the
SAXS scattering intensity of coarse clots at low and high q. (A) Power
law exponent of I(q) in the low q regime (q < 0.2 nm−1 ) as a function of
bundle size. The exponent is close to -1.5 for fine clots (Np = 2) and closer
to the Porod limit of -4 for coarse clots. (B) The fractal dimension Df
characterizing the radial (cross-sectional) molecular packing structure of
fibers in coarse fibrin clots of 4 mg/ml, obtained by scaling out the overall
power-law decrease of I(q) with q in the range of 0.2 . q . 1 nm−1 ) (see
4.12A). The bundle sizes Np on the x-axis were measured at 4 mg/ml for
the Np ≥ 40 sample, and estimated based on values measured at cp = 1
mg/ml for the other two samples.

according to a power law with an exponent close to -4. In contrast, for the
fine clots (curve 5), the intensity decreases much more weakly according to a
power law with an exponent close to -1.5. The difference in power law slopes
is statistically significant (p<0.02). Figure 4.11A presents a summary of these
exponents. We can rationalize this bundle size dependence in the context of
the different scattering regimes expected for fibrous networks as sketched in
Fig. 4.5. For the coarse clots, the low q regime corresponds with the ’FiberSolvent Porod Region’, which is the first regime above q2 in Fig. 4.5. In
this Porod regime, scattering is dominated by the interface between fibers and
solvent [295, 347, 480]. Since the average fiber diameter is on the order of 100
nm, we expect the Porod regime to set in at q2 ∼ 0.02 nm−1 ). In the Porod
regime, we expect a power law exponent close to -4, consistent with our SAXS
measurements (curves 1 to 4 in Fig. 4.8). As discussed above, for the fine clots,
we expect to be in a different scattering regime, dominated the mass fractal
dimension of the blobs. This prediction should be tested with light scattering
experiments.
At higher q-values (in the range of 0.2 . q . 1 nm−1 ), we probe length
scales corresponding to the periodicity of the axial packing (discussed above)
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Figure 4.12: The scattering intensity measured for coarse fibrin networks
with thick fibers multiplied by the fractal dimension (Df ) of the mass
distribution within the fibers to better reveal the Bragg peaks originating
from axial and lateral molecular ordering. (A) Rescaled SAXS curves for
coarse gels of varying bundle size, shifted along the y-axis for clarity.
(B) Magnified view of a small region of the rescaled SAXS curves, where
the background level Ibackground (horizontal striped lines in panel A) was
subtracted. In (B), the gray curve was multiplied by a factor 10, while
black curve was multiplied by a factor 4. For (A) and (B), the blue line
corresponds to a 4 mg/ml fibrin gel with bundle size of Np ∼ 366, the black
line corresponds to a 8 mg/ml coarse fibrin gel with Np ∼ 100, and the
gray line corresponds to a 4 mg/ml coarse fibrin gel with Np = 44.

but also the radial packing. As discussed in section 4.3, the radial packing
structure of fibrin fibers is poorly understood. Two opposing models have
been proposed, one modeling the mass distribution inside fibrin fibers as a
fractal [364], while the other models fibers as crystalline packings of protofibrils [74] (see Fig. 4.6). If fibrin fibers can be considered as fractals, we expect
that the scattering intensity should scale with q according to a power law with
an exponent given by the fractal dimension [489]. In contrast, if fibrin fibers
can be considered as crystalline, we expect a peak at a q-value that is inversely
proportional to the average spacing between neighboring protofibrils. One earlier SAXS study reported an average radial repeat distance of 18.4 nm, which
corresponds to twice the distance between protofibrils. As shown in Fig. 4.8A,
the measured scattering curves for coarse fibrin samples can be considered as a
superposition of an overall power-law decrease with superimposed peaks. The
exponent characterizing the overall power-law decrease of I(q) is close to -1.3
(indicated by the black dashed line between 0.2 and 1 nm−1 ). This observation
is consistent with several prior sets of SAXS measurements [295, 461, 490] and
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also with the proposal made by Yeramonahos and co-workers [295, 490] that
fibrin fibers are partially crystalline.
To better test whether the SAXS curves can be described by a superposition
of a power law and Bragg peaks, we multiply the measured scattering intensity
with q Df , adjusting Df such that the curves are flat between 0.2 and 1 nm−1 .
As shown in Fig. 4.12, we can indeed find values for Df for which the curves
are flat in this q-region. The best-fit values for Df systematically decrease with
increasing bundle size, as shown in Fig. 4.11B): we find Df = 1.7 ± 0.05 for
Np = 44, Df = 1.5 ± 0.4 for Np ∼ 100, and Df = 1.3 ± 0.4 for Np ∼ 360. The
fractal dimensions we find by SAXS are consistent with previously reported
Df values of 1.7 and 1.3 [295, 364].
Multiplication of the scattering curves by Df clearly reveals the Bragg
peak at 0.29 nm−1 corresponding to the axial half-staggered order, but it
also clearly shows a second, much broader peak centered around 0.47 nm−1 .
This peak is only observed for coarse fibrin systems, with bundle sizes Np >
40. The position of the peak is independent of the bundle size, as shown
in 4.11A (open squares) (See Fig. 4.26 in the SI for fitting of the peaks).
The peak position corresponds to a typical distance of about 13 nm. This
distance does not correspond to the half-staggered axial order. Instead, it
likely reflects the lateral repeat distance between protofibrils. Previous studies
in which lateral order was examined reported somewhat larger repeat distances
of around 19 nm [298, 461, 463, 464, 488]. However, it has been shown in light
scattering studies that the packing density, and therefore the average spacing
between protofibrils, is rather variable, depending on assembly conditions such
as fibrinogen concentration, FXIII concentration, and buffer conditions [295,
332,490]. Therefore, we believe that the peak does originate from lateral order.
The large width of the peak suggests that this ordering is only short-ranged.
Indeed, the fiber diameter poses a strict upper limit on the range of order
that can be expected. In a perfectly crystalline system, the size of the crystal
is quantified by the Scherrer length, which sets the full width at half maximum
of a Bragg’s peak, ∆q, according to: Lscherrer = 2π/∆q [493]. We use this
expression for the Scherrer length to estimate an apparent crystal size. When
we plot the Scherrer length obtained by performing Gaussian peak fits to the
broad peak corresponding to the lateral ordering, we find that it is independent
of Np (open squares in 4.12B). This suggests that the extent of (crystalline)
cross-sectional ordering is not limited by the fiber diameter, but rather by
intrinsic disorder. The presence of intrinsic disorder is consistent with the
observation of a fractal dimension, and also with prior quantitative electron
microscopy data [289].
For comparison, we also analyze the Scherrer length as extracted from
the width of the peak corresponding to the first order reflection of the halfstaggering axial repeat. As shown in Fig. 4.12B (black solid circles), in this
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Figure 4.13: (A) The q-positions of the first sharp peak corresponding to
the first order reflection from the axial packing structure of fibrin fibers
(black solid circles), and of the broad peak that is attributed to the radial
packing order (open squares). (B) The Scherrer length computed from
the full width at half maximum of the peaks corresponding to axial order
(black solid circles) and radial order (open squares).

case Lscherrer does show an increase with increasing bundle size, meaning that
the axial order becomes higher as the fibers become thicker. We expect that
the range of axial ordering is limited by the crystal size, which should in turn
be related to the length of fiber segments between two branch points [494].
For a fixed fibrin concentration, we expect that the mesh size increases with
increasing degree of bundling, as illustrated by the confocal images in Fig.
4.8B,C and D. Assuming that the networks are homogeneous and isotropic,
p the
average mesh size ξ can be estimated from the concentration using, ξ ' 1/ρ,
where ρ is the total fiber length per volume [66]. For a bundle size Np = 366 at
8 mg/ml fibrin, we expect an average mesh size of 1.5 µm. For the Np = 100,
cp = 8 mg/ml and the Np = 44, cp = 4 mg/ml samples, the average mesh size
should be about 0.5 µm. The increase of Lscherrer with increasing Np seen in
Fig. 4.12B can thus be explained by a corresponding increase of the mesh size.
The effect of branching on the peak width is also nicely illustrated by
simulations of the scattering pattern from protofibrils of varying length (see
Fig. 4.14). When the length is decreased, the overall scattering curve does not
change, but the peak corresponding to the first order reflection broadens. As
an alternative test, we compared simulated SAXS spectra of single protofibrils
(curve nr. 1 in Fig. 4.15 with spectra for mini-networks of 2 or 3 crossed
protofibrils (curves nr. 2 and 3). Strikingly, the peak corresponding to the first
order reflection shifts from q ' 0.28 nm−1 , corresponding to 22.5 nm, to q '
0.306 nm−1 , corresponding to 20.5 nm when a branch is added. At the same
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Figure 4.14: The dependence of simulated SAXS patterns for single protofibrils on protofibril length. For the curves in increasing shades of gray,
the length increases by half a monomer length going from: FO4-3 to
FO5-4, FO6-5, FO7-6, FO8-7, FO9-8 and finally FO10-9. The expected
locations of the first, second, third and fourth order reflections of the
half-staggering axial repeat distance are depicted by vertical dashed gray
lines. The dashed black lines are power laws with an exponent of -1 in
the Guinier regime at low q and an exponent of -4 in the Porod regime
at high q.

time, the peak broadens. This observation is consistent with the decreasing
Scherrer length with decreasing mesh size we observe experimentally.
In summary, we have shown that the SAXS spectra of fibrin networks are
sensitive to the bundle size of the fibers. The half-staggered axial arrangement
of fibrin monomers within the fibers gives rise to a sharp reflection at q = 0.285
nm−1 and several higher-order reflections. However, this reflection is only
visible when the bundle size Np is larger than 40. The larger the bundle
size, the more intense and narrow the first order peak. We argue that the
peak width is related to the typical length of fiber segments between branch
points, which increases as fibrin assembles into thicker fibers. Strikingly, the
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Figure 4.15: The dependence of simulated SAXS patterns on protofibril
branching. 1) Unbranched protofibril control, FO10-9 (red line). 2) Two
protofibrils (FO10-9) that cross each other at an angle of ∼15◦ , forming
a mini network (light gray line). 3) Three protofibrils (FO10-9) crossing
(dark gray line). The expected locations of the first, second, third and
fourth order reflections of the half-staggering axial repeat distance are
depicted by dashed gray lines for reference.

second order reflection of the axial packing order is absent for all samples that
we tested. With the help of simulations of protofibrils by Artem Zhumorov
and Valeri Barsegov (Fig. 4.9), we can rationalize this finding based on the
symmetric structure of the fibrin monomers. Furthermore, the simulations
show that the disordered αC-regions emanating from the protofibrils should
broaden the peaks. Regarding the radial packing structure of the (coarse)
fibers, our SAXS measurements support a recent model proposing a partially
ordered arrangement of protofibrils within the fiber [295,490]. We find evidence
of a disordered arrangement characterized by a fractal dimension Df in the
range of 1.1 up to 1.7 (depending on bundle size) together with a broad peak
stemming from a characteristic spacing between protofibrils of 13 nm.
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Figure 4.16: Alignment of a coarse fibrin network (Np ∼ 100, 8 mg/ml)
under the influence of an increasing uniaxial tensile strain. Maximum
intensity projections of 10 µm deep confocal z-stacks for (A) 0%, (B)
15%, (C) 20%, (D) 40% and (E) 65% strain. Scale bar denotes 10µm
for (A-E) and images are rotated to have approximately the same strain
direction. Photographs of a fibrin gel in the Linkam tensile tester used
for SAXS measurements at applied strains of (F) 0%, (G) 85% and (H)
120%. The black bands are graphite marks used to monitor the strain.
The black structures at the two ends of the gel are pieces of Velcro that
are embedded in the gel so that the gel ends can be clamped.

4.4.2

SAXS of Stretched Fibrin Networks

Alignment
In section 4.4.1 we have shown that SAXS spectra of fibrin networks exhibit
a series of distinct peaks that can be explained in terms of the characteristic
half-staggering axial repeat distance of the molecular packing structure of the
fibers. We also showed that the intensity and width of these peaks as well as the
slope of the overall decrease of I(q) at low q are dependent on fiber thickness.
Next we aimed to investigate potential changes in the internal structure of
fibrin under elongation.
Fibrin samples were polymerized in a bone-shaped Teflon mold with Velcro
as anchor points. The Velcro pieces on each end of the gel were clamped in
a Linkam Tensile tester. We were able to stretch the samples up to typically
about 120% strain before the gel ruptured, often near one of the anchoring
points (Fig. 4.16(F-H)). We observed that under influence of extension, the
sample thinned and expelled water, consistent with a previous study [389]
(panel F-H). Moreover, the applied tensile strain caused the fibrin network to
align.
The degree of fiber alignment was quantified by imaging fixated stretched
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Figure 4.17: The 2D order parameter, S, for coarse fibrin gels (Np ∼ 100, 8
mg/ml) under increasing extensional strain determined by image analysis
of maximum intensity projections of 3D confocal z-stacks (Fig. 4.16(AE)). Each data point represents an individual measurement on a different
fibrin gel that has been stretched and fixated at a given strain.

fibrin samples under varying strain levels (Fig. 4.16(A-E)). At 0% strain,
the fibers showed no obvious preferential alignment (Fig. 4.16A), while at increasing levels of strain, the fibers progressively aligned more. To quantify this
effect, we performed image analysis using the OrientationJ plugin [439] for ImageJ on maximum intensity projections of 10 µm thick z-stacks to determine
the 2D order parameter S (defined in eq. 4.2). S is 0 for perfectly isotropic
systems and 1 for completely aligned networks. In practice, we typically find
S ∼ 0.1 − 0.2 for isotropic systems, as shown in Chapter 3 and in Fig. 4.17
(0% strain). S rapidly increases from ∼0.15 at 0% strain to 0.7 at 20% strain.
At 65% strain, almost the entire network is aligned as seen in the maximum
intensity projection (Fig. 4.16E), which results in a high S-value of 0.89 (Fig.
4.17). The increase in order parameter with extensional strain is steeper than
determined in an earlier study, albeit using a different definition for the order parameter, where the order parameter increases over a range of ∼300%
strain [389]. There are several caveats with the alignment analysis by confocal
microscopy. First we note that from the confocal images the fibers seem to
get thinner and come close together with strain, which makes it difficult to
track individual fibers. Second, the 2D maximum intensity projection likely
increases the order parameter artificially, if fibers that are still in the process
of re-orientating in the z-direction are projected to the same plane. Therefore, we expect quantitatively more accurate results from a three-dimensional
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Figure 4.18: Scattering patterns of 8 mg/ml coarse fibrin gels (Np ∼ 100)
for (A) 0%, (B) 50%, (C) 90% and (D) 110% strain. The stretching
speed was 7 µm/s between intervals. The peaks are pointed out by white
arrows. The color bar on the right displays the intensity axis (in arbitrary
units). (A-C) were recorded directly (∼2 min) after stretch, while (D)
was recorded after ∼6 minutes of stress relaxation.

analysis of the angle distribution of the fibers, which we have started to do
using the image toolbox SOAX [495]. In any case, our 2D analysis predicts
significant fiber alignment with strain. Next we investigated how the SAXS
pattern changes for networks under varying degrees of extensional strain.
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SAXS Reveals Strain-rate Dependent Forced Molecular Unfolding
The 2D SAXS patterns radically changed when fibrin samples were stretched,
as shown in Fig. 4.18. At 0% strain, the scattering pattern showed the same
features as patterns measured for fibrin samples in capillaries, being isotropic
and showing peaks originating from the half-staggered axial packing order.
This observation indicates that the network structure is initially isotropic and
that the gels were not perturbed much during sample handling, consistent with
the confocal images. When the strain was increased however, the scattering
pattern became more and more anisotropic, indicating progressive alignment of
the fibrin network with increasing strain. Also, certain peaks initially appeared
in the meriodional (strain) direction at intermediate levels of strain (Fig. 4.18B
and C) and disappeared (Fig. 4.18D) when the strain was further increased.
To quantify this behavior in detail, we performed a partial radial integration
over a ±15◦ (total 30◦ ) angle in the strain direction. We thus obtain the
meridional scattering pattern originating from X-rays scattered parallel to the
axis of the fibers aligned along the strain direction. The meridional scattering
is thus sensitive to strain-induced changes in the half-staggered packing along
the fibril axis.
The SAXS spectra obtained at 0% strain look identical to the spectra we
measured for fibrin networks in capillaries (section 4.4.1). Upon stretching, we
observe marked changes in the spectra. Strikingly, these changes depend on the
pulling rate, which was either 50 µm/s (Fig. 4.19), or 10 µm/s (Fig. 4.20), or 7
µm/s (Fig. 4.21). At the fastest pulling rate of 50 µm/s (Fig. 4.19), we initially
see peaks appearing with increasing strain (light gray to black). The first order
peak corresponding to the half-staggered molecular packing distance is not
visible at 0% strain, but appears when the strain reaches ∼60%, though only
after several minutes (compare panel A measured after 2 minutes with panel
B measured after 6 minutes). Apparently, the fibrin networks are not directly
in a steady state at this high pulling rate. This is supported by the forceextension measurements by the Linkam tensile tester, which show significant
stress relaxation at this pulling rate (Fig. 4.27 in the SI). The first order peak
is accompanied by a new, broad peak around q = 0.45 nm−1 and a smaller
peak at q = 1.06 nm−1 . With increasing strain, also the third and fourth order
reflections of the axial half-staggering distance get more pronounced (dashed
gray lines). At 80% strain, the peak at q = 0.45 shifts to slightly lower q-values
(q = 0.436 nm−1 ), which means that it shifts to larger distances. Also, two
new, smaller peaks appear, one at q = 0.535 (close to the expected location of
the second order reflection of the half-staggering axial distance) and the other
at q = 1.54 (arrows in panel B).
Interestingly, when the pulling speed was decreased to 10 µm/s (Fig. 4.20),
peaks appeared at similar q-values as observed at the higher pulling rate, but
they appeared at smaller strain levels and/or after a smaller relaxation time.
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Figure 4.19: Scattering intensity in the axial (meridional) direction for a
coarse fibrin network (8 mg/ml, Np = 23) that is stretched at a pulling
rate of 50 µm/s. (A) Scattering intensity recorded ∼2 min after stretching
and (B) ∼6 minutes after stretching. Vertical dotted lines indicate the
locations of the first, second, third and fourth order reflections of the
axial half-staggering repeat distance. The strain level, ε, corresponding
to each curve is indicated. The black arrows in (B) indicate peaks that
appear with increasing strain levels.

For instance, the first order reflection of the half-staggered distance appeared
at 60% strain already after 2 minutes instead of 6 min. Also, a new peak
appeared at q ∼ 0.52 nm−1 at a strain level of only 30%. Consistent with
these findings, force-extension measurements showed significantly less stress
relaxation (Fig. 4.27 in the SI). Another marked difference compared to the
50 µm/s pulling speed case, is that the peaks corresponding to the axial halfstaggering distance decrease in height at high strain levels, and eventually even
mostly disappear at the highest strain of ∼120%.
At an even lower pulling speed of 7 µm/s, we again observed the appearance
of peaks at similar q-values as in the 10 µm/s case: The peak at q ∼ 0.52
nm−1 again appeared already at a strain of 30%. At slightly higher strains, a
shoulder was observed in some cases on the low q-side of the peak corresponding
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Figure 4.20: Scattering intensity in the axial (meriodional) direction for
a coarse fibrin networks (8 mg/ml, Np = 23) that is stretched at a pulling
rate of 10 µm/s. (A) Scattering intensity recorded ∼2 min after stretching
and (B) ∼6 minutes after stretching. Vertical dotted lines indicate the
locations of the first, second, third and fourth order reflections of the
axial half-staggering repeat distance. The strain level, ε, corresponding
to each curve is indicated. The scattering curves are shifted along the
y-axis for clarity.
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Figure 4.21: Scattering intensity in the axial direction for a coarse fibrin network (8 mg/ml, Np = 23) that is stretched at a pulling rate of 7
µm/s. (A) Scattering intensity recorded ∼2 min after stretching and (B)
∼6 minutes after stretching. Vertical dotted lines indicate the locations
of the first, second, third and fourth order reflections of the axial halfstaggering repeat distance. The strain level, ε, corresponding to each
curve is indicated. The scattering curves are shifted along the y-axis for
clarity.
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to the first order reflection of the axial half-staggering distance at q ∼ 0.247
nm−1 (indicating the presence of a new repeat distance that is larger than
22 nm). Interestingly, at this low pulling speed, the peaks corresponding to
the half-staggered axial packing order completely disappeared at a strain of
90%, whereas at a pulling rate of 10 µm/s this happened at a significantly
higher strain of ∼120%. We note that we observed similar strain-dependent
changes in the Bragg peaks for networks with larger bundle sizes (Np ∼ 100)
stretched at the same speed of 7 µm/s (Fig. 4.28 in SI), though in this case the
peaks originating from the axial packing order disappeared at a larger strain
level (∼120%), suggesting that structural relaxation may be slower for thicker
fibers.
The observation that peaks corresponding to the half-staggered axial packing order appear with increasing tensile strain can be rationalized in terms of
the strain-induced alignment. The progressive alignment of the fibers along
the vertical direction makes it possible to distinguish the Bragg peaks in the
meriodional direction. The appearance of new peaks unrelated to the halfstaggered packing as well as the disappearance of peaks with increasing strain
indicate that straining in addition causes structural changes in the internal
axial packing structure. From section 4.4.1 we know that the second order
reflection of the axial half-staggering distance only appears when either the βor γ-nodule unfolds. Interestingly, we never observed the second order reflection of the half-staggering distance at the expected location (second vertical
dashed line). Upon straining, we observe the appearance of a new peak at
q-number that is close to the position of the second order reflection (see second vertical dashed line), but at a somewhat lower q-value. Potentially, this
peak may be attributed to the second order reflection of a (partially) unfolded
half-staggering axial distance of 22+δd. Here δd varies between 2 and 6 nm
to account for the higher order peaks at q = 0.45 nm−1 , q ∼ 0.247 nm−1 and
q = 0.52 nm−1 . To test whether this is a reasonable interpretation, we compared our scattering intensity plots with simulated scattering intensity profiles
of protofibrils pulled in silico. These full atom simulations were done by Artem
Zhmurov (Moscow Institute of Physics and Technology) and Valeri Barsegov
(University of Massachusetts Lowell).
The simulations show that under the influence of increasing extensional
strain, the two strands of the protofibril move closer together as the initial
’slack’ in the protofibril is pulled out, as shown in Fig. 4.22A. Already at
strains below 30%, there is some elongation of the protofibril, without significant unfolding. At 30% strain however, the forces are high enough to partially
unfold one of the γ-nodules inside the protofibril (see also the zoom-in in panel
B), giving rise to an 3−4 nm extension. This γ-nodule unfolds more and more
with increasing strain. At the same time, the alpha-helical coiled coils formed
by the α, β and γ chains exhibit varying degrees of unfolding and transfor-
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Figure 4.22: Structural changes during protofibril stretching predicted
using full atom simulations. (A) Representative images of (part of ) a
protofibril during stretching. The strain level is indicated. (B) Zoomin of the unfolding event at 30% elongation, where the γ-nodule of one
of the protofibril subunits unfolds, giving rise to a 3−4 nm extension.
Red denotes α-helical secondary structure, blue arrows denote β-sheet
secondary structure, and gray denotes random coils. These data were
kindly provided by Artem Zhmurov.

mation to beta-sheet structure. These pulling experiments were performed
for several short protofibrils (FO2-2 up to FO5-5). While the exact unfolding
pathway varied, the main features were all shared, namely that unfolding of
one of the γ-nodules started at 30% strain, while the alpha-helical coiled coils
transformed into β-sheet structures. This picture is consistent with vibrational spectroscopy measurements and staining tests with the β-sheet-specific
dye Congo Red on stretched fibrin gels, which also showed an increased β-sheet
content when fibrin networks were strained [336, 366].
The structures shown in Fig. 4.22 were used to compute the X-ray scattering intensity. Fig. 4.29 in the SI shows the simulated intensities for single
(partially) unfolded protofibrils in solution. The first order reflection of the
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half-staggering distance migrates to smaller q-values (i.e. larger distances),
as one might expect, with increasing strain levels, together with the corresponding higher order reflections. However, these scattering intensity graphs
cannot be directly compared with our SAXS experiments, since we start from
an isotropic sample. With increasing strain, the network aligns more and more
to the strain direction, as shown in Fig. 4.16 and Fig. 4.17. Thus, we need
to account for fiber alignment and inhomogeneous strain distributions in the
network (see section 4.2.4). We achieve this by assuming that the scattered
intensity of stretched gels is a superposition of intensities for aligned fibers and
unaligned fibers. The aligned fibers include fibers that just got oriented along
the strain direction and are still unstrained, as well as fibers under varying
levels of strain, depending on the macroscopically applied strain level. The
total scattering intensity is calculated according to eq. 4.10. As a last step, to
account for spectral line-broadening as a consequence of a widening distribution of stretched and unfolded fibrin monomers, the scattering intensity plots
are convolved with a Gaussian function with a width of 0.03 nm−1 .
Fig. 4.23 shows predicted scattering intensity plots for two stretching simulations of isotropic solutions of protofibrils comprising a mixture of folded and
(partially) unfolded protofibrils as a function of extensional strain. Interestingly, the first order reflection does not move much with strain, though it does
broaden with increasing strain and decreases in height. The third and fourth
order reflections of the half-staggering axial repeat distance are also present for
all strain levels, though the height decreases with increasing strain. The scattering intensities below 30% strain show the influence of protofibril stretching
and alignment without (significant) unfolding. At 15% strain, a peak appears
between the third and fourth order reflections at q ∼ 0.992 nm−1 , which coincides with a slight shift of the first order and third order reflections to lower
q-numbers (arrows in Fig. 4.23). These three peaks are related to an elongation of the 22 nm half-staggering axial repeat distance by 15%. We note that
at strains around 15%, the second order reflection of the half-staggering axial
repeat distance is not yet apparent and there is no significant unfolding yet.
Once the strain reaches 30%, one of the γ-nodules in the elongated protofibrils starts to unfold, giving rise to the appearance of the second order
reflection in the SAXS spectra due to symmetry breaking (as discussed in section 4.4.1). The location of the second order reflection is notably at smaller
q-values than expected based on the rest length of the half-staggering axial
repeat distance (q = 0.285 nm−1 for 22 nm), indicating that indeed the γnodules of protofibrils that are already under tension start to unfold first. The
second order reflection peak shifts to lower q-numbers as the strain is further
increased. This observation is consistent with our experimental data obtained
at the slowest pulling speed of 7 µm/s, where a peak appeared when the strain
reached 30% strain, at a q-value close to, but smaller than, the expected sec-
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Figure 4.23: Predicted scattering intensity obtained from in silico pulling
experiments on a mixture of full atom structures at various levels of
alignment and unfolding using eq. 4.10 and a Gaussian convolution as
described in section 4.2.4. (A) and (B) show the simulated scattering
intensity using two different protofibril pulling runs. Vertical dotted lines
indicate the locations of the first, second, third and fourth order reflections of the axial half-staggering repeat distance (22 nm). The strain
level, ε, is indicated. The data for these scattering intensity plots were
kindly provided by Artem Zhmurov.

ond order reflection position. Moreover, we observed also experimentally that
the position of this peak shifted to lower q numbers as the strain was further
increased.
In summary, the simulations predict that a variety of new peaks should
appear once the strain reaches 30%, as a consequence of γ-nodule unfolding.
These peaks are expected to be located at q-values in-between the positions
of the first and second order reflections originating from the rest length of the
half-staggering axial repeat distance (22 nm). These peaks can thus be taken
as a clear signature of γ-nodule unfolding. The peaks that we observed inbetween the expected locations of the third and fourth order reflections (from
the rest length of the half-staggering axial repeat distance (22 nm)), together
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with the shoulder that appears on the low-q side of the first order peak, are
related to an extension of the 22 half-staggering axial packing distance, but
should not be directly taken as a signature of protofibril unfolding.
Lateral Packing Changes at High Strain
So far, we have focused on the change of the axial molecular packing structure
of the fibrin fibers with increasing extensional strain. We have shown that
unfolding starts at strains above 30% at low pulling speeds (<10 µm/s), while
at the highest pulling speed the unfolding is delayed (50 µm/s). Next, we
investigated how the lateral packing structure of the fibrin fibers changes under
influence of extensional strain. To analyze the change in lateral packing order,
we averaged the scattering intensity orthogonal to the strain direction by a line
of 10 pixels in width to obtain the equatorial scattering pattern originating
from X-rays scattered perpendicular to the axis of the fibers aligned along the
strain direction.
As discussed in detail in section 4.3, the lateral packing structure of the
fibrin fibers is thought to be less ordered than along the axial direction. There
are two main models from the literature that describe the lateral packing of
protofibrils in a fibrin bundle, as shown in Fig. 4.6. One model describes the
fibrin fiber as mass fractals with a fractal dimension of Df ∼ 1.3 [364], with no
internal crystal structure. This would give rise to a q −Df dependence for the
scattering intensity. The other model describes the fibrin fiber as a ordered
lattice with a tetragonal unit cell measuring a x c x c = 18.4 x 18.4 x 46 nm,
where 18.4 nm corresponds to twice the distance between protofibrils and 46
nm to the length of one fibrinogen monomer [74, 298]. This model would give
rise to a peak around 18.4 nm. Recently, a combination of these two models has
been proposed, where the lateral packing is crystalline, but with a large number
of protofibrils missing (’holes’). This arrangement results in a superposition
of a fractal-like scattering and a broad peak due to locally crystalline regions
[295, 490]. In section 4.4.1, we have confirmed this superposition for coarse
fibrin networks, though we observed a broad peak at a lower distance (∼13 nm)
than expected and the fractal dimension varied between 1.3 − 1.7 depending
on bundle size.
At 0% strain, the equatorial scattering curve (light gray curve in Fig. 4.24)
looks similar to the isotropic averages for fibrin gels in capillaries presented in
section 4.4.1 and to the meriodional averages obtained for gels at 0% shown
in section 4.4.2. At high q, we see the third and fourth order reflections of the
half-staggering axial packing. When the fibrin network is strained (light gray
to black), we observe subtle changes in the scattering curves. We do not see
any peak at the predicted 18.4 nm distance predicted from the crystal structure proposed by Yang et al. [74] (dotted vertical lines). However, the data do
show a broad peak at q ∼ 1.0 nm−1 . At low strains, this broad peak coincides
with the expected positions of the third and fourth order reflections of the
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Figure 4.24: Scattering intensity in the lateral (equatorial) direction for
coarse fibrin networks (8 mg/ml, Np = 23) stretched at a pulling rate of
7 µm/s. (A) Scattering intensity recorded ∼2 min after stretching and
(B) ∼6 minutes after stretching. Vertical dotted lines indicate where first
and second order peaks are expected based on the repeat distance of 18.4
nm proposed by Yang et al. [74, 298]. The observed peak attributed to
the lateral packing (13 nm), and it second order reflection, are indicated
by the vertical gray dashed lines. The strain level, ε, is indicated. The
black dashed line at high q in (A) denotes a power law with exponent -4
(Porod). The scattering curves are shifted along the y-axis for clarity.
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half-staggering axial packing distance (q = 0.86 nm−1 and q = 1.14 nm−1 ).
However, the contribution of the axial packing decreases with increasing strain
due to fiber alignment. This means that we expect the third and fourth order reflections from the axial half-staggering repeat distance to disappear with
increasing strain. Thus, the peaks observed at higher strains should be attributable to the lateral packing structure of the fibrin fibers. In the capillary
measurements we observed a broad peak at q ∼ 0.47 nm−1 that we attributed
to a partially crystalline lateral packing structure with a 13 nm repeat distance
(dashed vertical lines). For the strained gel, we also observe a broad peak at
approximately this distance for some samples, which persists for a broad range
of strains (Fig. 4.31). We interpret the broad peak at q ∼ 1.0 nm−1 as the
second order reflection of this peak. The peak at 1.0 nm−1 does not move
with increasing strain values, until the strain reaches values of &80%, where
significant unfolding takes place. At these high strain levels, the second order
reflection of the lateral repeat distance (13 nm) shifts to higher q-numbers.
Also, the Porod regime at high q (black dashed line), which is related to the
solvent-protofibril interfaces as explained in Fig. 4.5, is moved out to higher
q-values. This observation indicates that the protofibrils themselves become
thinner once significant unfolding occurs. This interpretation is consistent with
the predicted structures shown in Fig. 4.22, where protofibrils become significantly thinner at strains of ∼80%, once a significant portion of the γ-nodule
is unfolded.
We note that we observe similar equatorial scattering curves also for the
other pulling rates, as shown in Fig. 4.31 in the SI, where the peaks attributed
to lateral order disappear at the same strains (∼120%) where the peaks attributed to the axial packing order disappear.
Plastic Deformation
So far we have shown that our experiments confirm predictions from simulations that protofibril unfolding starts at 30% strain. A key experimental
signature is the appearance of a Bragg peak corresponding to the second order
reflection of the (elongated) half-staggering axial repeat distance. We further
showed that the lateral packing does not change much with strain, except at
high extension where the axial order has mostly disappeared. In this section
we investigate how reversible these changes are by stretching coarse fibrin networks to different levels of strain, and returning to a lower strain level, as
shown in Fig. 4.25.
At a strain of 45%, we observe the first order reflection of the half-staggering
axial distance (22 nm), as well as the third and fourth order reflections (vertical
dashed lines). Also, there is a peak close to the second order reflection that
we attribute to the second order reflection of the elongated half-staggering
axial repeat distance. At this strain level and pulling speed (7 µm/s), the
protofibrils have partially unfolded γ-nodules.
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When the strain is increased further to 60%, the fibrin fibers are more
aligned (Fig. 4.16 and Fig. 4.17), leading to an increase of the intensity of
the first, third and fourth order reflections of the half-staggering axial distance
(Fig. 4.21), and the scattering curve shows more obvious signs of unfolding (peaks in-between the first and second order reflection of the axial halfstaggering distance, indicated by the first two vertical lines). Interestingly,
when the strain is returned back to 45%, the scattering curve suggests that
the fibers remember the strain direction, since the first, third and fourth order
reflections have a higher intensity compared to the original state of the network at 45% strain. The second order reflection is still present upon returning
to 45%, though it has a large shoulder to lower q-values. These observations
are supported by the scattering intensity in the equatorial direction, where
the first and second order reflections of the lateral packing distance between
protofibrils (13 nm) are better visible compared to the original state of the
network at 45% strain.
When the strain is increased from 45 to 90%, there is significant protofibril
unfolding, since the peak corresponding to the first order of the axial halfstaggering distance completely disappears. Interestingly, when the sample is
relaxed back to 45%, the first order re-appears together with its higher order
reflections (third and fourth order) but the second order is not present. This
implies that there is complete refolding, even though the sample is still under
45% strain. One possible explanation is that protofibrils, in combination with
unfolding, also slide along each other to relieve tension [413]. The equatorial
scattering now shows a broad shoulder at q-numbers where we expect to see
peaks originating from lateral ordering. We attribute this to significant fiber
alignment (as also indicated by the peaks of the axial packing) and a broad
disorder in the lateral packing distance. The observation that the first order
reflection re-appears after sample relaxation is consistent with prior SAXS
observations on fibrin films [455], though in that case the maximum strain
levels were lower (∼40% strain) and the waiting time was hours instead of
minutes. When we strain the sample to 110% and then return back to 45%, the
structure does not refold back completely, as indicated by the reduced height of
the first, third and fourth order reflections of the axial half-staggering distance
compared to the control case (thick gray line). This idea is supported by the
equatorial scattering intensity, which shows that the onset of the protofibril
Porod regime is delayed, which indicates thinner protofibrils compared to the
control (0% strained to 45% at a strain rate of 7 µm/s).

4.5

Discussion

We have investigated the origin of the remarkable extensibility of fibrin networks by performing in situ SAXS measurements on fibrin gels subject to uniaxial tension in combination with full-atom simulations of the force-extension
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Figure 4.25: Scattering intensity in the axial (meridional) (A) and the
cross-sectional (equatorial) (B) direction for a coarse fibrin network (8
mg/ml, Np = 23) stretched at a pulling rate of 7 µm/s, recorded ∼2 min
after stretching. The fibrin gel is pulled to the indicated strain level
(0.45, 0.6, 0.9 or 1.1) before relaxing it back to a strain level of 0.45.
The vertical dashed lines in (A) indicate the locations of the first, second,
third and fourth order reflections of the axial half-staggering distance.
The dotted vertical lines in (B) denote the predicted locations of the
peaks originating a crystalline lateral packing of the protofibrils assuming
a unit cell measuring 18.4 x 18.4 x 46 nm (q = 0.341 nm−1 and higher order
reflections) [74]. The dashed vertical lines in (B) denote the observed
peaks attributed to the lateral packing (q = 0.483 nm−1 and higher order
reflections). The scattering curves are shifted along the y-axis for clarity.
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behavior of fibrin protofibrils (performed by Artem Zhmurov and Valeri Barsegov).
We showed that fibrin network elongation is accompanied by forced γ-nodule
unfolding when the strain exceeds 30%. This process gives rise to a peak in the
scattering intensity located in-between the expected location of the first and
second order reflections originating from the rest length of the half-staggering
axial repeat distance (22 nm). We showed that these peaks can be taken as a
clear signature of γ-nodule unfolding. We also observed peaks in the scattering intensity in-between the expected locations of the third and fourth order
reflections (from the rest length of the half-staggering axial repeat distance (22
nm)), together with a shoulder on the low-q side of the first order peak. We
showed that these peaks are likely related to an extension of the alpha-helical
coiled coil regions of the protofibrils, and should not be taken as a signature
of protofibril unfolding.
Depending on strain rate, complete unfolding occurs at strains close to 90%
or higher. This is in line with a previous publication, which showed that the
first order reflection of the half-staggering distance (22 nm) vanished at 100%
elongation [389]. However, this strain is larger than strains reported for fibrin
films (∼40%) [456]. We note that for fibrin films the second order reflection of
the half-staggering distance was also observed at 0% strain [455, 456], which
is suggestive of mechanical perturbations during sample preparation. This
hampers a quantitative comparison of the strain required for unfolding between
our results and the prior SAXS data for fibrin films.
To compare the simulated scattering intensity of stretched protofibrils with
our SAXS experiments, we used previous published data on fibrin network
alignment [389]. This is not ideal, since fibrin alignment is likely to depend on
the pulling rate as well as on the mesh size of the fibrin network. To quantify
fiber alignment for our own networks, we have performed confocal microscopy
on fibrin networks that were fixed after stretching to various levels of strain
(Fig. 4.16) and we analyzed the fiber alignment using maximum intensity projections of 10 µm thick z-stacks. This analysis is likely to provide artificially
high values for the order parameter, since all fibers are forced onto one plane.
We expect quantitatively more accurate results from a three-dimensional analysis of the angle distribution of the fibers, which we have started to do using
the image toolbox SOAX [495]. In principle, we can also use 3D fiber tracking
data directly as input to simulate the scattering intensity. This is still work in
progress.
We convolved the scattering intensity calculated from simulated protofibril
structures with a Gaussian function with a width of 0.03 nm−1 . This width
was chosen to fit the experiments. To check whether this width is reasonable,
we compare this width to the broadening from the experimental setup. In
experiments, the scattering intensity data are broadened by misalignment and
energy spread of the incident beam. This broadening is estimated to be 2−3
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Å [496], corresponding to a broadening of about 0.003−0.004 nm−1 . This
experimental broadening is about 7−10 times smaller than the value used to
calculate SAXS curves from simulations. This indicates that the modeled
SAXS curves can be further improved in the future. However, qualitatively
the simulations do indicate which scattering peaks to expect from protofibril
stretching and unfolding, and at what q-values, and the simulation predictions
are all confirmed experimentally.
In the experiments we used coarse (bundled) fibrin gels (Np = 23 and
Np ∼ 100), whereas the simulations were performed for protofibrils (Np = 1).
Thus, the comparison between experiment and simulations is not entirely fair.
To address this issue, we also performed SAXS experiments on stretched fine
fibrin gels, which have minimal bundling (see Chapter 2, Np = 2). We observed
qualitatively the same features as for the coarse fibrin networks, as shown in
Fig. 4.30 in the SI, though the scattering intensity was reduced. We did not
observe a peak corresponding to lateral ordering, as one might expect in the
absence of significant protofibril bundling (panel B).

4.6

Conclusion

In this Chapter, we have shown SAXS data for fibrin gels under elongation,
supported by full-atom simulations on stretched protofibrils (from our coworkers, Artem Zhmurov and Valeri Barsegov ) to interpret strain-induced
changes in molecular structure. First, we investigated the effect of lateral
packing on the scattering patterns by varying the bundle size at 0% strain.
We showed that the axially symmetric molecular packing structure of fibrin
can explain the suppression of the second order reflection of the 22 nm axial
repeat. If the symmetry is perturbed by unfolding of the γ or β-nodule, the
second order appears. We further showed that the Bragg peaks corresponding to axial order are much more pronounced for thicker fibers and that the
peak width is correlated to the mesh size of the network. Further, we found
indications of a partially ordered lateral packing structure of the fibers with
a characteristic repeat distance of 13 nm, independent of bundle size. When
the fibrin gels were subjected to uniaxial stretch, we observed clear evidence
for forced molecular unfolding. At an applied strain of 30%, peaks appear between the first and second order reflections of the 22 nm axial repeat distance.
Predicted SAXS curves based on simulations of stretched protofibrils showed
that these peaks are an unambiguous signature of γ-nodule unfolding. Furthermore, both simulations and experiments showed that the peaks originating
from axial order become broader and less intense with increasing strain, indicative of increased disorder. At strains of ∼90−100%, the peaks disappeared
in the experiments, but only for small pulling rates. This loss of axial order
coincided with a loss of lateral order. By combining SAXS experiments with
MD simulations, we can now understand the molecular basis of fibrin’s exten157
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sibility and strain-stiffening response. Forced unfolding may also help explain
intriguing recent findings that mechanical stretch protects fibrin fibers against
fibrinolysis [465–467]. Moreover, forced unfolding may potentially unmask
cryptic binding sites for cells and extracellular matrix molecules, in a similar manner as in fibronectin [497] and could be exploited to design molecular
switches [498].
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Figure 4.26: Three fitting examples of two Gaussians per sample. The
fits are depicted in red dashed lines. The blue line depicts a 4 mg/ml
fibrin gel with bundle size of Np ∼ 366 , the black line is a 8 mg/ml coarse
fibrin gel with Np ∼ 100 and the gray line is a 4 mg/ml coarse fibrin gel
with bundle size Np = 44. Gray is enhanced by a factor 10, while black is
magnified by a factor 6.
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Figure 4.27: Example tensile test curves measured on coarse fibrin gels
(Np = 23, 8 mg/ml) for pulling rates of 50 µm/s (black) and 10 µm/s
(gray). The strain levels for 50 µm/s were 40% (first peak) and 60%
(second peak), while for the 10 µm/s only the 50% strain level is shown.
There is significantly more force relaxation in the 50 µm/s case compared
to the 10 µm/s case.
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Figure 4.28: Scattering patterns of coarse fibrin gels (Np ∼ 100, 8 mg/ml)
for varying strain levels (A) 2 minutes after stretching and (B) 6 minutes
after stretching. Vertical dotted lines indicate the locations of the first,
second, third and fourth order reflections of the half-staggering distance.
The strain levels are indicated. Scattering curves are shifted along the
y-axis for clarity.
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Figure 4.29: Simulated scattering intensity for dilute solutions of (partially) unfolded protofibrils as depicted in Fig. 4.22, without convolution
with a Gaussian function. Black arrows highlight the strain-induced migration of the first order reflection of the half-staggering axial packing
distance to lower q-values. Vertical dotted lines indicate the locations
of the first, second, third and fourth order reflections of the axial halfstaggering repeat distance. The strain level is indicated. The simulated
scattering curves are shifted along the y-axis for clarity.
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Figure 4.30: Scattering intensity in the axial (A) and lateral (B) direction
for fine fibrin networks (Np = 2, 8 mg/ml) pulled at 20 µm/s. (A) Scattering intensity directly (∼2 min) after stretching and (B) ∼6 minutes after
stretching. Vertical dotted lines indicate the locations of the first, second,
third and fourth order reflections of the axial half-staggering repeat distance. The strain level, ε, is indicated. The scattering curves are shifted
along the y-axis for clarity.
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Figure 4.31: Scattering intensity in the lateral direction for coarse fibrin
networks (Np = 23, 8 mg/ml) pulled at 10 µm/s. (A) Scattering intensity
directly (∼2 min) after stretching and (B) ∼6 minutes after stretching.
Vertical dotted lines indicate to 18.4 nm, and its second order reflection,
expected for the model presented by Yang et. al. [74, 298]. The observed
peak attributed to the lateral packing (13 nm), and it second order, is
indicated in vertical gray dashed lines. The strain level, ε, is indicated.
The scattering curves are shifted along the y-axis for clarity.
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5.

Microscopic View of Fibrin
Blood Clots

Mechanical interactions of cells with their tissue environment through
cellular adhesions have been shown to regulate many cell processes, including
cell migration and cell division. On the scale of the cell, local mechanical properties of the fibrous extracellular matrix at the micron scale are likely to be more
important than the global mechanical properties. In this chapter, we develop a
customized optical tweezer microrheology setup that allows us to probe the local mechanical properties of fibrin networks at the cellular scale by measuring
the thermally driven fluctuations of micron-sized probe beads embedded in the
material of interest. We first validate the technique by comparing microrheological measurements on viscous fluids of varying viscosities and polyacrylamide
gels with macroscopic shear rheometry. Next, we test the technique on fibrin networks whose architecture is varied by tuning the fibrin concentration
and self-assembly conditions. We show that the surface chemistry of the probe
beads crucially affects the micromechanical properties of fine fibrin networks:
Without surface passivation, beads accumulate fibrin on their surface and overestimate the shear modulus of the network, while a covalent Pluronic coating
creates a depletion layer of about 3 µm thick and leads to an underestimation
of the network modulus. Using the high-frequency response of the passivated
beads, we determine the persistence length of protofibrils to be 203 ± 75 nm,
which is in excellent agreement with prior findings. Finally, we study fibrin
networks with a large pore size (∼10 µm), for which we recover the bulk modulus within a factor 3. We conclude that optical tweezer microrheology is a
powerful tool to obtain information about the local micromechanical properties
of extracellular matrix networks at the scale relevant to cells, as well as the
network and fiber response.
Karin A. Jansen, Andre Scholich, Gijsje H. Koenderink
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Introduction

Mechanical interactions between cells and the extracellular matrix play a vital role in the regulation of cell behavior and tissue morphogenesis in health
and disease [3, 4, 499]. Cells probe their mechanical environment by exerting
traction forces [206]. Studies of cells on top of 2D substrates showed that
the stiffness of the substrate has a strong influence on cell spreading, differentiation, migration, gene expression and cell-cell signaling [41, 43–48] (see also
Chapter 1 section 1.3.1). Recently, the viscous properties of the substrate were
shown to also influence cell behavior [72, 500]. In 3D environments that more
closely mimic the extracellular matrix in tissues, it was shown that local mechanical interactions at the micron-scale regulate cell migration [310] as well as
cell division [501]. Cells can also locally change the architecture and mechanics
of the ECM, as shown in Chapter 3. Cells probe the mechanical properties
of their environments on the scale of the size of the protrusions that interact
with the matrix fibers, so at the scale of several microns [99, 423, 502, 503].
The mechanics of ECM gels are highly complex: They tend to stiffen under
the influence of stress in complex ways [39,66,272] (see also section 1.8.1). This
is very different from most synthetic materials, like polyacrylamide (PAA),
which have a constant stiffness out to very large strains [39]. Cellular traction
forces have been measured on top of two dimensional PAA substrates [504,505]
and inside three dimensional hydrogels [257] by applying linear continuum
elastic theories to calculate forces from measured bead displacements (see also
section 1.7). In the context of 3D extracellular matrices, this method is far
from trivial, since the pore size is typically on the order of microns (instead of
nanometers) [271], the ECM network typically strain-stiffens [39], and viscous
dissipation of the network occurs on cellular timescales [72]. Therefore, quantitative information is needed about the local micromechanical properties of
ECM networks to interpret cellular traction forces [247, 249, 503, 506].
One way to measure local mechanical properties is to use nanoindentation [55, 507]. However, this is a surface technique that does not give information about the mechanics inside a 3D gel. Others have used microrheology techniques, such as multiple particle tracking using time-lapse video microscopy [508–511], optical tweezer microrheology [512] or magnetic microrheology [513]. However, most of these microrheology studies focused on the
mechanical properties of cells [511,514,515] and isolated intracellular networks
like actin [333, 373, 427, 516–522]. Only a few studies so far addressed the microrheological properties of extracellular matrices using either optical tweezers [523–528], magnetic tweezers [403,529–532] or video particle tracking [533].
Most of these studies focused on the low frequency regime though, and did not
investigate the influence of the bead’s surface chemistry.
There are two main classes of microrheological techniques: Active microrheology, using optical or magnetic tweezers, and passive microrheology, using
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video particle tracking. These techniques are often used to determine the
mechanical properties in the low frequency regime. However, when optical
tweezers are combined with interferometric detection using quadrant photodiodes, one can obtain also high frequency information over a range up to 100
kHz [515,534]. The advantage of such a high bandwidth is that one can obtain
in a single measurement both the network response (at low frequencies) and
the dynamics of the individual polymers (at high frequencies) [427, 535, 536].
Microrheology of fibrous protein networks brings several complications,
however. The bead size is an important parameter to consider. If the bead is
smaller than the mesh size, then the passive fluctuations will give information
about the mesh size and not the mechanical properties of the network [523].
Also, the bead surface chemistry is an important consideration. This parameter has mainly been studied in the context of actin networks [516, 537], where
it was shown that inert beads report a lower modulus and a higher frequency
dependence compared to bulk rheology. In contrast, sticky beads tend to overestimate the modulus, but give the correct frequency dependence. One study
claims that sticky beads are necessary to report the correct moduli, even when
the bead size is ∼10 times larger than the average mesh size [538].
Here, we develop an optical tweezer based setup to perform high bandwidth
microrheology on fibrous protein networks. We validate the method using viscous fluids of calibrated viscosity, as well as small pore size PAA gels, which
have a significant elastic component. We then show that we can probe the local
viscoelastic moduli of fibrin networks. For this we employ two different bead
types: One set of beads that stick to the network (plain polystyrene beads) and
one set of passivated beads that are inert (polystyrene beads covalently coated
with Pluronic). We show that both bead types provide the correct concentration dependence of the elastic modulus G0 , but the sticky beads overestimate
G0 , while the inert beads underestimate G0 . We can explain this over- and under estimation in terms of a change in local fibrin concentration at the bead’s
surface. At high frequencies for the inert beads, we observe clear evidence of entropic elasticity for G00 , with a characteristic ω 3/4 frequency dependence, while
at low frequency the data agree with macrorheology. This observation confirms
the model proposed in chapter 2, where we concluded based on macrorheometry data that the linear elastic modulus of fibrin networks must be entropic in
origin. We can now apply the microrheology technique to probe the influence
of cells on their local tissue environment, for instance during cell-mediated
stiffening [67, 524, 525, 528]. Also, it could even be combined with simultaneous intracellular microrheology to probe the response of the cell [539]. Optical
microrheology is also highly suited for on-line monitoring of blood clotting and
fibrinolysis (nano-thromboelastography [540]).
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Materials and Methods
Sample Preparation

So-called ’fine’ and ’coarse’ fibrin gels crosslinked by fibrinoligase (FXIIIa)
were made as described in Chapter 2, using reagents from Sigma and human
fibrinogen and thrombin from Enzyme Research Laboratories (Swansea, UK).
Coarse clots were made using fibrinogen dialyzed into the fibrin buffer (without
CaCl2 , see Chapter 2) before use. The fibrin concentration was varied between
0.4 up to 2 mg/ml. Fine and coarse fibrin gels were allowed to polymerize for
at least 1 or 4 hours at 37◦ C respectively. For optical tweezer measurements,
beads at a (final) volume fraction of less than 1% were added just before the
addition of thrombin, and the gels were polymerized inside sealed glass chambers. For confocal microscopy, Alexa488 labelled fibrinogen was purchased
from Life Technologies (Bleiswijk, the Netherlands), dissolved in either fine
clot buffer or coarse clot buffer (without CaCl2 , see Chapter 2) and mixed
with unlabeled fibrinogen in a 1:20 molar ratio.
Polyacrylamide (PAA) gels were formed by mixing the following ingredients: BIS-acrylamide (40% w/v) was mixed with acrylamide (30% w/v) and
water. The solution was degassed by 10 minutes centrifugation. Then ammonium persulfate (APS, 10% w/v) and Tetramethylethylenediamine (TEMED)
were added to induce polymerization. The final conditions were (v/v) 1.1%
BIS-acrylamide, 1.1% acrylamide, 0.5% APS and 0.15% TEMED. The PAA
gels were polymerized at room temperature (22◦ C) for ∼ 4 hours or, in case of
rheology measurements, until a plateau in the linear viscoelastic moduli was
reached. For optical tweezer measurements, beads were added before APS
and the gels were polymerized inside sealed glass chambers. To ensure a homogeneous bead distribution, the glass chambers were rotated for the first
∼ 20 minutes of polymerization. To check that the overall stiffness does not
change by the presence of beads, we measured the rheological properties of
bead-seeded gels by adding the beads just before APS and TEMED. After 15
min, when the sample was still fluid, the sample was gently transported to
the rheometer plate to ensure an homogeneous bead distribution inside the
sample.

5.2.2

Bead Preparation

Polystyrene beads (1.5 µm diameter) were purchased from Polysciences (Eppelheim, Germany) and stored at 4◦ C. Silica beads (1 µm diameter) were
purchased from G. Kisker GbR (Steinfurt, Germany) and stored at 4◦ C. In
some cases, home-made silica beads were used. These beads were prepared according to a protocol introduced by Stöber et. al. [541] and modified by Zhang
et. al. [542]. In short, tetraethyl orthosilicate (TEOS), ammonia (30%) and
absolute ehtanol were used. Two solutions were made. Solution 1 contained 46
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ml of ethanol and 10 ml of ammonia, while solution 2 contained 7 ml of TEOS
and 28 ml of ethanol. Solution 2 was added drop by drop to solution 1 under
rapid mixing to get 1.2 µm diameter beads, as determined by transmission
electron microscopy by Dominique Thies-Weesie at the University of Utrecht.
The polydispersity was measured to be 3.4% (see Fig. 5.15 in the supplementary information (SI)). The silica beads were stored in 100% ethanol at room
temperature. All the three bead types were washed with water by repeated
centrifugation and resuspension before use.
In this Chapter, we investigate the effect of bead chemistry on the measured
mechanical properties in fibrin networks. For this purpose, we render 1.5
µm polystyrene beads inert by coating them covalently with Pluronic using
a protocol introduced by Kim et. al. [543]. In short, 15 µl bead suspension
was added in a LoBind Eppendorf tube (VWR, Amsterdam, the Netherlands)
and sonicated for 5 min. Beads were pelleted by centrifugation for 5 min at
16.1×1000 g to remove the supernatant. The beads were resuspended in 100
µl F-127 Pluronic solution (1% w/w). After 10 min incubation, 40 µl Toluene
is added and incubated for 3 hours. This allowed the beads to swell such that
the Pluronic chains are inserted. During this time, the tubes are in a rotating
wheel (20 rmp). The Toluene is removed by heating the tubes to 98◦ C in a
water bath in the fume hood for 10 min. The excess Pluronic was removed
by centrifuging at 16.1×1000 g for 5 min. The final bead solution was stored
in fine fibrin buffer (50 mM TRIS-HCL, 400 mM NaCL, pH 8.5) or water at
room temperature. The beads were stable for at least two years.

5.2.3

Macrorheology

Rheology measurements were performed with a stress-controlled rheometer
(Physica MCR 501; Anton Paar, Graz, Austria). Directly after adding thrombin, the fibrinogen solutions were quickly transferred to the rheometer plate,
which was equipped with a steel cone and plate (40 mm diameter, 1◦ cone
angle). The rheometer was preheated to 37 ◦ C for experiments with fibrin,
or kept at 22 ◦ C in the case of PAA. Solvent evaporation was prevented by
coating the fibrin sample edges with mineral oil. For PAA, water was added in
the wells. The time evolution of the linear shear modulus, G∗ , was monitored
during fibrin polymerization by applying a small-amplitude oscillatory strain
with amplitude γ = 0.5% and frequency ω = 3.14 rad/s and measuring the
stress response, σ(ω) = G* γ(ω). The shear modulus is a complex quantity,
G∗ = G0 + iG00 , having an in-phase elastic component, G’, and an out-of-phase
viscous component, G”. Networks of fine fibrin clots and also PAA reached
a constant shear modulus (G0 ) after about 1 hour. After polymerization, a
frequency test was performed by applying 0.5% strain and varying the frequency from 10 to about 0.05 Hz. These frequency tests were compared with
microrheology measurements obtained with the optical tweezer setup.
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Imaging

To check the local environment around the beads, we perform confocal microscopy on fibrin networks with (coated or not coated) beads and without
beads (control). For this we use a confocal fluorescence microscopy on a Nikon
Eclipse Ti inverted microscope equipped with a 100xoil immersion objective
(NA 1.49), a 488-nm laser (Coherent, Utrecht, The Netherlands) for illumination, and a photomultiplier tube detector (A1; Nikon, Amsterdam, the Netherlands). Alexa488 labeled fibrinogen was purchased from Life Technologies
(Bleiswijk, the Netherlands), dissolved in fine clot buffer (without CaCl2 ) and
mixed with unlabeled fibrinogen in a 1:20 molar ratio. Samples were prepared
in sealed glass chambers and polymerized at 37 ◦ C for 1 hour (fine clots) or 4
hours (coarse clots) before imaging. The images are summations over stacks
of 5−10 µm thick in z, taken 10 µm away from the surface with 0.125 µm step
size.

5.2.5

Optical Tweezer Measurements

Setup
The optical tweezer is build in-house on a Nikon Eclipse Ti inverted microscope,
which is depicted schematically in Fig. 5.1A. A 1064 nm wavelength continuous laser (YLM-5-1064-LP, IPG Photonics, Germany) is guided via an optical
fiber to the back of the microscope, which is placed on a vibration-isolating
optical table. The beam goes through a beam expander (ELQ-25-2.5x-1064,
Thor Labs) before it is guided through two acousto-optical deflectors (AODs)
(DTSXY-400-1064, AA Opto Electronics). The first reflection exiting from
the AODs is selected with a pinhole. The pair of AODs gives us control over
both the x and y direction of the laser beam and move the laser trap in the
sample via a computer via two computer-controlled variable frequency drivers
(AAMCS, France). The laser power within the sample can be varied by either changing the laser power directly at the laser driver, or by changing the
transmission efficiencies of the AODs.
Probe beads within the sample are optically trapped using a 100x oil objective (NA 1.4, Nikon). The laser light exiting the sample is collected using an oil
condenser (NA 1.4, Nikon, japan, HNA-oil) and projected onto the back-focal
plane of the condenser on a quadrant photodiode (QPD) (YAG-44-4AH Excelitas Technologies). The QPD gain is controlled using a field-programmable
gate array (FPGA board, NI PXIe- 1073, national instruments, Netherlands)
via a custom written program termed ’MicroRheology’. The gain was varied between 1 and 7 depending on the laser power and bead size used. The
QPD electronics calculates (analogue) the displacements in x(t) and y(t) from
the differences in voltages in the four quadrants of the QPD, as shown in
Fig. 5.1B. This interferometric paticle position detection method results in
nanometer spatial and ∼ 10 µs temporal resolution [544]. The x(t), y(t) and
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Figure 5.1: (A) Schematic diagram of the optical tweezer measurement
setup as described in section 5.2.5. (B) Schematic diagram of the quandrant photo diode (QPD) detector and its operations to calculate fluctuations in x and y in the sample plane. The x and y signals are normalized
by the sum-signal S.

sum signal is filtered by a low-pass filter (LTC1564, Linear Technology) with
cutoff 150 kHz. The signal of the QPD is normalized to the sum signal before
analysis to account for noise in the laser intensity. The recording of the position signal was typically 60 sec in fibrin gels, oversampling by recording at
a sampling frequency of 200 kHz. Such oversampling avoids aliasing artifacts
in data acquisition [545]. The data is analyzed with an home-made program
written by Marco Seynen termed ’MicroRheology’, which is written in C#
using Microsoft Visual Studio 2010.
Data Analysis
We developed a customized optical tweezer setup for determining the microrheological properties of biopolymer networks. For this purpose, we sparsely seed
our networks with beads and measure the constrained thermal fluctuations
in the x and y direction. If a Brownian particle embedded in a material is
in thermal equilibrium and there are no other forces acting on it, then the
fluctuation-dissipation theorem holds [546] and the position fluctuations u of
this particle are related to the response function of the material [547]:
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A00 (ω)α =

ω
Sα (ω)
2kB T

(5.1)

In this formula, α is either the direction x or y, and Sα is the integral over the
equilibrium fluctuation spectrum:
Z
Sα (ω) =
< uα (t)uα (0) > eiωt dt
(5.2)
A00 is the imaginary part of the response function. The real part A0 is related
to A00 via the Krames-Kronig integral [547]:
A0 (ω)α =

2
π

Z

∞

0

ξA00 (ξ)α
dξ
ξ2 − ω2

(5.3)

We refer to A∗ as the apparent complex response function (A∗ = A0 + iA00 ),
since the fluctuations are recorded in the presence of an harmonic confining potential, namely the laser trap. The rheological complex response function, B ∗ ,
is determined by correcting the apparent response function for the contribution
of the laser trap with trapstiffness kα [534, 547]:
B ∗ (ω)α =

A∗ (ω)α
1 − kα A∗ (ω)α

(5.4)

If we assume the material is an isotropic and incompressible medium, then
the complex shear modulus G∗ is related to B ∗ via the generalized Stokes
equation [547–549]:
G∗ (ω) =

1
6πRB ∗ (ω)

(5.5)

were R is the bead radius. This equation is in principle only valid for incompressible media (i.e. Poisson ratio ν = 1/2). However, if the medium
is compressible, G∗ can be at most 25% off, given that ν is still between 0
and 1/2 as typical for biopolymer networks [548]. For fibrin, values close to
0.5 have been suggested for ν in the linear elastic regime relevant for passive
microrheology [366]. Interestingly, at high deformations, fibrin gels show evidence of negative compressibility [389]. The importance of compressibility
effects is frequency-dependent, since at high frequencies, the network is viscously coupled to the fluid, whereas at low frequency, the system becomes
compressible [548]. The crossover frequency fcros , above which viscous coupling dominates, can be estimated from a two-fluid model as [548]:
fcros '

G ξ2
' 200 Hz
µ R2
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Using parameter values typical for fine fibrin gels, with G = 10 Pa, µ = 0.001
Pa·s, ξ = 100 nm and R = 0.75 µm, we find fcros ∼200 Hz. This means that,
above ∼200 Hz, we can consider fine fibrin gels as incompressible.
To determine the linear viscoelastic properties of fibrin and PAA gels, at
least 10 beads per conditions are measured at a fixed distance of 10µm above
the glass surface, unless stated otherwise. The geometric mean is shown per
sample, since the average is more sensitive to outliers with high modulus (see
Fig. 5.16 in SI). To allow a comparison of G0 and G00 from micro- and macrorheology measurements, we averaged the modulus between 5 and 6 Hz. The number of samples per condition for the fibrin gels are summarized in Table 5.2 in
the SI. For fibrin, the reported G00 are corrected for the solvent contribution
(G00 = µ2πf , with viscosity µ = 0.001 Pa·s).
To validate our home-made setup and analysis, we measured the apparent
and rheological response functions for viscous fluids of known viscosities (water
and water-glycerol mixtures), while varying the trapstiffness by varying laser
power. For a viscous fluid, the apparent complex response function A∗ reported
by an immersed bead held by a trap of stiffness k is calculated as [534]:
A∗ (ω) =

1
k − iωγ(ω)

(5.7)

where γ is the drag of the particle. For a spherical particle, this is Stokes
drag γ = 6πµR, where µ is the viscosity of the surrounding medium. The
rheological response function is then calculated using eq. 5.4.
Calibration
For a trapped particle in an viscous fluid, the Fourier transform of the thermal
fluctuations takes the shape of an Lorentzian [545, 547, 550, 551]:
S(f ) =

kb T
γπ 2 (fc2 + f 2 )

(5.8)

Here kB T is the thermal energy and fc is termed the corner frequency [545,
547, 550]. The low frequency response is governed by the laser trap, according
to S(f ) = 4γkB T /κ, while at high frequency the response is governed by
the thermal fluctuations of the bead. The corner frequency is the boundary
between these two regimes and is proportional to the strength of the trap:
k = 2πfc γ

(5.9)

For calibration, 10 up to 15 spherical particles in buffer solution (in case of
fibrin) or water (in case of PAA) were measured and the average k-values in
both x and y was used to analyze data obtained in fibrin and PAA networks.
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Figure 5.2: (A) The Power Spectral Density (S ) of an one µm silica bead in
water. Data is depicted in gray, while the red dashed line is the Lorenzian
function (eq. 5.8) used to calibrate the trap. The vertical black dashed
line denotes the corner frequency fc . (B) The average trapstiffness in x
and y, ktrap , can be tuned by varying the laser power of the laser driver.
The red line is a linear fit. The laser power in the sample is about 0.05
times lower compared to values shown in (B).

5.3
5.3.1

Results
Setup Validation

Calibration and Viscous Fluids
We developed an optical tweezer setup to measure local mechanical properties
of fibrous networks. To validate this setup, we first measured 1 µm diameter
silica beads in water. The beads were sparsely seeded inside a flow chamber
with a height of ∼300 µm. The beads were trapped 10 µm away from the
bottom surface. The Brownian displacement fluctuations of a single bead
inside the laser trap were recorded via the QPD. The Fourier transform of
these fluctuations gives the power spectral density function (S ), which shows a
plateau at low frequencies and a -2 slope at high frequencies (Fig. 5.2A). This
result is consistent with eq. 5.8 and earlier reports [547, 552]. The transition
from a plateau to a -2 slope is characterized by the corner frequency fc . Using
this corner frequency, the trap stiffness of the laser can be determined with eq.
5.9.
The trap stiffness was linearly dependent on laser power (Fig. 5.2B).
This linear dependence is indeed expected and is consistent with earlier reports [547, 552]. In addition, we expect that the trap stiffness shows a depth
dependence due to the high numerical aperture (NA) of the used objective
and the refractive index mismatch between the immersion oil and the aqueous
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Figure 5.3: The dependence of the trapstiffness (A) and the QPD deflection (B) on focus depth in the sample. Crosses refer to the x-direction,
while open circles denote the y-direction. The symbols are shifted along
the x-axis for clarity in both (A) and (B), the sample depth z is 10, 15, 20
and 25 µm. For z = 25 µm only 2 beads were measured, while for the other
heights 5−11 beads were measured (see Table 5.1 in SI for statistics).

samples [553,554]. Indeed, the trap stiffness decreased linearly with increasing
focus depth for depths between 10 and 25 µm, as shown in Fig. 5.3A, consistent with earlier reports [553, 554]. The trapstiffness in the x and y direction
have the same magnitude for all sample depths z, showing that the laser spot
is symmetric.
The QPD deflection in x and y was calibrated using the plateau level at
low frequencies in Fig. 5.2 using eq. 5.8 and the fit in Fig. 5.2A [550]:
Sf it =
s
deflection =

fc2

C
+ f2

S
=
Sf it

s

(5.10)

kb T
γπ 2 C

(5.11)

Here Sf it is the fitting function with C and fc as fitting variables. The deflection converts the voltage outputs from the QPD to µms and the values
reported here are in the same range as previous reports [555]. The deflection
shows a slight increase with sample depth, as shown in Fig. 5.3B.
The depth dependence of the trap stiffness and deflection shown in Fig. 5.3
emphasize the importance of using a consistent focus depths for optical tweezer
microrheology. In the following controls, we make sure we are always at a depth
of 10 µm away from the bottom surface. This height is sufficiently far away
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Figure 5.4: The response functions of 1µm silica beads in water, for varying laser powers. (A) The real part and (B) imaginary part of the apparent
response function. (C) The imaginary rheological response function. (D)
The viscous modulus. The trap stiffness is varied from 5.67·10−6 (green),
to 1.20·10−5 (blue) and 2.63·10−5 N/m (purple) by tuning the laser power.
The dotted lines are the theoretical predictions.

from the top and bottom surfaces of the flow cell to prevent wall effects such as
hydrodynamic drag, long-range surface forces, or optical reflections [556, 557].
To further validate our optical tweezer microrheology setup, we compared
the calculated and measured response functions of beads in water, which has a
viscosity of µ= 1 mPa·s at room temperature. To calculate the elastic and viscous properties of the medium, first the complex apparent response function is
calculated using eq. 5.7. As shown in Fig. 5.4A and B, the apparent response
function depends on the trapstiffness at frequencies below ∼ 500 Hz, while at
higher frequencies all response functions overlap. This is indeed expected, since
the apparent response function is not yet corrected for the laser contribution.
The measured apparent response function for varying trapstiffness overlap well
with the calculated response function from the known viscosity and trapstiff178
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ness over the whole frequency range, except at the lowest frequencies (≤5 Hz).
Low frequenciy results from optical tweezer microrheology indeed commonly
suffer from noise due to sample and laser drift. Note that the A0 data are
cut-off about one decade earlier than the A00 data; this is a consequence of the
Kramers-Kronig transformation needed to infer A0 from the measured A00 and
the finite frequency range over which A00 is known.
The rheological response function can be calculated from the apparent response function by correcting for the contribution of the trap trap, using eq.
5.4. As shown in Fig. 5.4C, the imaginary part of the rheological response
function for beads in water is now independent of trapstiffness and are in close
agreement with the theoretical prediction (shown in black) except again at low
frequencies. As shown in Fig. 5.4D, the measured G00 -values for water closely
agree with the theoretical prediction of G00 = 2πµf for all trap stiffnesses.
Only at frequencies below 5 Hz, the experiments overestimate G00 . We obtain
similar results for a 50% v/v glycerol-water mixture (µ=5.9 mPa·s at room
temperature [558, 559]) (see Fig. 5.17 in SI). We can thus accurately capture
the viscous properties of fluids of varying viscosities at frequencies higher than
5 Hz.
Polyacrylamide (PAA) gels
We established that we can accurately measure the viscous properties of fluids
of varying viscosities at frequencies above 5 Hz. Next, we investigated a model
system with both an elastic and viscous component, namely PAA. We prepared
PAA gels with low stiffness to approach the stiffness of fine fibrin gels (i.e. G0
on the order of 10 Pa or less). The pore size of these PAA gels should be on
the order of a hundred nanometers or less [560, 561] and is thus much smaller
compared to the bead size used here (1.5 µm). Macrorheology measurements
showed that the viscous and elastic moduli of the PAA gels were of the order
of several Pascals, as shown in Fig. 5.5 (red and blue symbols). The moduli
determined by optical tweezer microrheology (gray lines) are very similar to the
values obtained by macrorheology in the overlapping frequency range (0.5−10
Hz). For instance, macrorheology gives G0 = 5.4 ± 1 Pa and G00 = 2.17 ±
0.26 Pa at frequency 5 Hz, while optical tweezer microrheology gives G0 = 8.3
± 4.4 Pa and G00 = 2.5 ± 1.3 Pa in the range of 5−6 Hz. We note that noise
peaks at frequencies of ∼100 Hz reflect vibrations originating from the laser
driver. These noise peaks are more pronounced in elastic samples, like PAA
gels, than in viscous samples like water and water-glycerol fluids.
The macroscopic rheology measurements can only access the elastic plateau
regime for G0 . Optical tweezer microrheology, in contrast, reveal a slight frequency dependence of G0 for low frequencies (i.e. f . 50 Hz) (Fig. 5.5A, solid
line with a power law exponent of 0.2) and a steeper frequency dependence
at higher frequencies (solid line with a power law exponent of 0.5). This frequency dependence is consistent with a previous report [548] which showed
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that dilute PAA gels can be described by the Rouse model [562, 563]. We note
that for long linear polymer chains with narrow molecular weight distribution,
the low frequency response is governed by a flow regime and an entanglement
regime, while the high frequency response describes the transition towards the
glass state as well as the glass state with modulus G∗g [564]. More concentrated PAA gels ('2 % w/w) showed exponents close to 1 [548, 565] and could
be described by a rheological model that combines an continuous relaxation
spectrum model and fractional derivatives for the higher frequencies [565]:
G∗ (ω) = G∗f + G∗g =

Z

∞

H(λ)
0

(iωλ1 )a
iωλ dλ
+ G1
1 + iωλ λ
1 + (iωλ1 )a

(5.12)

where H(λ) is the continuous relaxation spectrum and λ is the relaxation
time. λmax is the maximum relaxation time, below which the sample flows.
λ
H = nf G0N ( λmax
)nf when λ < λmax and 0 otherwise, where -nf is the slope
00
of G at very low frequencies (< 10−2 Hz, not accessible in our setup) and G0N
is the linear storage modulus at the plateau. G∗f describes the low frequency
response from flow to the glass transition state. 1/λ1 is the typical crossover
frequency between glass and solid state in the mechanical response (at high
frequencies) and is related to the microstructure of the PAA [565]. G1 is the
high frequency modulus at f = 1/λ1 . The exponent a is below 1 for PAA
and was reported to decrease with acrylamide concentration. This model was
shown to work up to frequencies of 500 Hz [565].
Both the model presented in [565] (eq. 5.12) and the Rouse model state
that, for intermediate to high frequencies, both G0 and G00 should scale with
the same power law exponent a. In particular, the Rouse model states that
this exponent should be 0.5. Since we see a power law exponent of 0.5 for G0 ,
we expect to see a power law exponent close to 0.5 for G00 as well. We find
a power law exponent of 0.62 ± 0.02 at low frequencies (f . 10 Hz) for G00 ,
and a smaller exponent of 0.45 ± 0.03 by microrheology at higher frequencies
(fitted between 10 Hz < f < 50 Hz). The onset of the regime where G0 and
G00 have a similar slope is dependent on the gel concentration [565, 566]. We
estimated this onset by using the model presented in [565] using:
fT =

1
2πλ1



G0N
G1 cos(πa/2)

1/a
(5.13)

Using values typical for our PAA gel (a = 0.5, G1 = 100 Pa, G0n =10 Pa and
λ1 ∼ 10−4 s), we estimated fT to be around 10 Hz. This estimate is in line
with prior measurements [565], where fT increases with increasing acrylamide
concentration (fT ∼ c1.6 ) for gels with a similar BIS-acrylamide content as our
gels. This cross-over frequency is also consistent with the power law dependences of G0 and G00 shown in Fig. 5.5.
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Figure 5.5: The low strain elastic (A) and viscous (B) mechanical properties of PAA measured by macrorheology (red and blue symbols) and
optical tweezer microrheology (gray lines). Macrorheology were done on
gels without beads (control, blue squares) and two gels with beads (red
crosses). The solid black lines show the power law dependences seen at
the varying frequency domains (see main text).

Overall, the microrheology experiments provide reliable measurements of
the viscoelastic moduli of PAA, including the f 0.5 frequency dependence of
G0 and G00 at intermediate to high frequencies expected on the basis of the
Rouse model [548,562,563]. Next, we aimed to investigate the local mechanical
properties of fine fibrin gels.

5.3.2

Bead Surface Properties Affect Stiffness Measurements inside Fibrin Gels

Having validated our microrheology setup using Newtonian fluids and PAA
gels, we investigated the effect of the bead surface properties on the micromechanical properties of fine fibrin networks. For this purpose, 1.5 µm polystyrene
beads were either covalently coated with Pluronic to render them inert, or left
uncoated so fibrin adhered to the bead surface. The average pore size of these
networks decreased from 350 to 115 nm when the concentration was raised
√
from 0.4 to 2 mg/ml, as estimated using ξ ' 1/ ρ (see section 2.4.2 in Chapter 2). Thus, depending on the fibrin concentration, the beads were between
4 and 13 times larger compared to the average mesh size. As a first step, the
mechanical properties of 1 mg/ml fine fibrin networks were determined using
optical tweezer microrheology with the coated and uncoated beads and compared with macrorheology measurements on corresponding networks prepared
without beads.
The bead surface properties play a major role in the determination of the
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mechanical properties, as shown in Fig. 5.6A and B. The most striking observation is that the noncoated beads (red curves) report higher G0 and G00 values
compared to the beads coated with Pluronic (gray curves). The frequency dependence of G00 also differs between the two bead types: G00 reported by the
noncoated beads show a weaker frequency dependence compared to the coated
beads. Note that similar to the PAA gels, noise peaks originating from vibrations are present for G0 and G00 curves at frequencies around ∼100 Hz.
Compared to macrorheology data (blue squares), the uncoated beads report
larger values for G0 and G00 , whereas the coated beads report smaller values
for G0 and on average comparable values for G00 .
To determine the origin for the different micromechanics reported by coated
and uncoated beads, we investigated the local fibrin structure. As shown in
Fig. 5.6C, in the absence of a surface coating, the density of fibrin close to
the beads is much higher than the fibrin density between beads. Apparently,
beads accumulate fibrin and possibly act as nucleation centers. In the case of
coated beads, the network microstructure as observed by confocal microscopy
(Fig. 5.6D right) is qualitatively similar to the control network structure without beads (Fig. 5.6E). However, beads often coincide with regions of lower

Figure 5.6 (facing page): The effect of bead surface properties on the mechanical properties of 1 mg/ml fine fibrin gels measured by optical tweezer
microrheology (A,B), and on network structure (C-E). The gray and red
curves in (A) and (B) denote the G0 and G00 measured by beads that
are covalently coated with Pluronic or uncoated, respectively. The blue
squares denote corresponding macrorheology measurements on networks
without beads. Each line represent the geometric average of an independent measurement (see also Table 5.2 in the SI for statistics). The dashed
black lines in (A) and (B) are power laws with exponent 3/4. (C) Noncoated bead inside a fine fibrin network causes a locally enhanced fibrin
density. (D) Coated beads do not seem to perturb the fibrin network. (E)
1 mg/ml fine fibrin network without beads (control). The radial intensity distribution for (F) noncoated beads (n=5) and (G) beads covalently
coated with Pluronic (n=15). For (F) and (G) the intensity distributions
are centered on the bead (r = 0) and the intensity is normalized by the
average intensity Ibkg , 5 µm away from the bead’s center. Red is the average intensity distribution, gray are single bead measurements, and the
vertical dashed line indicates the location of the bead surface (rbead = 0.75
µm). The insets are zoom-ins (log-log scale) of I/Ibkg in the range r[rbead , 4
µm]. For (C) and (D), the left image are DIC images showing the bead
positions, while the right panels are sum images of confocal fluorescence
image stacks over 5 µm or 10 µm depth respectively. The control confocal
image in (E) is a summation over 10 µm depth. Scale bar denotes 5 µm
for all images.
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fibrin density (Fig. 5.6D). This qualitative observation is consistent with prior
measurements on networks of filamentous actin, where passivated beads were
shown to settle in weaker parts of the gel and to be surrounded by a thin
layer depleted of actin [518,522]. We quantified the density distribution of fibrin around the uncoated and coated beads by determining the average radial
fluorescence intensity distribution, as shown in Fig. 5.6F and G respectively.
The intensity was normalized by the background level, Ibkg , which was defined
as the average intensity of the fibrin network in-between beads (>5 µm away
from bead centers). Noncoated beads show a 4 times increase in normalized
intensity close to their surface, which decays back to 1 over a range of about
2.5 µm (best seen in inset Fig. 5.6F). Thus, a fibrin layer of about 1.8 µm
thick is accumulated on the bead surface. In contrast, in the coated beads case
there is a depleted region, where the normalized intensity is about 80% near
the bead’s surface and decays to 100% over a range of 3.4 µm (best seen in
inset Fig. 5.6G). The depletion layer is thus about 2.6 µm.
The observation of a depletion layer surrounding inert beads immersed in
a semiflexible polymer network is in line with publications on microrheology
of actin gels [521, 522], where coated beads also showed a lower modulus [517–
519] and higher frequency dependence [521, 537] compared to sticky beads. It
was proposed that the thickness of this depletion layer can be estimated by
considering a bead in a composite system, as sketched in Fig. 5.7A [546].
Close to the bead, we assume a local incompressible medium with a local
modulus Gloc , while further away from the bead we recover the bulk modulus
Gbulk . In this simplified system, the modulus measured by the bead, Gbead ,
is [521, 546, 567]:

Gbead (ω) =

4β 6 κ02

−

2Gbulk (ω)[κ00 − 2β 5 κ0 ]
+ 10β 3 κκ0 − 9βκ0 − 15βκ0 + 2κκ00

9β 5 κκ0

(5.14)

Here β = a/b < 1, κ = Gbulk /Gloc , κ0 = κ − 1 and κ00 = 3 + 2κ. We used
eq. 5.14 to estimate the depletion layer for coated beads, taking for G∗bulk
the modulus reported by macrorheology, and assuming that the local modulus
Gloc in the depletion layer corresponds to the modulus expected for a fine
fibrin network with a concentration equal to 90% of the bulk concentration, cp .
Based on the macrorheology data shown in Fig. 5.8B and D, we assume that
11/5
G0loc = (0.9)11/5 G0bulk and G00loc = (0.9)0.85 G00bulk , since G0 ∼ cp
and G00 ∼
0.85
cp . Taking the moduli reported by microrheology at ∼5 Hz as Gbead (see
Fig. 5.8), we get values of ∼3 µm for the depletion layer (see Fig. 5.7B). This
estimation is in agreement with the estimation based on the fibrin fluorescence
intensity profiles measured by confocal microscopy (Fig. 5.6G), though there
is a large uncertainty. This can be attributed, in part, to sample-to-sample
variations in Gbulk . In the future this variability may be circumvented by
estimating Gbulk by two particle microrheology on the same sample [521, 567].
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Figure 5.7: (A) Schematic of the local depletion layer around the Pluronic
coated beads. The bead radius is a, the depletion layer is b − a and r
denotes the radial coordinate. In the depletion layer, we assume a local
modulus Gloc , which is lower than the bulk modulus, while further away
we recover the bulk modulus Gbulk . The bead measures a superposition
of Gloc and Gbulk according to eq. 5.14. (B) The estimated depletion
layer thickness for beads in fine fibrin networks as a function of fibrin
concentration, estimated assuming the fibrin density in the depletion layer
is 90% of the bulk density.

However, we note that there is also quite a large variation in the intensity
distribution of the fibrin network near the beads, as evident in Fig. 5.6G. To
get a more accurate estimate of the depletion layer of surrounding each bead,
one should ideally correlate the micro-environment as visualized by confocal
microscopy directly with the measured mechanical properties reported for that
bead. Also, we note that we made the simplifying assumption that the local
reduction in fibrin concentration near the bead surface is 10% for all fibrin
concentrations. In any case, the estimated depletion layer is in the same order
of magnitude as values reported for actin networks [521,568,569], which ranged
between 0.8 and 2.5 µm, depending on bead size and average filament length.
The depletion layer in fine fibrin networks is larger than reported for beads
in semidilute solutions of λ-DNA (≤0.6 µm) [567], which is reasonable, since
DNA has a shorter persistence length (∼50 nm [570,571]) than fine fibrin fibers
(∼150 nm, see Chapter 2).
The confocal microscopy results indicate that noncoated beads are confined
by a layer of fibrin with an enhanced fibrin density compared to the bulk,
whereas coated beads tend to probe regions that on average have a (locally)
reduced fibrin concentration. Consequently, the elastic and viscous moduli
measured by sticky beads are about a factor 5 to 6 higher compared to those
reported by the inert beads (see also Fig. 5.8). This observation is again
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consistent with prior measurements on actin networks, where the modulus
reported by beads was correlated with the number of actin molecules bound on
the particle surface [518]. Since the fibrin networks are formed in the presence
of the beads, it is conceivable that the beads alter the network structure by
acting as nucleation or crosslinking points. It would be interesting to test this
hypothesis by imaging the networks with scanning electron microscopy and
also by following fibrin polymerization with confocal microscopy in time in the
presence of beads.
Both the coated and uncoated beads show systematic differences in G0
and G00 compared to the macrorheology control measurements (blue squares
in Fig. 5.6A and B). The noncoated beads overestimate both G0 and G00 ,
while the coated beads show a very good agreement with macrorheology for
G00 , but systematically report a lower G0 . To facilitate a direct comparison,
we compared the values of for G0 and G00 obtained by macrorheology at a
frequency of 5 Hz with corresponding values determined by microrheology in
Fig. 5.8. For the optical tweezer data, we averaged over 5 data points in the
frequency domain between 5 and 6 Hz to limit the contribution of noise.
In the case where the beads stick to the fibrin network, G0 is about 3 times
higher than the macrorheology control (Fig. 5.8B), though showing a similar
concentration dependence. Both micro- and macrorheology reveal a power law
increase of G0 with concentration, with an exponent of 2.3±0.3 in case of microrheology and 2.0±0.1 in case of macrorheology. Both exponents are close to
the expected exponent of 11/5 indicated by the red dotted line (see Chapter 2
section 2.4.2). This correspondence is consistent with prior measurements on
actin [516], where noncoated (sticky) beads also showed a similar concentration
dependence of G0 as the bulk modulus measured in that case by two particle microrheology. Interestingly, beads that stick to biopolymer networks that have
a more open mesh work, like collagen, were found to underestimate the network stiffness [538], though still reporting the same concentration dependence
as macrorheology experiments. Thus, the magnitude of the moduli reported
by the probe beads is determined by a combination of surface chemistry and
the ratio between bead size and mesh size. The concentration dependence of
G00 reported by the noncoated beads was steeper for microrheology (with a
power law exponent of 2.0±0.2) compared to macrorheology (which showed an
exponent of 0.85±0.09), as shown in Fig. 5.8D.
In case where the beads are inert, G0 is about 3 time lower than the
macrorheology control (Fig. 5.8A), but showing a similar concentration dependence that is consistent with the expected 11/5 power law (red dotted
line). The values for G00 for the inert beads nicely agree with the corresponding values reported by macrorheology (Fig. 5.8C). Previous measurements in
actin also showed an underestimation of the elastic modulus when beads were
inert [517, 519]. This underestimation ranged between a factor 2 up to 10
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Figure 5.8: The effect of bead surface properties on the measured mechanical properties of fine fibrin gels measured with optical tweezer microrheology (closed squares, averaged between 5-6 Hz) and compared with
macrorheology (open squares, at 5 Hz). (A) and (C) are for beads covalently coated with Pluronic, while (B) and (D) are for noncoated beads.
The dotted red lines are power law fits with exponent 2.1±1.8, 2.3±0.3 and
2.0±0.2 for (A), (B) and (D) respectively. The solid line in (B) denotes
the expected 11/5 power law dependence based on the thermal bundle
model (see Chapter 2), while the solid line in (D) is a power law fit with
exponent 0.85±0.09.

depending on actin concentration.
It has been suggested by Van Citters et. al. [572] that the stiffness dependence on frequency reported by one particle microrheology will not report the
bulk modulus dependence if the beads are not (somewhat) linked to the network. Indeed, prior measurements in actin show that the typical G00 ∼ ω 3/4 dependence [427,521,573] (expected for semiflexible polymer networks [574–576])
is replaced for inert beads by a steeper, ∼ ω 1 dependence [521]. To check this
behavior also occurs in the fibrin networks, we determined the dependence
of G00 on frequency in the high frequency regime (f > 500 Hz), where G00 is
expected to be sensitive to the bending and contour length fluctuations of the
fibrin filaments.
As shown in Fig. 5.9, we find that G00 reported by inert beads (solid black
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Figure 5.9: The power law exponent of G00 at high frequency (>500 Hz)
for coated (black squares) and noncoated, i.e. sticky (gray open circles)
beads in fine fibrin networks of varying concentration. The expected 3/4
dependence for semiflexible polymers is depicted in a dashed black line.

squares) follows a power law in frequency with an exponent that systematically
decreases with fibrin concentration, from 0.85 at 0.4 mg/ml, down to 0.65 for
2 mg/ml. Sticky (noncoated) beads report an even steeper dependence of the
frequency exponent of G00 on fibrin concentration, decreasing from about 0.85
at 0.4 mg/ml to about 0.5 at 1 mg/ml. For the same fibrin concentration,
the power law exponent is higher in the case of inert beads (black symbols),
and closer to the expected 3/4 dependence for semiflexible polymers than the
sticky beads. It could be that the fibrin networks in the bead surrounding
is prestressed at increasing fibrinogen concentration, especially when formed
in the presence of sticky beads, thus lowering the frequency dependence of
G00 [372, 575, 576]. In the limit of a highly prestressed network, we expect a
1/2 power law dependence of G00 on frequency [372], which corresponds to the
smallest exponent we observe for sticky beads in 1 mg/ml fibrin networks.
To summarize, we find that both sticky and inert beads reproduce the
correct concentration dependence of G0 , which is expected on the basis of
macrorheology measurements and theoretical models of semiflexible polymer
gels. The two bead types, however, report different values for the low frequency
modulus compared to the macrorheology control measurements: Sticky beads
overestimate both G0 and G00 , while inert beads underestimate G0 , but not
G00 . Overall, beads passivated with Pluronic capture the macroscopic modulus more faithfully than uncoated beads, in terms of magnitude as well as
frequency dependence. The small discrepancy between the magnitude of G0
188

section 5.3

(C)

Chapter 5

(D)

(E)

Figure 5.10: The elastic G0 (A) and viscous G00 (B) moduli for 0.5 mg/ml
coarse fibrin networks measured using macrorheology (blue squares) or
optical tweezer microrheology (solid gray lines). For optical tweezer measurements, 1.5 µm polystyrene beads were used. The dashed black line in
(B) denotes a power law with exponent 3/4, as expected for semiflexible
polymer networks [574–576], while the dashed line in (A) denotes a power
law with exponent 0.35. (C-E) Microscopy images of 1 mg/ml coarse fibrin gels with (C,D) and without (control, E) beads. The networks contain
1.5 µm polystyrene (C) or 1 µm silica (D) beads. For (C) and (D), the
left images correspond to summations of confocal images recorded over
a 5 µm depth, while right images are single plane differential interference contrast (DIC) images showing the beads. White arrows denote the
positions of the beads. Scale bar denotes 5 µm for all images.

and G00 reported by micro- and macrorheology can be quantitatively explained
by accounting for the presence of a thin layer depleted of fibrin surrounding
the beads.

5.3.3

Sticky Beads Inside Fibrin Networks with Large
Pores

We have shown that the surface properties of the probe beads inside fibrin networks with small pore size (ξ ∼200 nm) play an important role in the reported
mechanical properties. In order to extend the microrheology measurements
to fibrin networks prepared under more physiologically relevant conditions, we
also investigated coarse fibrin networks. These networks form an open mesh
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Figure 5.11: Comparison of the elastic (A) and viscous (B) shear moduli
of coarse fibrin gels at a frequency of ∼5 Hz, as measured by macro- (open
black squares) and microrheology (closed gray triangles).

work of ∼100 nm diameter fibers with an average pore size on the order of
10 µm at 0.5 mg/ml when prepared at 37◦ C and at pH 7.4 [66] (see also
Fig. 2.1 in Chapter 2). Since the 1.5 µm passivated polystyrene beads will
diffuse freely within the water-filled pores and will not be confined in these
networks [523], we selected uncoated 1.5 µm polystyrene beads that adhered
to the fibrin network, as shown in Fig. 5.10C.
G0 as measured with macrorheology shows virtually no dependence on frequency for low frequencies, with an extremely weak power law dependence with
exponent of 0.04, as shown in Fig. 5.10A (blue squares). In the microrheology measurements, G0 also becomes nearly flat at low frequencies (<50 Hz,
solid gray curves), while it increases at higher frequencies with a power law
dependence on frequency with exponent 0.35 (dashed line in panel (A)). The
viscous modulus, G00 , shows a slow increase with frequency in the macrorheology case and overlaps with data from microrheology. At high frequencies
(>50 Hz), G00 determined by microrheology follows a power law with exponent
close to the expected 3/4 dependence for semiflexible polymers (dashed line in
(B)) [574–576].
We note that untreated silica beads also spontaneously adhere to the fibrin
network and can therefore also be used for microrheology, as shown in Fig.
5.10D.
Interestingly, we see from Fig. 5.10 that both the macroscopic G0 and
00
G are well approximated by microrheology measurements in the overlapping
frequency range. To better quantify this, we again compare G0 and G00 from
micro- and macrorheology at a fixed frequency range (5−6 Hz) in Fig. 5.11.
Even though statistics is low (with a total of 5 samples, see also Table 5.2 in
SI), G0 falls in the same range as reported by macrorheology, while G00 is a
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Figure 5.12: The low strain viscoelastic moduli of fine (red) and coarse
(gray) fibrin networks, as measured by optical tweezer microrheology using sticky (noncoated) 1.5 µm polystyrene beads. Panels (A) and (C)
depict G0 and G00 for 0.5 mg/ml fibrin gels respectively, while (B) and
(D) are for 0.6 mg/ml gels. The dashed line in (C) and (D) depict a 3/4
dependence predicted for semiflexible polymer networks [574–576].

bit overestimated. These results are surprising, since coarse fibrin networks
are far from the incompressible continuum assumption that our data analysis
assumes. Interestingly, a recent video particle tracking microrheology study
of collagen networks, which have a similar pore size as fibrin, also reported
agreement between micro- and macrorheometry [577], although another study
reported an underestimation of the moduli by microrheology [538].
Next we compared the frequency dependence of the moduli for the two
fibrin network limits of small mesh size (’fine clots’, ξ ∼200 nm) and large mesh
size (’coarse clots’, ξ ∼10 µm), as shown in Fig. 5.12. The storage modulus, G0 ,
shows a steeper frequency dependence for the coarse clots compared to the fine
clots, both at 0.5 mg/ml (Fig. 5.12A) and 0.6 mg/ml (Fig. 5.12B). Since the
frequency range probed is intermediate between the low-frequency (plateau)
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Figure 5.13: The high frequency (>500 Hz) power law dependence of G00
for coarse fibrin networks. Data points denote the average per individual prepared sample and error bars denote standard deviations of that
particular sample.

regime and the high-frequency (ω 3/4 scaling) regime, it is difficult to interpret
this finding. At 0.5 mg/ml fibrin, the viscous modulus, G00 , shows an identical
frequency dependence for fine and coarse clots (Fig. 5.12C). In both cases,
G00 scales approximately as a power law with exponent 3/4 (see dashed line).
This scaling is consistent with the model of coarse clots that we presented
in Chapter 2, where we showed that coarse fibrin fibers can be modeled as
wormlike bundles of semiflexible protofibrils. At 0.6 mg/ml (Fig. 5.12D), G00
for the coarse clots again shows 3/4 power law scaling with frequency, but G00
for the fine clots shows a somewhat weaker frequency dependence. As discussed
in section 5.3.2, we suspect that the deviation from a 3/4 scaling in case of fine
clots is caused by the strong accumulation of fibrin on the noncoated bead’s
surface. Confocal imaging suggests that in case of the coarse clots, the sticky
beads have a lesser tendency to recruit fibrin (compare Fig. 5.8C and Fig.
5.10C), which may explain why we observe 3/4 scaling for G00 . A summary of
the scaling exponents observed for the high-frequency scaling of G00 in coarse
fibrin clots at three different concentrations is shown in Fig. 5.13. In each case,
the exponents are close to, but somewhat larger, than the theoretical value of
3/4 expected in case of semiflexible polymers.

5.3.4

Calculation of Fibrin Fiber Persistence Length

So far, we have extensively investigated the effects of bead surface properties
(section 5.3.2) and network pore size (section 5.3.3) on the apparent micromechanical properties of fibrin networks at low frequencies. In this section,
we focus on the high frequency response. In particular, we will estimate a
fundamental length scale of fibrin fibers, namely the persistence length lp ,
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Figure 5.14: The persistence length for fine (A) and coarse (B) fibrin
clots calculated from the high-frequency G measured by microrheology
according to eq. 5.15, utilizing sticky (noncoated) polystyrene beads (gray
circles and triangles in (A) and (B) respectively) or inert probe beads
(coated with Pluronic, filled squares in (A)).

from the high frequency response of G00 .
At high frequencies, the complex shear modulus is governed by the stress
relaxation via bending fluctuations of the individual fibers within the network.
For semiflexible polymers, we expect [574, 578]:
G∗ (ω) =

1
ρκlp (−i2γL /κ)3/4 ω 3/4 − iµω
15

(5.15)

where κ = lp kB T is the bending modulus of the fibers, γL = 4πµ/ ln(0.6λ/d) is
the lateral drag coefficient and µ is the viscosity of the solvent (here µ = 0.001
Pa·s); λ denotes the maximum relaxation length of the fiber, for which we take
the mesh size. We estimate for the fiber diameter d = 20 nm for fine fibrin
networks (as determined by electron microscopy, see Fig. 2.12 in Chapter 2)
and d = 120 nm for coarse fibrin networks (as determined by turbidimetry
[66, 297]). We base the lp calculations only on microrheology measurements
where G00 exhibits a power law dependence on frequency with an exponent
close to 7.5±1.
The apparent persistence length for fine fibrin networks determined from
microrheology data obtained with passivated beads does not change with fibrin
concentration, as shown in Fig. 5.14A (closed black squares) and is on average
547±330 nm. It should be noted, however, that eq. 5.15 is valid for ω > ω1 ,

π 4
κ
[578]. This limit holds for the most dilute networks (<
where ω1 = Ldrag
L
1 mg/ml), where we estimate ω1 to be about 300 Hz. However, for the more
concentrated gels, ω1 is expected to shift up to the kHz range (∼ 5000 Hz for
the 2 mg/ml case). If we only consider measurements within the range of the
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assumption ω > ω1 , then the average lp is lowered to 406±150 nm. In Chapter
2, we have shown that we can consider fine fibrin clots as networks of loose
semiflexible bundles of on average two protofibrils. The persistence length of
one protofibril is thus related to lp by: lpF = lppf Np where Np = 2 [320] (see
section 2.3 eq. 2.4). The apparent persistence length of one protofibril is thus
203±75 nm. This value is in line with previous reports based on light scattering
(120−200 nm for human fibrinogen [353, 355]) and electron and atomic force
microscopy (500 nm for fish fibrinogen [39, 354]). However, the apparent value
obtained by microrheology is larger than the value that we derived for the
same fine fibrin clots from macrorheology experiments (75 nm, see section
2.5 in Chapter 2). It should be noted that both estimates of the persistence
length, from micro- and macrorheology, are model-dependent, and represent
average numbers from measurements that ensemble averages over many fibers.
Moreover, as discussed in section 5.3.2, the microrheology data are influenced
by the presence of a depletion layer surrounding the beads.
The apparent persistence length for fine fibrin networks determined from
microrheology data obtained with sticky beads is consistently larger than the
values determined with passivated beads (Fig. 5.14A open gray circles). Furthermore, the persistence length shows an apparent increase with increasing
fibrin concentration. A likely explanation for these two observations is the evident accumulation of fibrin on the bead surface (Fig. 5.6C and F), giving rise
to a significant increase in local fibrin concentration. Due to this accumulation
of fibrin, it seems unlikely that the sticky beads in fine fibrin networks reflect
single fiber motion, even at high frequencies.
The apparent persistence length for coarse fibrin networks determined from
microrheology data obtained with sticky beads is around 40 µm, as shown in
Fig. 5.14B (triangles), taking into account that G00 is overestimated by a factor ∼3 [579]. This number for the persistence length is in the same range as
reported in a previous study that also used optical tweezer microrheology (∼60
µm [66]). However, it is significantly smaller than values reported for similar
coarse clot systems using video microrheology (∼40 cm [533]). In Chapter 2 we
have shown that coarse fibrin fibers can be considered as tight bundles of Np
semiflexible protofibrils, for which the persistence length can be calculated as
lpF = lppf Np2 . Given a bundle size Np of about 65 measured for similar clots in
earlier work [66], this relation suggests a persistence length of only ∼10 nm for
an individual protofibril. This number seems unphysically low, given that it
even lower than the persistence length reported for DNA (∼50 nm [570, 571]),
which can be considered as a flexible polymer. A complementary way to interpret the rigidity measurement is to estimate the Young’s modulus, assuming
that the fibers can be modeled as a uniform rigid rod with radius 60 nm and
persistence length 40 µm. This assumption gives a Young’s modulus of 16
kPa, which is much lower than earlier reports for ligated fibrin fibers based
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on micromanipulation (∼MPa [281–283]). Together with the observation that
the coarse clot case is far from the continuum assumption made for the optical
tweezer microrheology data analysis, we consider it likely that the microrheology measurements underestimate the persistence length for coarse clots.

5.4

Discussion

Both the elastic and viscous properties of the ECM have shown to play a vital
role in the regulation of cell behavior [3, 4, 72, 499, 500]. Here we focus on the
local mechanical properties of the ECM, which have been shown to influence
cell migration [310] as well as cell division [501]. In particular, we aimed
to measure both the low and high frequency response to get simultaneously
information about the network and single fiber level.
We developed an optical tweezer setup in-house to investigate the local mechanical properties of biopolymer networks by passive one particle microrheology. The setup was validated using water and a 50% water-glycerol mixture,
where we showed that the viscous properties were accurately captured above
frequencies of 5 Hz. We showed that the mechanics of PAA hydrogels, which
have a significant elastic component, can also be accurately measured with our
setup.
In fibrin networks, non-passivated probe beads tend to accumulate fibrin
on their surface, as shown in Fig. 5.6C for fine networks and in Fig. 5.10C and
D for coarse networks. This observation is consistent with previous studies
of microrheology in fibrin, showing that fibrin sticks to beads without any
special treatment [523, 533]. Fibrin is thus very sticky, which is important for
its purpose in vivo to serve as a plug during wound healing.
We showed that fibrin adhesion to the uncoated 1.5 µm polystyrene beads
led to an overestimation of the elastic and viscous shear moduli (G0 and G00 )
compared to the bulk rheological properties. In contrast, beads covalently
coated with Pluronic (rendering them inert) reported smaller values for G0 and
on average comparable values for G00 as macrorheology. These observations are
consistent with measurements of actin networks, where the shear modulus reported by (partially) inert beads was lower compared to the modulus reported
by beads that stuck to the network [517–519]. Confocal microscopy revealed
a depletion layer with a reduced fibrin density around the inert beads with
a thickness of ∼2.6 µm. This depletion layer can account for the reported
micromechanical modulus, using a model that assumes that the beads sense
a superposition of the bulk modulus and a lower local modulus, as shown in
eq. 5.14 and in Fig. 5.7A. However, the estimate from eq. 5.14 can be further optimized by measuring the bulk modulus for each sample individually, to
remove sample-to-sample variation, for instance with two particle microrheology [521,567]. Also, the reduction in fibrin concentration in the depletion layer
might not be the same for all fibrin concentrations, as assumed in Fig. 5.7B.
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This assumption needs to be checked by confocal microscopy in the future.
We measured the thermal persistence length of the fibrin fibers from the
high frequency response of G00 using eq. 5.15. This equation assumes that
the high frequency response reports bending fluctuations of single filaments
[574, 578]. We showed that the estimates for lp are reasonable for inert beads,
where the apparent persistence length of the fine fibrin fibers was 432 nm.
Given that we can consider the fine fibrin fibers as bundles of 2 protofibrils
(see Chapter 2), we estimate the persistence length of protofibrils to be 215
nm, which is in line with previous reports based on light scattering (120-200
nm for human fibrinogen [353, 355]) and electron and atomic force microscopy
(500 nm for fish fibrinogen [39, 354]). However, for sticky beads, the apparent
persistence length increased with increasing fibrin concentration. It is likely
that in this case the beads do not reflect single fiber relaxation, given the
accumulation of a dense fibrin layer around the beads and the localization of
beads at fiber junctions.
Surprisingly, the modulus reported by sticky beads in coarse fibrin networks
reported similar values for G0 as reported by macrorheology, but overestimated
G00 by about a factor 3 (see Fig. 5.11), though statistics for these measurements
is low (total of 5 samples). Coarse fibrin networks have a pore size that is
larger than the size of the beads (as shown in Fig. 5.10E). Thus, the situation
is far from the elastic continuum assumption that we make to calculate G0
and G00 from the thermal position fluctuations of the beads. Rather, the
beads likely sample the fluctuations of the fiber that they are adhered to.
The apparent persistence length of the fibers according to the microrheology
measurements is on the order of 40µm, which is in line with previous optical
tweezer microrheology results [66], but lower than video microrheology results
(∼40 cm [533]). The reported persistence length for coarse clots is likely an
underestimate, given that it corresponds to an apparent Young’s modulus of
only 16 kPa assuming a cylindrical and uniform fiber, which is much lower than
earlier reports for ligated fibrin fibers based on micromanipulation (∼MPa
[281–283]). In future it will be interesting to use our microrheology setup to
perform similar active micromanipulation of the fibers by using the AOD’s to
move the trap. Alternatively, single fibrin fibers may be bent or stretched by
AFM [281].

5.5

Conclusion

The local mechanical properties of the ECM were shown to be important
parameters for cell behavior [310, 501]. In this chapter, we aimed to measure
the elastic and viscous micromechanical properties of fibrin networks over a
wide range of frequencies, to obtain simultaneous information about stress
relaxation at both the network and single fiber level.
For this purpose, we developed an optical tweezer based setup to perform
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high bandwidth microrheology on fibrous protein networks. The setup was
validated using viscous fluids of known viscosity and PAA gels. Next, we
showed that we can measure the low and high frequency response of fibrin
networks. For this we used two different bead types: One set of beads that stick
to the network (plain polystyrene beads) and one set of passivated beads that
are inert (polystyrene beads covalently coated with Pluronic). Both bead types
report the macroscopic concentration dependence for G0 , but the sticky beads
overestimate G0 , while the inert beads underestimate G0 . We can explain this
over- and under estimation in terms of a change in local fibrin concentration
at the bead’s surface. At high frequencies for the inert beads, we observe clear
evidence of entropic elasticity for G00 , with a characteristic ω 3/4 frequency
dependence, which strongly supports the entropic network model presented in
Chapter 2. We estimated the persistence length of protofibrils to be 203 ± 75
nm, which is in line with previous publications.
We can now apply optical tweezer microrheology to probe the influence of
cells on their local tissue environment, for instance during cell-mediated stiffening [67,524,525,528]. The method could also be combined with intracellular
microrheology to probe the response of the cell [539].
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Figure 5.15: TEM image of the home-made silica microspheres. The
bead diameter was 1.2 µm with 3.4% polydispersity. The imaging and
analysis of the bead polydispersity is done by Dominique Thies-Weesie at
the University Utrecht.
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Figure 5.16: Optical tweezer microrheology in 2 mg/ml fibrin fibrin with
coated polystyrene beads (n=15). (A) and (B) denote the elastic and viscous modulus G0 and G00 respectively of individual bead measurements in
gray. The dashed black lines denote the average over these measurements,
while the red line is the geometric average. The average is sensitive to
outliers with high modulus. The dotted blue line denotes the median,
which is often close to the geometric average.

198

section 5.7

Chapter 5

6

6

10

10

(A)

5

10

5

10

4

10

4

A00

A0

3

10

2

10

1

10

10

3

10

2

10

0

10

-1

10

(B)

1

-1

0

1

2

3

4

5

10 -1
1
4
5
0
2
3
6
10 10 10 10 10 10 10 10

6

10 10 10 10 10 10 10 10

frequency (Hz)

frequency (Hz)
4

8

10

7

10

10

(C)

3

10

6

G00 (Pa)

10

B00

(D)

2

5

10

4

10

3

10

10

1

10

0

10

-1

10

2

10

1

-2

10

10

10 -1
1
4
5
0
2
3
6
10 10 10 10 10 10 10 10

-3
-1

0

1

2

3

4

5

6

10 10 10 10 10 10 10 10

frequency (Hz)

frequency (Hz)

Figure 5.17: The response function of a 50% glycerol mixture with water.
(A) The real part of the apparent response function. (B) The imaginary
part of the apparent response function. The trap stiffness was varied
from 6.39 ·10−6 (green), to 9.08·10−5 (blue) and 1.33·10−5 N/m (purple)
by modifying the laser power.

z (µm)
10
15
20
25

n
11
11
5
2

Table 5.1: Statistics for the optical tweezer microrheology data with 1.2
µm silica beads in water, at varying sample depths.
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Figure 5.18: The viscous modulus of water a measured by 1.5 µm PS beads
covalently coated with Pluronic. (A) The viscous modulus of water can be
reproduced when taking the individual trap stiffness for each bead. (B)
The measured viscous modulus gives a large spread in G00 when assuming
one trapstiffness for all beads. In total 28 beads were measured. Red
dotted lines are the theoretical predictions for water. Gray lines are the
measurements.

cp (mg/ml)
0.4
0.5
0.6
1
1.5
2

f , coated
2
3
2
2
3
3

f , noncoated
3
1
2
2
-

c , noncoated
1
2
1
1
-

Table 5.2: Statistics for the optical tweezer microrheology measurements
in coarse (’c’) and fine (’f ’) fibrin networks with 1.5 µm polystyrene beads,
with a covalent Pluronic coating (’coated’) or no coating (’noncoated’).
The typical sample size was more than 10 beads per sample, except for
the 0.4 mg/ml for the coated bead case. In this case, the typical sample
size was 5 beads per sample. In the case of 1 mg/ml coarse clots, the
beads were 1 µm silica instead of 1.5 µm polystyrene.
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6.

Architecture and Normal
Stress Govern Collagen
Network Mechanics

Collagen is the most abundant protein in the human body and its architecture is tailored to serve tissue-specific purposes. Recent computational
studies predicted that collagen can be considered as an athermal polymer network, whose elastic properties are governed by the network geometry since the
average coordination number is less than the critical connectivity needed for
mechanical stability. It was proposed that the linear modulus is governed by
fiber bending, while strain-stiffening occurs as a consequence of a transition
to a stretching-dominated regime. In the limit of vanishing bending rigidity,
this strain-controlled bend-to-stretch transition is a mechanical phase transition with a critical point. Here we show experimentally that reconstituted collagen networks show signatures of critical behavior in vitro. By systematically
performing non-linear rheology measurements on collagen networks whose architecture is controlled through temperature and concentration, we show that
the mechanical properties are controlled by the network architecture, consistent
with the theoretical predictions. To characterize the network architecture, we
combine confocal and electron microscopy with turbidity measurements. We
show that the networks are stabilized by bending elasticity in the linear regime,
and by a shear-induced normal stress in the nonlinear regime. In summary,
we now have a quantitative theoretical framework to predict the mechanical
properties of collagen networks as a function of architecture, which provides a
powerful tool to design collagen networks with certain mechanical properties.
K.A. Jansen, A. J. Licup, A. Sharma, R. Rens, M. Sheinman, F.C. MacKintosh, G.H. Koenderink
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Introduction

Collagen is the most important structural molecule in the mammalian body,
providing mechanical strength to all connective tissues and making up about
30% of the total protein content [301, 580, 581]. The collagen family consists
of 29 genetically distinct members, but the predominant member in most tissues is type I [582–584]. Collagen Type I monomers consist of a long (300
nm) and thin (1.5 nm) triple helix of three polypeptides, flanked by two
non-helical telopeptides [584]. Cells secrete collagen molecules with protective
propeptides, which are removed in the extracellular space by enzymatic cleavage [584]. This process triggers spontaneous formation of fibrils. The diameter
and higher-order organization of the fibrils are controlled in a tissue-specific
manner by supporting ECM components, such as minor fibrillar collagens like
collagen V and small leucine rich proteoglycans [127]. The monomers within a
collagen fibril form a densely interconnected rope-like structure with a precise
axial stagger of 67 nm, referred to as the "D-period" [316,580]. Reinforcement
by permanent intermolecular crosslinks provides the fibrils with a high tensile
strength [585–587].
The mechanical properties of collagen are intricately linked to tissue function: Abnormalities in collagen organization and mechanics due to mutations
in genes encoding for collagen can cause severe diseases characterized by weak
and fragile tissues [581, 588]. Excessive crosslinking of collagen creates abnormally stiff tissues, which also hamper normal tissue function [3, 587]. The
mechanics of collagen is thus essential for normal tissue functioning.
In addition to being responsible for the structural integrity of tissues, collagen also contributes to the functional architecture of tissues by providing
anchoring support to cells in the tissue. The structural as well as the mechanical properties of the collagen matrix are known to impact cell behavior.
Matrix mechanics has been shown to influence cell spreading, migration, proliferation and cell fate decisions [41, 43–47] (see Chapter 1.3 section 1.3.1 for
a more extensive overview). Also, abnormal changes in the collagen matrix in
vivo have been shown to trigger tumor cell behavior and tumor-like behavior
of non-tumorigenic cells [3–5].
In view of the crucial role of collagen mechanics in cell and tissue biology
and function, there is a long history of research on its mechanical properties, dating back to at least 1904 [589]. But despite this long history, the
physical basis of collagen mechanics remains poorly understood. Mechanical
measurements on whole tissues have demonstrated intriguing material properties, including a pronounced strain-stiffening response to an applied mechanical
load [301,590–593]. This strain-stiffening response is thought to protect tissues
from mechanical damage and to tailor their biological functions [594]. However,
the hierarchical architecture and complex molecular composition of collagenous
tissues have made it difficult to reveal the origin of this remarkable mechanical
204

section 6.1
Chapter 6
behavior. In situ X-ray scattering studies on mechanically stretched tendons
suggest that all hierarchical levels contribute to the macroscopic response [301].
Due to this complexity, increasing focus is on reconstituted model systems of
purified collagen. Here one can control the molecular and structural complexity, facilitating a quantitative comparison of experiments with predictions from
theoretical or computational models.
In vitro collagen gels are made by self-assembly, where one typically starts
with an acidic aqueous solution of collagen monomers. When the pH is raised
to physiological values, an homogeneous network of collagen fibrils is formed,
which show a comparable 67 nm axial repeat in electron microscopy images
and X-ray scattering as seen in vivo [303]. The diameter of the fibrils and the
structure of the networks they form can be tuned by changing the solvent pH
[307–310], salt conditions [308] or the polymerization temperature [90,305,306].
Using these control parameters, the network structure can be varied from a
highly porous mesh work with a pore size of a few tenths of microns and thick
fibers (order microns) to networks with thin collagen fibers (∼100 nm) and
small pore sizes on the order of 1 µm or less [90, 306, 307, 309, 310]. A number
of experimental studies have shown that these purified collagen network stiffen
when strained by shearing or stretching, in a similar manner as whole tissues
[251, 253, 272, 279].
In the past few years, there has been tremendous progress in computational
modeling of collagen mechanics. Due to collagen’s complex hierarchical structure, it is difficult to model it while taking into account all hierarchical levels.
The most detailed models, based on atomistic simulations, are limited to single
collagen molecules and microfibrils [595–597] and require coarse-graining approaches to reach to the fibril level [588]. In contrast, models aimed to describe
collagen at the network level usually treat the fibrils as simple polymers and
ignore the internal molecular packing structure [279, 598, 599]. These models
treat the fibrils either as (athermal) elastic beams, or as semiflexible polymers,
depending on their bending rigidity κ. The bending rigidity is characterized
by the polymer’s thermal persistence length, lp = κ/kB T , which quantifies the
distance over which angular correlations along the polymer decorrelate as a
consequence of thermal fluctuations, where kB is Boltzmann’s constant and T
is temperature [278]. There is strong evidence that collagen fibrils can be considered as essentially athermal, meaning that their persistence length is much
larger than their contour length. The Young’s modulus of a collagen fibril in
the hydrated state is on the order of 0.1 GPa [251, 284–288]. With a typical
diameter of 200 nm, this implies that lp is on the order of a meter, while the
typical fibril length is of the order of microns.
Computer simulations of athermal fibrous networks have shown that the
elasticity of such networks critically depends on its local connectivity [279].
ECM networks such as interstitial collagen have an average connectivity be-
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tween 3 and 4 [279,390,600], which implies a sub-marginal state: This connectivity is lower than the Maxwell criterion and the network is expected to be
unstable. This criterion states that for a network of springs to be stable, the
average connectivity (in 3D) should be at least 6 [601]. Collagen networks are
nevertheless stable, due to the large bending rigidity of the filaments [279,280].
Several computational studies suggest that mechanically shearing an athermal
fibrous networks will cause strain-stiffening by inducing a transition from a
soft, bending-dominated regime at low strain to a stiffer, elastic stretchingdominated regime at high strain [277, 425]. However, a recent computational
model of Licup and co-workers [279] suggests that collagen networks already
start to stiffen well before the stretch-dominated regime sets in. It was proposed that normal stress builds up, which stabilizes the sub-marginal network
as it strain-stiffens.
The recent computational model of Licup et. al. [279] makes several predictions for the rheology of collagen networks that can be tested experimentally.
First, it predicts that the network stiffness in the small strain regime scales a
power law in collagen concentration with an exponent of 2, assuming that the
network architecture is constant. Experimentally, a wide range of exponents
has been observed, often between 2 and 3 [253,272,395,602,603], though sometimes smaller exponents have been reported (between 1 and 2) [92,251,527,603].
The reason behind this variability is not well understood. Second, the model
predicts that the initial strain-stiffening response is governed by normal stress
buildup. In particular, the elasticity K 0 is predicted to increase with normal
stress σN as: K 0 ' G0 + χ|σN |, where G0 is the linear (low strain) modulus
and χ the susceptibility. This prediction has not been tested yet in experiments. Third, the model predicts that collagen networks undergo a mechanical
transition from a floppy, bend-dominated regime to a rigid, stretch-dominated
regime, which is governed by an underlying critical point determined by the
network architecture [604,605]. Also this prediction has not been tested yet in
experiments.
In this chapter, we measure the rheological properties of reconstituted collagen networks as a function of network architecture. We vary the architecture
by tuning collagen concentration over a wide range, and by varying the polymerization temperature. The fibril diameter, the network connectivity and
pore size are characterized by light scattering, scanning electron microscopy
and confocal reflectance microscopy. To interpret our findings, we compare
the experimental results with predictions of the computational model of Licup
et. al. [279], which treats the collagen networks as a disordered lattice of rigid
(athermal) beams. We show that the rheology of collagen networks is in quantitative agreement with the model. First, the concentration dependence of the
linear elastic modulus of the networks is consistent with the model by taking
into account a subtle change in network architecture with changing collagen
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concentration. Second, we are able to confirm the theoretical prediction that
the initial strain-stiffening of collagen networks is governed by normal stress.
Third, we are able to confirm the theoretical prediction that collagen networks
exhibit critical behavior. We show that the entire strain-dependence of the
elastic modulus can be described by an analytical expression based on a mechanical equation of state. Our findings provide a firm basis to tie together
the different hierarchical levels of collagen structure into a unifying model.
Moreover, our work provides a quantitative approach to relate collagen network structure to mechanics, which is essential to understand the influence
of collagen network architecture on migration, spreading, and proliferation of
healthy and tumorigenic cells [90, 310, 606].

6.2
6.2.1

Materials and Methods
Sample Preparation

To reconstitute collagen networks, we polymerized purified rattail collagen
type I (high concentration rat tail collagen type I in 0.02 N acetic acid, BD
Biosciences, Breda) under solution conditions compatible with in vitro cell
culture. Cell culture medium (DMEM10x without phenol red), antibiotics
(penicillin/streptomycin, pen/strep), sodium bicarbonate (7.5% sterile solution) and 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) were
all obtained from Sigma and stored at 4◦ C, except for pen/strep, which was
stored in aliquots at -20◦ C. Fetal bovine serum (FBS) was obtained from Gibco
and stored in aliquots at -20◦ C. DMEM10x, antibiotics and FBS solutions were
divided in aliquots in a sterile environment, which were used only for 1 day
after thawing.
Collagen samples were obtained by mixing all components on ice. First,
collagen solution was pipetted into a precooled 2 ml Eppendorf tube on ice.
Due to the high viscosity of the collagen stock, we weighted the tube to determine the exact amount of collagen. The sample was then centrifuged at 4 ◦ C
to transport the collagen to the bottom of the tube. Next, the solution ingredients were added in the following sequence: DMEM10x, HEPES, antibiotics,
FBS, sodium bicarbonate and sterile milliQ water. The final gel conditions
are: DMEM 1x, 1% FBS, 50 mM HEPES, 1.5 mg/ml sodium bicarbonate and
0.1% pen/strep. The pH was adjusted to 7.3−7.4, by the addition of NaOH,
with the help of a pH meter (Hanna Instruments, Germany) equipped with a
micro-electrode. The time between setting the pH with NaOH and transporting the sample to a sample holder was always kept close to 10 min, in order
to minimize potential variations due to premature polymerization on ice [607].
Bubbles were removed by centrifuging the samples before polymerization for
10 seconds at room temperature for samples of 2−4 mg/ml collagen, and for
a few minutes at 4 ◦ C for samples of ≥ 5 mg/ml.
The following sample holders were used: a cuvette (turbidity), a flow cham207
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ber (light microscopy), a 5 ml Eppendorf tube (SEM) or a pre-cooled glassbottom petridish (Mattek, light microscopy). In all cases, the sample holders
were pre-cooled (on ice) and the collagen gels were polymerized in a humid
atmosphere to prevent solvent evaporation. After the addition of sample, the
sample holders were rapidly warmed to the desired temperature. The polymerization temperature was varied between 22−37 ◦ C to achieve different network
architectures. The collagen concentration was varied between 0.2 mg/ml up to
6 mg/ml. For rheology, samples were polymerized in situ using a cone-plate
geometry that was preheated to the desired temperature.

6.2.2

Rheology

Rheology tests were performed with a stress-controlled rheometer (Physica
MCR 501, Anton Paar, Graz, Austria). We used a stainless steel cone-plate
geometry with 40 mm diameter and 1 ◦ cone angle, which was prewarmed to
the desired temperature (22 − 37 ◦ C) in the presence of water in the wells. We
note that we preformed preliminary tests using a 40 mm cone-plate with 2 ◦
cone angle of either polycarbonate or stainless steel, which gave similar results
to the stiffening curves shown in this chapter (not shown). Neutralized cold
collagen solution was added to the plate and the cone was lowered immediately.
The sample was trimmed while the angular position of the cone was kept
constant, a solvent trap was added to further prevent evaporation. The time
between adding the sample, trimming the sample and adding the solvent trap
was typically around 20 seconds. The collagen solution was not probed for
6 hours, to allow for unperturbed polymerization. Since collagen gels are
known to polymerize rather slowly at low temperatures [304, 306, 608], we
checked the polymerization time at 22◦ C (see turbidity section 6.2.3). For all
collagen concentrations studied at 22◦ C, the network was fully formed after
∼200 minutes polymerization (Fig. 6.20 in SI).
Once the network was formed, we probed its linear viscoelastic moduli
by performing oscillatory shear tests with a small (0.5%) strain amplitude
and frequencies ranging from 10 to 0.05 Hz. Next, a prestress protocol was
performed to determine the nonlinear mechanical properties. First, a creep
test was performed by applying a constant shear stress, σ, for 30 seconds and
measuring the resulting strain γ. The creep rate was defined as the slope of
a linear fit over the last 20 seconds of the time-dependent γ. Then a small
oscillatory stress, δσ, was superposed on top of the constant prestress, where δσ
was 10 times lower than σ, while monitoring the differential oscillatory strain,
δγ. The frequency was set to 0.5 Hz. In total, 6 oscillations were performed per
prestress value and the differential modulus K 0 = δσ/δγ was determined as an
average over the last 5 oscillations. The onset of strain-stiffening was defined
as the local minimum of K 0 /σ (see Fig. 6.21 in the SI). The critical strain, γc ,
was obtained as the inflection point of the log(K 0 ) versus log(γ) curves in the
strain-stiffening regime. Per shear stress decade, 11 prestress data points were
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collected, equally spaced on a logarithmic scale. To characterize the nonlinear
regime, we determined the maximal power law slope of the strain-stiffening
curve (K 0 versus σ0 ) from its first derivative. This slope is referred to as the
stiffening exponent β.
For plotting the mean quantities, the average values ± the standard deviation are shown for three independently prepared samples, unless stated
otherwise. In case of fits, the errors in the best-fit values are expressed as the
standard error, unless stated otherwise.

6.2.3

Turbidity

Turbidity measurements were performed using a Cary300 UV-Vis spectrophotometer (Agilent Technologies, Amstelveen, Netherlands). Samples were polymerized inside disposable plastic cuvettes (UV-Cuvette micro, Plastibrand,
Germany) for at least 6 hours and up to overnight at temperatures in the
range of 22 − 37 ◦ C. The blank for background correction was prepared in
the same way as the collagen samples, but with collagen replaced by a corresponding volume of 0.02 N acetic acid. The optical density I0 of both sample
and blank were measured over a range of wavelengths λ of 350−900 nm. The
turbidity τ follows from I0 as:
τ=

I0 ln(10)
L

(6.1)

where L is the optical path length. If one assumes that there is no light
absorbed, and that the collagen fibers can be modeled as randomly oriented,
monodisperse rod-like particles with small radius and long length compared
to the wavelength used, then the wavelength dependence of the turbidity can
be rescaled to reveal the the mass-length ratio µ and the radius a of the
fibers [295, 296]:
τ λ5 = Aµ(λ2 − Ba2 )

(6.2)

A and B are constants and respectively equal to (88/15)cp π 3 ns (dn/dcp )2 / NA
and (184/154) π 2 n2s . Here cp is the collagen concentration in g/ml, ns is the
solvent refractive index (which is 1.33), dn/dcp is the specific refractive index
increment (which is 0.186 cm3 /g for collagen [609]) and NA is Avogadro’s
constant. The turbidity data were replotted according to eq. 6.2 and a linear
fit was made between 890 nm and 650 nm. This regime was chosen to limit
the chance of signal saturation of the spectrometer at low wavelengths and
noise at high wavelengths. The slope and intercept were used to calculate the
mass-length ratio, µ, and the radius, a. The number of monomers Np in a
cross-section was determined from µ based on the known quarter-staggered
molecular packing arrangement of collagen molecules within the fibrils [302]:
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Np =

4.6D · µ
M

(6.3)

where D is the axial periodicity (67.2 nm) and M is the molecular mass of a
collagen monomer (290 kDa [610]).
In some cases, the solution turbidity was measured as a function of time
during polymerization, in order to quantify the kinetics of fibril nucleation and
growth. Here, the Cary300 instrument was preheated to the desired temperature using a Cary temperature controller (Agilent Technologies) and measurements were started directly after sample preparation. Every two minutes
during polymerization, a wavelength scan was taken from 900 nm to 350 nm.
We observed a typical sigmoidal dependence of the turbidity on polymerization time, with a lag phase in which the turbidity remains close to zero, a
growth phase in which the turbidity rises, and a plateau phase in which the
turbidity saturates to a constant level (see Fig. 6.20 in SI). The lag time, tτ ,
that characterizes the duration of the lag phase, was determined from turbidity
measurements at λ = 600 nm by normalizing I0 by the maximum scattered
intensity reached in the plateau phase, Imax , and fitting the time dependence
to the following functional form [611]:
I0 /Imax = a − b · ln(t + c)

(6.4)

where t is time, and a,b and c are fitting constants. I0 /Imax was fitted over
the range 0.25 to 0.75. The fit was extrapolated to the time point where
I0 /Imax = 0, which was defined as the lag time tτ .

6.2.4

Imaging

Confocal reflectance images of collagen gels polymerized at different collagen
concentrations and different polymerization temperatures were collected using
an inverted Eclipse Ti microscope (Nikon) with an 488 Ar laser (Melles Griot,
Albuquerque, NM) for illumination. We obtained z-stacks by recording confocal slices over a total distance of 20 µm for the 100x (N.A. 1.49) objective
with 0.2 µm z-spacing and 40 µm with step size 0.2 µm for the 40x (N.A. 1.30)
objective, starting at least 10 µm away from the coverslip surface. For display
purposes, the confocal stacks were summed to give an impression of the 3D
network structure and the typical mesh size.
For scanning electron microscopy (SEM), 4 mg/ml collagen gels (50-100
µl) were polymerized overnight inside 5 ml Eppendorf tubes at different temperatures (22 − 37 ◦ C, water bath) in humid conditions. Humid conditions
were obtained by adding a small wet tissue inside the Eppendorf tubes. Samples were prepared for SEM using a protocol adapted from the group of John
Weisel [600, 612]. After polymerization, samples were washed three times with
sodium cacodylate buffer (50 mM cacodylate, 150 mM NaCl, pH 7.4) for 30−60
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min each, at their polymerization temperature. Samples were fixed with 2.5%
glutaraldehyde in the same buffer for at least 2 hours. Next, samples were
washed three times with sodium cacodylate buffer (room temperature) and
dehydrated with an increasing percentage of ethanol in milliQ water (30%,
50%, 70%, 80%, 90%, 95%, and finally 3 times 100%v/v). After complete dehydration, 50% hexamethyldisilazane (HMDS) in ethanol was added (twice),
left for 30 min, and then removed by pipetting under the hood and afterwards replaced by 100% HMDS. The HMDS was removed after 30 min and
the samples were left to dry overnight in the hood. The next day, the dry
samples were transported to a stub with carbon tape and sputter coated using a K575X sputter coater (Quorum Technologies, Gouda, The Netherlands).
A layer of 15.4 nm of Au/Pd was sputtered using a current of 80 mA. The
SEM samples were visualized using a STEM setup (Verios 460, FEI Company,
Eindhoven, the Netherlands) using 50 pA, 5 kV and 4 mm working distance, in
immersion mode. The average connectivity of the networks was determined by
subdividing the SEM images taken at a magnification of 20,000 up to 50,000
magnification (depending on polymerization temperature) into 5x5 squares.
In each other square, we manually determined the number of fibers at each
junction in focus. We analyzed more than 100 junctions per sample. In total,
we analyzed 4 samples for T = 26◦ C, 3 for T = 30◦ C, 2 for T = 34◦ C and
3 for T = 37◦ C. Due to the inhomogeneous nature of the T = 22◦ C collagen
gels, we could not determine an average connectivity for these samples.

6.3

Computational Model of Collagen Network
Rheology

Since previous studies have convincingly shown that collagen I networks behave
as networks of rigid rods for which thermal fluctuations are negligible [279], we
compare our data to computational models that treat the fibers as athermal,
elastic beams. Simulations have shown that the elastic properties of an athermal fibrous network are primarily determined by the local connectivity [280].
Collagen networks are inherently sub-marginal: the number of fibers meeting at each junction is less than the isostatic limit needed to ensure a stable
network if the filaments were springs. As shown by Maxwell [601], spring
networks require a local coordination number, or connectivity, z of at least
zcrit = 2d, where d is the dimensionality, for mechanical stability. At the
isostatic (or marginal) point, corresponding to z = 6 for a 3D network, the
number of degrees of freedom is just balanced by the number of constraints
so that the system is marginally stable to small deformations. Upon increasing the connectivity from z < zcrit through the zcrit point, spring networks
undergo a mechanical phase transition from a floppy to a rigid phase. Collagen networks have a typical average connectivity between 3 (local branching)
and 4 (binary crosslinking), placing them well below both 2D and 3D isostatic
211

Chapter 6
section 6.3
thresholds [279, 390]. Such sub-isostatic networks can, nevertheless, exhibit a
finite elasticity as a result of other mechanical constraints. One such constraint
is that the fibers have a finite bending rigidity [280, 613, 614]. An externally
applied strain can also stabilize fiber as well as spring networks [615].
Two classes of models have been used to analyze the mechanical properties of submarginal fibrous networks. The first class of models, referred to
as Mikado models, represents the fiber network as a collection of rigid rods
that are randomly deposited in a 2D box until the desired connectivity is obtained [613, 614]. The second class of models represents the network by a 2D
or 3D disordered lattice-based structure [280]. Lattice models have the advantage that they are more computationally tractable, making it easier to simulate
large networks. Moreover, lattice models are versatile, since the network architecture and connectivity can be easily tuned. In this chapter, we will therefore
compare our experimental data primarily to a computational model of (mostly
2D) disordered lattices. The model makes several quantitative predictions that
we will test in this chapter via experiments on collagen networks.
We will focus specifically on a recent computational model that was developed by Albert Licup, Abhinav Sharma, Robbie Rens, Misha Sheinman and
Fred MacKintosh at the VU University (Amsterdam, the Netherlands). All
simulation data shown in this chapter (Fig. 6.2, Fig. 6.12, Fig. 6.14A, Fig.
6.18B, Fig. 6.19B and Table 6.1) were kindly provided by these authors. The
details of the model are described in detail elsewhere [279,604,605], but will be
briefly summarized here. Networks are modeled as 2D triangular lattices. The
size of the networks is WxW, where W is the linear dimension while the lattice
spacing is lc and W = 50lc . In 2D, local 4-fold connectivity is enforced by
randomly selecting two of the three fibers at each vertex and forming a binary
cross-link between them. The remaining fiber crosses this vertex as a phantom
that does not interact with the other two fibers. After this phantomization
procedure, the average connectivity is further reduced to a value characteristic of collagen networks (3.2) by randomly removing segments (random bond
dilution) with a probability q = 1 − p, where p is the probability of an existing
bond. This procedure reduces the average fiber length to L = lc /q. Thus,
the networks are, by construction, sub-isostatic and floppy in the absence of
bending interactions.
Each filament is assigned a stretching modulus, µs , and a bending modulus,
κ. These two parameters define a dimensionless measure of the relative bendstretch stiffness:
κ
e = κ/µs lc2

(6.5)

For fibers behaving as homogeneous elastic beams with a cylindrical crosssection, µs = πa2 E, and κ = 41 πa4 E [616]. Here, a is the fibril radius and E
2
is the Young’s modulus. Thus, κ
e = 14 al2 . Note that κ
e is determined purely by
c
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the geometrical parameters a and lc , while being independent of the material
properties of the fibers.
The networks are subjected to a simple shear strain γ and allowed to relax by minimization of the total elastic energy per unit volume, H, which
is calculated using a discrete form of the extensible wormlike chain Hamiltonian [279,605]. The stress follows from the minimum energy H as: σ = dH/dγ,
while the differential elastic shear modulus follows as: K = d2 H/dγ 2 . Stress
and stiffness are measured in units of µ/lcd−1 , where d = 2 is the dimensionality.

6.4
6.4.1

Results
Impact of Polymerization Conditions on Collagen
Elastic Properties

The aim of this chapter is to relate the rheological properties of reconstituted
collagen networks to the underlying network architecture. Since collagen networks are formed by a self-assembly process driven by noncovalent interactions,
the final architecture is highly sensitive to the solution conditions (i.e. pH and
ionic conditions), protein concentration and temperature. Here, we employ two
control parameters to tune network architecture and mechanics: We vary the
collagen concentration over a wide range (0.2−6 mg/ml at 37◦ C, 1−5 mg/ml at
22◦ C and 2−5 mg/ml at 30◦ C), and we vary the polymerization temperature
(from 22◦ C to 37◦ C) for a fixed collagen concentration of 4 mg/ml. The pH
and ionic conditions are chosen to be close to physiological conditions, which
are compatible with cell culture (DMEM at pH 7.3−7.4, supplemented with
50 mM HEPES, 1.5 mg/ml sodium bicarbonate and 1% serum).
We first tested the dependence of collagen network elasticity on protein
concentration by performing shear rheology measurements on networks polymerized at 37◦ C. We employed a differential prestress protocol, whereby a
constant prestress, σ, was applied to the sample with a small superposed oscillatory stress to probe the differential stiffness at this prestress value, K 0 (σ). For
each sample, the prestress was increased until network rupture occurred. As
shown in Fig. 6.1A, the networks strongly strain-stiffen at all concentrations,
until rupturing at strains of around 50% (see also Fig. 6.33 in supplementary information (SI)). At low strains, the networks exhibit a linear response
characterized by a constant elastic shear modulus, denoted as G0 . However,
after an onset strain γ0 (red symbols in Fig 6.1A), the stiffness markedly increases with increasing strain. In a few cases, the nonlinear regime showed
an initial strain-softening, which was followed by strain-stiffening, similar to
earlier findings with large amplitude oscillatory shear [252]. An example of
this behavior is shown in Fig. 6.22 in the SI. We speculate that these samples
may be prestressed, causing them to have a higher low-strain modulus than
the majority of samples, which do not show this initial stiffening. Since this
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Figure 6.1: Rheological properties of collagen networks measured for different polymerization conditions. (A) Strain-dependence of the differential elastic modulus measured at 37◦ C and at collagen concentrations
of 0.7 (squares), 1 (triangles up), 2 (triangles down), 3 (stars), 4 (circles) and 5 mg/ml (triangles right), in increasing shades of gray. The
onset of strain-stiffening is depicted by red symbols. (B) Concentration
dependence of the low strain (linear) plateau modulus, G0 , at 22◦ C (triangles down), 26◦ C (stars) , 30◦ C (circles), 34◦ C (triangle up) and 37◦ C
(squares) in increasing shades of gray. (inset) Concentration dependence
of the strain at the onset of strain-stiffening, γ0 , as depicted by the red
points in panel (A), at 26◦ C (stars) , 30◦ C (circles), 34◦ C (triangle up)
and 37◦ C (squares) in increasing shades of gray. The 37◦ C data show a
weak power law dependence on cp with an exponent of -0.25±0.03. In
(A), the symbols show every 5th data point, while the lines show the full
dataset.

non-monotonic nonlinear behavior was rare, these samples were excluded from
further analysis.
With increasing collagen concentration, the stiffening curves do not change
in overall shape, although they shift up to larger moduli. This is in qualitative
agreement with simulations results for fibrous networks with an average coordination of 3.2 shown in Fig. 6.2A. Here, the unit-less bending rigidity κ
e is
progressively increased from 10−6 to 10−3 , which is equivalent to an increase
in concentration by a factor 1000, since κ
e is proportional to collagen concentration. Similar to our experimental findings, increasing κ
e causes the linear
modulus to shift up, while the stiffening curves do not change their overall
shape.
Experimentally, we find that the linear elastic modulus G0 of the networks
increases with collagen concentration, cp , as a power law with an exponent of
2.5 (with fitting error ± 0.05) as shown in Fig. 6.1B (black squares). However,
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this dependence only holds for cp >0.6 mg/ml. Below 0.6 mg/ml, G0 shows a
weaker, close to linear, dependence on concentration. Coincidently, at these
low concentrations, the collagen networks are very inhomogeneous, as seen
in confocal reflectance microscopy (CRM) (Fig. 6.23 in SI). At the lowest
concentration tested, namely 0.2 mg/ml, the network is barely connected, and
the fibrils exhibit thermal fluctuations indicative of the presence of dangling
ends (not shown). It should be noted that at an even lower concentration of
0.1 mg/ml, there is no network formed at all. Based on these observations,
we hypothesize that the fibrils in networks formed at low concentrations (<0.6
mg/ml) are not fully connected and thus do not all contribute to the network
stiffness. We therefore exclude these low density gels from the analysis in the
rest of this chapter. At concentrations above 0.6 mg/ml, the network do look
homogeneous and well connected. The power law exponent 2.5 is comparable
to values found in several earlier studies [253, 272, 395, 602, 603]. But we note
that this exponent is higher than the exponent of 2 predicted by simulations of
fibrous networks when we assume that the geometry of the network in terms of
z (or L/lc ) is concentration independent. Thus, the concentration dependence
of G0 we observe suggests that the architecture of the networks changes with
collagen concentration.
Next, we tested the dependence of collagen network rheology on network
architecture by varying the polymerization temperature, prompted by earlier work demonstrating a strong effect of this parameter on network structure [305, 602]. When we polymerize collagen networks at 22◦ C, we found a
somewhat stronger increase of G0 with collagen concentration (power law exponent 3±0.1) than at 37◦ C, as shown in Fig 6.1B (light gray triangles down).
This is consistent with earlier findings [602]. The magnitude of the modulus
depends non-monotonically on polymerization temperature (see Fig. 6.1B and
6.29A in SI): at a fixed collagen concentration, the stiffest gel is formed at
26◦ C, while the softest one is formed at 30◦ C. This finding is consistent with
an earlier study that demonstrated a stiffness maximum at 27◦ C [602]. However, another study reported a monotonic increase of stiffness with increasing
polymerization temperature between 4◦ C and 37◦ C [305]. These contradictory findings may be due to slight differences in salt conditions, which are
known to affect the stiffness dependence on temperature [617]. It should be
anyhow noted that the variations in network stiffness with temperature are
rather small, remaining within a factor 3 (Fig. 6.29A in SI).
The onset strain for strain-stiffening, γ0 (red symbols in Fig. 6.1A) decreases with collagen concentration according to a weak power law with an exponent of -0.25 for networks formed at 37◦ C (Fig. 6.1B inset, black squares).
This dependence is consistent with earlier reports [251, 272], where the onset strain also decreased with increasing collagen concentration and varied by
about a factor 2 within a similar concentration range. Note, however, that
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Figure 6.2: Simulation results for a 2D network showing the elastic properties of athermal fibrous networks subjected to a shear deformation. (A)
Strain-stiffening response of networks with varying dimensionless bending rigidity, κ
e, and L/lc = 3.1 (z = 3.2). (B) The onset strain for strainstiffening depends significantly on network architecture lc /L. For both (A)
and (B), bending rigidities were varied between 10−6 (triangles down),
10−5 (triangles up), 10−4 (circles), and 10−3 (squares).

1.6

(B)

1.4
3

10

¯

K0 (Pa)

1.8

(A)

4

10

1.2
1.0

2

10

0.8
-1

10

0

10

1

10

2

20

10

25

30

35

40

T ( ± C)

¾ (Pa)

Figure 6.3: Stress-stiffening behavior of collagen networks measured for
different polymerization conditions. (A) The differential elastic modulus
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exponent β for strain-stiffening depends on κ
e at fixed network architecture. Data are shown for L/lc = 3.1.

different definitions for the onset strain were used, so the absolute magnitudes
of γ0 cannot be directly compared. Consistent with the concentration dependence of G0 , the weak concentration dependence of γ0 also suggests that the
network geometry changes somewhat with collagen concentration. Simulations for fibrous networks assuming a concentration-independent architecture
namely predict that γ0 should be insensitive to concentration, as shown in
Fig. 6.2B (where κ
e ∼ cp and lc /L is a measure for architecture). Instead, γ0
is sensitive to changing architecture. When the architecture of the triangular lattices is varied by changing lc /L, the simulations reveal a linear increase
of γ0 with increasing (lc /L)2 for small κ
e (10−6 up to 10−4 ) and a somewhat
e (10−3 ), as shown
weaker increase of γ0 with increasing (lc /L)2 for larger κ
−4
in Fig. 6.2B. We note that we expect κ
e ∼ 10 to be relevant for collagen
networks [279] (see also Fig. 6.15 in section 6.4.4). As summarized in Table
6.1 in the SI, γ0 is predicted to go down when the average connectivity goes up
from 3 to 3.87, i.e. with a decreasing degree of branching. Thus, the concentration dependence of γ0 we observe experimentally indicates that the collagen
networks polymerized at 37◦ C become less branched with increasing collagen
concentration. When we vary the polymerization temperature between 22 and
37◦ C at a fixed collagen concentration of 4 mg/ml, we find a slight decrease
of γ0 with decreasing temperature (see Fig. 6.29B in SI). In view of the simulation results for networks with varying lc /L (or equivalently, z), this finding
suggests that networks formed at lower temperatures are less branched.
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Figure 6.5: The maximum extent of strain-stiffening, Kmax /G0 , until apparent network rupture, together with the corresponding maximum shear
stress, σmax , for collagen gels polymerized at 26◦ C (stars), 30◦ C (circles),
34◦ (triangle up) and 37◦ C (squares) in increasing shades of gray. (A)
Concentration dependence of the maximal extent of stiffening, showing
a maximum at 0.7 mg/ml and a power law decrease with concentration
above 0.7 mg/ml with a slope close to -1.5 (as indicated by the solid line).
(B) The maximum stress increases as c3p below 0.7 mg/ml and linearly
in cp above 0.7 mg/ml. The corresponding maximum strain levels are
depicted in Fig. 6.33 in SI.

The extent of strain-stiffening that is reached before the network ultimately
breaks is dependent on the polymerization temperature. Networks polymerized at temperatures between 30◦ C and 37◦ C stiffen about 100-fold before
breakage (Fig. 6.1A). In contrast, networks formed at 22◦ C or 26◦ C stiffen
only about 3-10 times their original stiffness before rupture and they rupture
at a smaller shear stress (Fig. 6.1A). To characterize the stiffening response,
we determine the power-law slope of the K 0 (σ) response at high stress, which
we denote as β. As shown in Fig. 6.3B, β increases monotonically with increasing polymerization temperature, from a value close to 1 at 22◦ C to 1.6
at 37◦ C. Note that the value of β measured at 22◦ C may not be fully representative of the elastic limit since these networks exhibit creep (see section
6.4.2). As shown in Fig. 6.31 in the SI, β exhibits a weak dependence on
collagen concentration. For networks formed at 37◦ C, β increases from ∼1.4
at 0.7 mg/ml to 1.6 at 4 mg/ml. Consistent with the concentration dependence observed for G0 and γ0 , these results suggest that the network geometry
changes with collagen concentration. Simulations of networks with constant
L/lc (or equivalently z) and varying κ
e namely predict a weak decrease of β for
increasing κ
e (or equivalently, cp ) (Fig. 6.4B). However, β also heavily depends
on varying architecture (i.e. z or L/lc ), as shown in (Fig. 6.4A), where κ
e is
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kept constant. Thus, the model predicts that the stiffening exponent is mainly
dictated by geometry and is also dependent on cp . We also note that the simulations predict β ∼ 1.2 − 1.5 for κ
e ∼ 10−4 and z = 3.2, which is in line with
the stiffening exponent reported for the higher temperature data (Fig. 6.3B).
We conclude that the architecture of the collagen networks must change with
concentration as well as with polymerization temperature.
We further quantify the extent of strain-stiffening by plotting the ratio of
the modulus at the breakage point, Kmax , over the linear modulus, G0 . In
the absence of architecture changes with varying cp , we expect from simulations that all stiffening curves measured at different collagen concentrations
should go to the same affine, stretch-dominated limit, whereas the low strain
modulus should scale with κ
e. This means that we expect for experiments that
this maximum stiffness Kmax (which should be close to the stiffness in the
stretch-dominated limit) is dependent on protein content, and thus cp . From
simulations, we also expect the linear modulus to scale as G0 ∼ c2p in the
absence of changes in architecture. Thus, the ratio Kmax /G0 should scale as
∼ c−1
in the absence of architecture changes. However, we have seen that
p
the linear modulus shows a larger concentration dependence of cp2.5 . Thus, we
expect that the extent of stiffening scales as cp−1.5 . As shown in Fig. 6.5A,
we indeed observe that Kmax /G0 measured at 37◦ C decreases as a power law
in concentration with an exponent close to -1.5 (best-fit value -1.7±1.3), but
only above 0.7 mg/ml. At 0.7 mg/ml, Kmax /G0 exhibits a maximum. The
breakage stress likewise shows a concentration dependence with two regimes
(Fig. 6.5B). Below 0.7 mg/ml, the breakage stress increases as a power law
with exponent close to 3, while above 0.7 mg/ml, it increases nearly linearly
with concentration (fit gives 1.2 ± 0.5). This linear dependence is expected
when the network failure is due to failure of the stretched fibers. The presence
of two regimes for Kmax /G0 and for σmax again indicates that the networks
are inhomogeneous below 0.7 mg/ml. The network is likely not fully connected
at low concentrations, i.e. there are dangling ends that do not contribute to
the network response.

6.4.2

Impact of Polymerization Conditions on Collagen
Viscoelastic Properties

Given that collagen networks are expected to behave as viscoelastic solids
[72, 413, 500], we also tested whether variations in collagen concentration or
polymerization temperature have an impact on the ratio of the elastic and
viscous shear moduli. We quantified this via the loss tangent, which is defined
as the ratio between the viscous and elastic shear modulus, tan(δ) = G00 /G0 .
As shown in Fig. 6.6, tan(δ) changes little with concentration and with temperature, varying between 0.1 and 0.2. Thus, the collagen networks behave
as elastic solids when probed at a frequency of 0.5 Hz. Frequency-dependent
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oscillatory measurements show that the samples remain solid-like down to frequencies of at least 0.05 Hz (see Fig. 6.25, Fig. 6.26 and Fig. 6.27 in SI).
To test whether viscous dissipation becomes important at longer time
scales, we also measured the creep response of collagen networks by applying
a constant shear stress and measuring the time-dependent strain. As shown
in Fig. 6.7, the samples show a quick rise of the strain upon application of
stress, characteristic of an elastic solid, followed by a gradual increase in the
strain, characteristic of a viscous fluid. To quantify this dissipative response,
we determined the creep rate as the slope of the strain versus time curves (in
units of %/s) as a function of strain (taken at t = 30 s). As shown in Fig.
6.28C in the SI, the creep rate is independent of the polymerization temperature at small strains of 1%. However, at strains above ∼10%, samples prepared
at 22◦ C exhibit substantially more creep than samples polymerized at higher
temperatures (Fig. 6.28A in the SI). This temperature dependence is more
obvious when we directly compare the strain dependence of the creep rate
measured at different polymerization temperatures while keeping the collagen
concentration fixed at 4 mg/ml, as shown in Fig. 6.28B in the SI. The same
curves are shifted for clarity in Fig. 6.28D in the SI. At strains below ∼3−5%
the creep curves all overlap. Above ∼5%, the 22◦ C sample continues to creep
at the same rate. For temperatures between 26◦ C and 37◦ C, the creep rate
first rises with strain, then plateaus, and finally increases sharply just before
breakage (Fig. 6.28D).
To test whether network creep influences the determination of K 0 [345],
we checked whether the strain-stiffening behavior of the collagen networks was
reversible. We first ramped the prestress up in a stepwise manner, and then
ramped it back down to the linear regime, as shown Fig. 6.8. For samples polymerized at temperatures of 26◦ C and above the strain-stiffening curves showed
hardly any hysteresis and the network stiffness returned to its original value
(Fig 6.8(B-E)). In contrast, gels polymerized at 22◦ C showed a pronounced
hysteresis between the upward and downward curves and significant softening
(Fig. 6.8A). This hysteresis prevented a quantitative comparison of the data
obtained at 22◦ C to the simulations, which consider perfectly elastic networks
with permanent crosslinks.

6.4.3

Impact of Polymerization Conditions on Network
Architecture

The rheology data (in particular G0 , γ0 and β) suggest that the architecture of the collagen networks changes with polymerization temperature as well
as collagen concentration. However, this is a somewhat indirect conclusion,
since it is based on a comparison of the data with simulation results for disordered lattice-like networks. To directly test how the network structure changes
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Figure 6.9: The average coordination number for 4 mg/ml collagen gels
as a function of polymerization temperature, determined by counting the
number of fibrils crossing each junction with SEM. Two examples for z = 4
and z = 3 junctions each (T = 37◦ C) are shown on the right, where the
junctions are indicated in red. Scale bar denotes 200 nm for all images.

with assembly conditions, we visualized collagen networks formed at different temperatures directly using Confocal Reflectance Microscopy (CRM), as
well as scanning electron microscopy (SEM) (see Fig. 6.10). CRM is convenient to characterize the network homogeneity and porosity on length scales
of ∼ 10 − 100 µm under hydrated conditions without sample labeling, but it
does not provide enough spatial resolution to determine fiber diameter and
connectivity. In contrast, SEM provides high resolution images that give insight into the network connectivity and fiber diameter, but it requires intensive
sample preparation and dehydrated conditions. Previous studies on collagen
have shown that SEM shows qualitatively the same trend as seen with optical
microscopy techniques (i.e. a decrease in mesh size in confocal microscopy
accompanies a decrease in diameter in SEM) [90,602,618]. We expect that the
fiber diameter as seen with SEM is an underestimate, however, due to loss of
water [619].
CRM reveals that the collagen networks are rather homogeneous and dense
at 34◦ C and 37 ◦ C, while at lower temperatures, the network become increasingly inhomogeneous. In the most extreme case, at room temperature (22◦ C),
we observe fan-shaped bundles of collagen fibrils. Similar structures have been
seen before in other studies for collagen at low polymerization temperatures
(4−27 ◦ C) [305,306,577,606,620]. With CRM, not all fibers are detected [621].
In particular, fibers that are orientated (close to) parallel to the imaging axis
will not be visible. Furthermore, fibers that are thin compared to the imaging
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wavelength will be missed using this technique [608]. It is therefore difficult to
identify how the fan-shaped structures are connected to form a 3D network.
Using SEM however, it is possible to see that the ’fans’ are connected by a bundle of collagen fibrils (Fig. 6.10). The fans are composed of bundles of thinner
fibrils, which splay out on one end. We speculate that these fan-shaped bundles may arise as a consequence of kinetic arrest when the growing fibrils meet
another fibril and adhere [577]. These fan-shaped bundles disappear when the
polymerization temperature is raised to 26◦ C or 30 ◦ C. Consistent with CRM,
the SEM images show that the microstructure at these higher temperatures
is rather homogeneous, though some bundling is still visible. This bundling is
further reduced at 34◦ C and 37◦ C, where the networks look homogeneous both
in SEM and CRM images. From the SEM images, we can estimate the average connectivity z of the networks by counting the number of fibrils/bundles
crossing each junction. We did not attempt this analysis for networks formed
at 22◦ C, in view of the inhomogeneous network structures. As shown in Fig.
6.9, z is around 3.1 for temperatures of 26◦ C and 34◦ C, and is around 3.3 at
temperatures of 30◦ C and 37◦ C. This implies that the network junctions are
mainly provided by branches (see images on the right in Fig. 6.9). However,
we do observe also examples of junctions made of two adjoining fibers with
z = 4 (see images on the right in Fig. 6.9). We note that these values for
the average connectivity are in excellent agreement with an earlier study of
collagen [390] and fibrin networks [600].
The CRM images clearly reveal a decreasing pore size with increasing polymerization temperature, which is accompanied by a decrease in bundling, as
seen by SEM. To quantify the degree of bundling in the hydrated state, we
measured the turbidity of collagen polymerized at different temperatures. In
case the collagen networks can be considered as mesh works of rod-like particles, where the rods are long compared to their diameter and to the wavelength
of the incoming light, rescaling the turbidity according to eq. 6.2 should give
a straight line, from which the mass-length ratio, µ, and fiber radius, a, can
be readily extracted. Fig. 6.11A shows that this rescaling indeed holds for
collagen networks polymerized at temperatures between 26−37◦ C. However,
at 22◦ C this rescaling does not result in a straight line. This is probably due
Figure 6.10 (facing page): Network architecture of 4 mg/ml collagen networks polymerized at different temperatures (22−37◦ C), as indicated by
the (rotated) columns (in units of ◦ C). (row 1) Confocal reflection images,
showing at 22◦ C an open network of ’fan-shaped’ fibril bundles, while with
increasing temperature the networks look increasingly homogeneous and
dense. (row 2−4) Scanning Electron Microscopy (SEM) images at increasing magnification. Scale bar denotes 20 µm for rows 1 and 2, 2 µm
for row 3, and 200 nm for row 4.
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Figure 6.11: Light scattering measurements of the fibril diameter and
mass-length ratio for collagen networks polymerized under different conditions. (A) Turbidity, τ , as a function of wavelength, λ, of 4 mg/ml
collagen networks, rescaled according to eq. 6.2. The curves are straight
for polymerization temperatures between 26◦ C and 37◦ C, whereas they
deviate from the model for the more inhomogeneous networks formed at
22◦ C. (B-D) The number of monomers in a fibril cross-section, Np , the
radius of a collagen fibril, a, and its mass-per-length ratio µ, calculated
from eq. 6.2 and 6.3. In all panels, the polymerization temperature was
22 (light gray triangles down), 26 (gray stars), 30 (gray circles), 34 (dark
gray triangles up) or 37◦ C (black squares). In panel(A), data points were
taken every 2 nm wavelength, and the symbols are for clarification only.
In panel (D), the solid line represents a power law fit with exponent
−0.34 ± 0.49 to the 37◦ C dataset (shifted for clarity).
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to the large inhomogeneity in fiber structure and non-random arrangements
of the fibers in these networks. Thus, the numbers extracted from scattering
data for the 22◦ C networks are indicative only. As shown in Fig. 6.11, the
mass-length ratio (panel D), the number of monomers in a cross-section (panel
B), Np , and radius a (panel C) of the collagen fibrils all depend on polymerization temperature as well as collagen concentration. At fixed concentration,
the fibers become thinner and are of smaller mass with increasing temperature, which is consistent with the imaging data shown in Fig. 6.10. Previous
studies also report an increase in mesh size with decreasing polymerization
temperature [90, 305].

6.4.4

Collagen Mechanics Shows Signatures of Critical
Behavior

In section 6.4.1 of this Chapter, we have shown that collagen networks stiffen
when subjected to an increasing shear strain. Simulations of sub-marginal
networks with a similar connectivity (z = 3.2) as the collagen networks predict
that the strain-stiffening is accompanied by a continuous transition from a
bending dominated elastic regime to a stretching dominated elastic regime
at a critical strain γc [605], as shown in Fig. 6.12A. Below γc , the network
elasticity is dominated by bending modes. For a rope-like network, for which
the dimensionless fiber rigidity κ
e = 0, the network is floppy and there is
no linear regime below a strain threshold γc (red dashed line). In the other
extreme limit of κ
e → ∞, the network already has a high modulus in the
linear regime, because deformation is dominated by affine fiber stretching (full
red line). In this case only little stiffening occurs above γc , which reflects
shear-induced fiber alignment along the shear direction. For networks with a
finite κ
e, the rope limit is approached as κ
e decreases. However, even below the
critical point of the rope-like networks, these networks are mechanically stable.
The linear modulus G0 increases linearly with increasing κ
e (see inset), clearly
demonstrating that G0 is determined by fiber bending. Irrespective of κ
e, above
γc , all curves converge onto the affine limit, where the elasticity is proportional
to the enthalpic stretch modulus of the fibers. Since the simulation data for
K are in units of ρµ, and since κ
e ∼ ρ, linear scaling of G0 with κ
e implies
that G0 ∼ ρ2 ∼ c2p , where ρ is the total length per volume. Indeed, a nearly
quadratic power law dependence has been seen before for collagen gels [253,
272, 395, 602, 603], although stronger and weaker dependencies have also been
reported [92, 251, 527, 603].
If strain-stiffening involves a continuous transition from a bend-dominated
to a rigid stretch-dominated state at γc , we expect that the stress-stiffening
curves can be collapsed unto one master curve via critical scaling [280, 605]:


κ
e
(6.6)
K ∼ |∆γ|f G±
|∆γ|φ
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Figure 6.12: Simulation data showing critical scaling of the elastic modulus of athermal fibrous networks of varying κ
e and fixed architecture of
L/lc = 3.1 (corresponding to z = 3.2) with strain. (A) Dimensionless differential elastic modulus K for fibrous networks with κ
e = 0 (dotted red line),
10−6 (triangles down), 10−5 (triangles up), 10−4 (circles), 10−3 (squares)
and ∼ ∞ (red solid line). (inset) The linear modulus, G0 , shows a linear
dependence on κ
e (dashed line), where G0 ' κ
e. (B) The data from panel
(A) collapsed according to eq. 6.6 using scaling exponents f = 0.75 and
φ = 2.1. The lines show power law scaling with exponents of 1 for the
lower critical branch, and f /φ for the upper branch.

Here, ∆γ = γ−γc denotes the proximity to the critical point and G± is a scaling
function to capture the asymptotic behavior of K(γ) in the limits γ → 0 and
γ → ∞. G± has a negative branch that corresponds to networks below the
critical point (∆γ < 0) and a positive branch that corresponds to networks
above the critical point (∆γ > 0). Simulations of networks with varying z
indicate that the critical exponents f and φ are set by the architecture (i.e.
L/lc or equivalently z) of the network (see Table 6.1 in SI). As shown in Fig.
6.12B, the simulation data for K(γ) in Fig. 6.12A with varying κ
e can indeed
be collapsed onto one mastercurve according to eq. 6.6, using f = 0.75 and
φ = 2.1. Note that we determined the critical point, γc , as the inflection
point of the log(K) versus log(γ) curves in the strain-stiffening regime. In the
limit where γ → 0, we observe the expected linear dependence of G0 on κ
e
(solid line in Fig. 6.12B). This regime corresponds to the negative branch of
G± , for (∆γ < 0). When γ approaches γc , the scaling shows a power law with
exponent that is proportional to f /φ (dashed line in Fig. 6.12B). Since K must
be finite at ∆γ = 0, we expect K ∼ κf /µ µ1−f /φ . When γ increases above γc ,
all rescaled prestress curves converge to a plateau value that is independent of
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κ
e. We note that this critical scaling, though obtained for an athermal system,
is analogous to the critical scaling of the magnetization in the presence of an
applied field for a ferromagnet at varying temperatures [622].
In experiments, we can test whether our collagen systems also show a continuous transition from a stretch-dominated to a bend-dominated regime at
γc , by using a slightly modified expression for the critical scaling [605]:
K 0 ∼ cp |∆γ|f G±



cp
|∆γ|φ


(6.7)

As shown in Fig. 6.13A, the prestress data measured at 37◦ C and at varying collagen concentrations (0.7−5 mg/ml) nicely collapse to one universal
curve when we use scaling exponents of f = 0.8 and φ = 2.2. For networks
polymerized at 30◦ C (2−5 mg/ml), we obtain data collapse with comparable
exponents, f = 0.8 and φ = 2.1. In simulations, these exponents are consistent with hzi = 3.3 (Table 6.1 in SI). This z-value is consistent with our
determined average hzi for both 37◦ C and 30◦ C (Fig. 6.9). Moreover, this
z-value is close to a previously reported value of 3.4 [390] and interestingly, it
is also close to reported values for fibrin networks [600]. Thus, our data show
that the nonlinear elastic response of collagen networks can be understood
as a mechanical transition from a soft, bending-dominated state, to a rigid,
stretching-dominated state. In the limit where κ
e = 0, this is a mechanical
phase transition with a critical point γc .
We will now more closely examine the concentration dependence of the
critical scaling obtained at 37◦ C and 30◦ C. In the linear elastic regime, where
γ  γc , we expect from eq. 6.7 a concentration dependence of K 0 according
to:
K0
∼ cp γc(f −φ)
cp

(6.8)

If we assume that γc only varies due to architecture changes, then we can write:
K0
∼ c1+α
p
cp

(6.9)

Experimentally we find K 0 /cp ∼ c1.25
and K 0 /cp ∼ cp1.1 for the lower branch
p
◦
of the critical scaling for 37 C and 30◦ C respectively (see solid lines in Fig.
6.13A and B). The bottom insets of Fig. 6.13A and B show that this scaling
is consistent with the measured concentration dependence of G0 . Note that
the scaling is also close to the scaling of G0 with cp shown earlier (Fig. 6.1B),
where we found G0 ∼ c2.5±0.05
for 37◦ C and G0 ∼ cp1.9±0.49 for 30◦ C.
p
Experimentally, we also observed a weak concentration dependence for the
critical strain:
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Figure 6.13: Critical rescaling for collagen networks polymerized at 37◦ C
(A) and 30◦ C (B) according to eq. 6.7. The lines show power law scalings
with exponents close to 1 for the lower critical branch (1.25 and 1.1) and
f /φ for the upper branch. (bottom insets) The linear modulus G0 (solid
symbols) is consistent with the concentration scaling observed in the lower
critical branch, where γ → 0 and γ < γc (dashed lines). (top insets) Open
and closed symbols correspond to γ0 and γc respectively. In panel (A)
the lines are best power law fits with exponents -0.11 ± 0.03 and -0.25 ±
0.03 for γc and γ0 respectively. In panel (B), the expected concentration
dependences are shown in the insets, based on the critical rescalings. In
panel (A), the expected dependence for G0 is shown in the inset (2.25).
The critical exponents are (A) f = 0.8 and φ = 2.2, (B) f = 0.8 and φ = 2.1.
Increasing concentration is indicated in increasing shades of gray (0.7−5
mg/ml for (A) and 2−5 mg/ml for (B)).
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γc ∼ c−
p
◦

(6.10)

◦

where  ∼ 0.1 at 37 C as well as 30 C. This concentration dependence suggests
that the network architecture changes with concentration, since simulations
of networks with constant architecture predict a concentration-independent γc
(see Fig. 6.12A). By combining eq. 6.8 and eq. 6.9, we find that the exponents
f , φ, α and  should be internally consistent:
−φ)
γc ∼ cα/(f
p

(6.11)

Based on our data,  = α/(φ − f ) ' 0.2 for 37◦ C and  ' 0.1 for 30◦ C, which
is indeed nicely consistent with the observed dependence of γc on cp as shown
in the insets in Fig. 6.13A and B.
For the upper critical branch corresponding to the limit of γ → γc , we
expect that K 0 /cp |∆γ|−f should increase as a power law in cp /|∆γ|−φ with
a power law exponent of f /φ (dashed lines in Fig. 6.13). Experimentally,
we find f /φ ' 0.36 for 37◦ C and f /φ ' 0.38 for 30◦ C. In the limit where γ
is much larger than γc , simulations predict that all rescaled prestress curves
should converge to the some constant level (see Fig. 6.12B). We do observe
an approximate convergence of data obtained at different concentrations at
both 37◦ C and 30◦ C. Interestingly, this plateau value has the same order of
magnitude for both temperatures (i.e. K 0 /cp |∆γ|−f ∼ 104 ). This is expected,
since in this high strain regime, the affine elastic stretching limit, architecture
no longer plays a role since the fibers in the network become more aligned with
shear direction in the affine limit.
On the basis of the successful critical scaling presented in Fig. 6.13, the
internal consistency of the scaling exponents, and the agreement of the exponent with predictions of simulations of sub-marginal fibrous networks, we
can conclude that the nonlinear elasticity of collagen gels polymerized at 37◦ C
and 30◦ C is well-explained by a strain-induced transition from a soft to a rigid
state. However, we find clear evidence that the network architecture changes
with concentration, cp : Both G0 and γ0 show a dependence on collagen concentration that deviates from the dependencies expected in case of scale-invariant
networks. This is especially obvious for γc , which decreases with increasing
concentration, whereas it is expected to be constant in case of scale-invariant
networks. The onset strain for strain-stiffening likewise shows a power law dependence on collagen concentration, as shown in the top insets of Fig. 6.13A
and B:
γ0 ∼ c−α
p ,
◦

◦

(6.12)

where α = 0.25 at 37 C and 0.1 at 30 C. If changes in architecture provide
the only source of the concentration dependence for γ0 and γc , than we can
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Figure 6.14: Internal consistency of the critical exponents. (A) Simulation
data for the dependence of γ0 (open symbols) and γc (closed symbols)
on the average network connectivity, hzi, for athermal fibrous networks.
Data for γ0 are consistent with estimates from eq. 6.14 (crosses), which
assumes that γ0 and γc are interrelated via the critical scaling exponents
f and φ. (inset) Consistent with eq. 6.14, γ0 increases linearly with
γcφ−f (full line). For each data point in panel (A), the individual f and
φ values were used as summarized in Table 6.1 in SI. (B) Experimental
data for γ0 and γc likewise show a linear dependence according to eq. 6.14.
Data are shown for 0.7−5 mg/ml for 37◦ C (squares), 4−5 mg/ml for 26◦ C
(stars), 1−5 mg/ml for 30◦ C (circles) and 4 mg/ml for 34◦ C (triangle up)
in increasing shades of gray. For the 30 and 37◦ C datasets, we used the
exponents from the critical rescaling (Fig. 6.13, f = 0.8 and φ = 2.1 for
30◦ C and f = 0.8 and φ = 2.2 for 37◦ C). For the 34◦ C and 26◦ C data sets,
we assumed f = 0.75 and φ = 2.1, based on simulation data for an average
connectivity hzi ' 3.2 (Table 6.1 in SI) as measured under these conditions
(Fig. 6.9). The full line denotes the expected linear scaling.
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−α log cp
∼φ−f
α
log cp
f −φ

(6.13)

Thus if changes in architecture are the only source of the concentration dependence for γ0 and γc , these two quantities should be related by:
γ0 ∼ γc(φ−f )

(6.14)

We checked this relation both for simulations and experiments in Fig. 6.14. As
shown in panel A, the simulations demonstrate that γ0 indeed scales linearly
(φ−f )
(see inset), and that γ0 calculated from γc (crosses) agree with valwith γc
ues of γ0 directly measured from the simulated stiffening curves (open squares).
To test eq. 6.14 for the experimental data, we used the critical exponents as
determined in Fig. 6.13 for the 30◦ C and 37◦ C data sets, and expected values
of f and φ for the 26◦ C and 34◦ C data sets as predicted (Table 6.1 in SI) for
networks having the same connectivity as measured in SEM images (Fig. 6.9).
(φ−f )
,
We find that also in case of the experiments, γ0 increases linearly with γc
and the data measured for temperatures between 26−37◦ C collapse onto a single curve with exponent 1 (Fig. 6.14B). This strongly indicates that changes
in architecture provide the main source of the concentration dependence of γ0
and γc .
The turbidity measurements indeed corroborate the conclusion that the
architecture of the collagen networks changes with concentration. These data
show that the fibril mass-length ratio, and consequently Np , weakly decreases
as a power law with increasing concentration for collagen networks formed
at the 37◦ C (Fig. 6.11B and D). Intriguingly, this power law exponent is
close to the concentration exponent of γ0 (cp ) (Fig. 6.13A top inset). This
correspondence suggests that µ and network architecture may be related. One
possible way to explain this, is that fibers with a higher mass-length ratio are
less likely to branch, thereby increasing z, while fibers with lower mass-length
ratio branch more frequently. However, this effect is apparently small, since the
experimental stiffening curves still show a good collapse onto a mastercurve,
using a single set of critical exponents (albeit on a log-log scale). It will be
interesting to test this hypothesis in the future by determining the connectivity
as a function of collagen concentration.
In view of the evidence for critical behavior, we can write down an equation of state for fiber networks under shear deformation [605] in analogy to
ferromagnetism [622]. By numerical inversion of this equation of state, an
approximate scaling function G± can be computed that holds over the entire
strain range:
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Figure 6.15: Quantitative comparison of the measured strain-stiffening
behavior of collagen networks polymerized at different collagen concentrations with scaling theory for fibrous networks undergoing a mechanical
transition from bend-dominated to stretch-dominated elasticity, measured
at (A,B) 37◦ C, and (C,D) 30◦ C. In panels (A,C) experimental data (symbols) are compared with fits (red lines) to the scaling prediction in eq.
6.15, using κ
e as the only fitting parameter. The collagen concentration
was 0.7 (squares), 1 (triangles up), 2 (triangles down), 3 (stars), 4 (circles) and 5 mg/ml (triangles right), in increasing shades of gray. In panels
(B,D) the best-fit values for κ
e are shown as a function of collagen concentration. The red lines denote the expected linear scaling, while the
dashed black lines denote a power law fit with exponents of 1.15±0.09 in
(B) and 1.19±0.02 in (D).
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K
κ
e
∼
|∆γ|φ
|∆γ|f


±1+

K 1/f
|∆γ|

φ−f
(6.15)

Using eq. 6.15, we can fit the experimental K 0 versus γ data, using κ
e as the
sole fitting parameter. For this, we need to convert the dimensionless modulus,
K, from simulations to physical units by K 0 = µρK, where K is a function
of z, κ
e and γ. A change in architecture gives an extra cα
p dependence in the
low strain regime. If we assume we can write K 0 = µρF (z)K(e
κ, γ), where
K,
where AT is
F (z) contains the architecture dependence, then K 0 = AT c1+
p
a constant per polymerization temperature containing the Young’s modulus of
a fiber among other geometric factors. Using this K 0 relation in eq. 6.15, and
α = 0.25 for 37◦ C and 0.1 for 30◦ C, we can fit our experimental curves. As
shown in Fig. 6.15A and C, eq. 6.15 (red lines) indeed accurately captures the
entire stiffening curves of 37◦ C and 30◦ C collagen gels for all concentrations
tested.
As a consistency check, we show that κ
e extracted from the fits indeed scales
approximately linearly with collagen concentration as expected from simulations in Fig. 6.15B and D. For the 37◦ C dataset, κ
e increases from ∼8·10−5 to
−4
∼7·10 as cp increases from 0.7 to 5 mg/ml. For the 30◦ data, κ
e is slightly
lower at the same collagen concentration, increasing from ∼8·10−5 to ∼2·10−4
as cp increases from 2 to 5 mg/ml. These values for κ
e are consistent with earlier estimations of κ
e ≤ 10−3 , based on measurements on rat tail collagen I gels
polymerized under different buffer conditions (pH 9.5 instead of pH 7.3) [279].
In this section, we have shown for the first time that collagen shows signatures of critical behavior, as shown in Fig. 6.13, and that collagen mechanics
can be described by eq. 6.15 (Fig. 6.15). Also, the concentration dependences
of the linear modulus, the onset of stiffening and the critical strain are related via their critical exponents f and φ (Fig. 6.14), which are governed by
architecture changes.

6.4.5

Quantitative Prediction of Collagen Network Stiffness

In this section, we will make a quantitative comparison between simulations
and experiment. For this, we first need to estimate the total amount of fiber
length per unit volume, ρ, in the 3D FCC lattice. The total fiber length in an
FCC lattice is Ltotal = 6N 3 lc , where N 3 is the total number of vertices and
lc is the spacing between vertices. The factor 6 originates from the fact that
every lattice site is the intersection of 6 fibers. The total volume of the lattice
is given by V = v0 N 3 , where v0 is the volume of a unit cell. To identify v0 , we
enclose every vertex by a sphere of radius r0 = lc /2, such that we have a close
packing of spheres. Each sphere then encloses a total fiber length of 6l. Thus,
the fiber length per volume within one sphere is 6 × 2R0 /Vsphere = 9/(πR02 ),
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where the sphere volume is 4πR03 /3. The maximum length of fiber per volume
(i.e. before random dilution)
√ in the full packing is smaller than this by a factor
18 is the volume fraction of the FCC lattice.
Thus,
φmax , where
φ
=
π/
max
√
√
ρmax = 3/ 2R0−2 . Since the lattice spacing lc = 2R0 , ρmax = 12/ 2lc−2 . This
expression provides an overestimate of the density of an actual network, since
the FCC lattice is highly ordered. Also, we did not allow for bond dilution yet.
To obtain an average connectivity hzi ' 3.4 that is comparable to the typical
connectivity of a collagen network, typically 20% of fiber segments are removed
in the simulations. Even then, the simulated networks are likely still denser
than actual networks [624]. Thus, henceforth, we will assume that the actual
fiber length per volume is about 50% of the maximum length per volume in
the FCC lattice, so ρ = 4lc−2 . The polymer volume fraction is proportional to
ρ according to: φvol = πa2 ρ = 4πa2 lc−2 .
To allow a quantitative comparison between simulations and experiment,
we next need to map the dimensionless bending rigidity from the simulations
onto actual network parameters. The filaments have a stretching modulus, µs ,
and bending modulus, κ. Assuming that the collagen fibrils behave as tight
bundles with a cylindrical cross-section, µs = πa2 E, and κ = 14 πa4 E [616].
Here, a is the fibril radius and E is the Young’s modulus. Combining these
expressions, we obtain κ
e = 14 a2 /lc2 . Note that κ
e is determined purely by the
network geometry, and is independent of the material properties of collagen.
We can rewrite this expression for κ
e = 1/16πφvol , where φvol is the fiber
volume fraction. Micromechanical measurements on bovine collagen fibrils
and tendons under hydrated conditions indicate values of E between 0.03 and
0.6 GPa [251,284–288], though larger values were found in one study of human
collagen fibrils (∼3 GPa [625]).
The simulations show that at low stress, the elastic energy of the network
is governed by soft bending modes. Thus, the linear elastic modulus is proportional to the fiber bending rigidity:
1
1 2
κ = F (z)
φ E
(6.16)
G0 = F (z)µs /l2 κ
e = F (z) φvol Ee
4
64π vol
The prefactor F depends on the coordination number z. If z is independent
of concentration, as assumed in the simulations, then this model predicts a
quadratic increase of G0 with protein concentration. Indeed an approximate
quadratic dependence has been observed in several [602, 603], but not all [251,
602, 603], experimental studies of collagen. We can thus directly estimate G0
based on the Young’s modulus of a collagen fiber and the fiber volume fraction,
if we assume that the factor F (z) is close to unity. The fiber volume fraction we
can estimate using the turbidity results (Fig. 6.11), where the total length per
volume is cp NA /µ, where NA is Avogadro’s number. For a 1 mg/ml collagen
gel polymerized at 37◦ C, where we have shown that α = 0.25 (see section
6.4.4 and Fig. 6.13A), µ = 2.1 · 1013 Da/cm (Fig. 6.11D) and taking E ' 0.1
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Figure 6.16: Concentration dependence of the low strain (linear) plateau
modulus calculated according to eq. 6.16 (using F (z) = 1) (open symbols)
compared with measured G0 values (closed symbols) at a polymerization
temperature of 37◦ C (A) or 30◦ C (B).

GPa [251, 284–288], we obtain G0 ' 13 Pa. This value is indeed reasonably
close to the measured value of 5 Pa measured by rheology.
In Fig. 6.16, we checked the concentration dependence of G0 estimated
following the above reasoning. The estimated G0 values indeed show a similar
concentration dependence as the experimental data, both for networks gelled
at 37◦ C (panel A) and at 30◦ C. However, the calculated values are systematically somewhat larger than the measured values, except in the 30◦ C case
(panel B). Potentially, the Young’s modulus of the reconstituted collagen fibrils is lower than the literature values, which were mostly measured for fibrils
extracted from tissue. Note that the elastic moduli are several orders of magnitude lower than the affine limit, where G0 is dominated by the mechanical
resistance of the fibers to axial stretch. For an isotropic network of rods, the
elasticity in the affine limit is G0 = (1/15)ρµs [613]. At 1 mg/mL collagen
concentration, µs is ∼ 1800 nN (taking a = 80 nm and E = 0.1 GPa ), so G0
is 34 kPa, which grossly overestimates the measured stiffness. All in all, these
considerations strongly suggest that the low strain elastic modulus is governed
by fiber bending and can be predicted based on geometrical arguments. We
also note that we find a somewhat stronger concentration dependence for the
linear modulus with a power law of 2.25 for 37◦ C and 2.1 for 30◦ C, in contrast to what this model predicts (power law of 2). These findings suggest
that the average coordination number hzi of collagen networks does depend
on concentration, at least under the self-assembly conditions used here. This
can be accounted for by assuming that the factor F (z) can be expressed by
a factor cα
p . With this assumption, the linear modulus is also in quantitative
agreement with the 37◦ C data set (see Fig. 6.32 in SI).
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Figure 6.17: (A) Shear deformation causes a build-up of negative normal
stress in the nonlinear elastic regime. Lines are experimental data for K 0
(left axis) for 4 mg/ml collagen networks polymerized at 37◦ C (black) or
30◦ C (gray). Red outlined symbols denote the corresponding (negative)
normal stress (σN , right y-axis) for 37◦ C (black squares) or 30◦ C (gray
circles). (B) The stiffness of collagen networks in the nonlinear elastic
regime linearly increases with the normal stress, σN . Data are shown
for 4 mg/ml collagen gels, polymerized at different temperatures. The
symbols denote 22◦ C (triangles down), 26◦ C (stars), 30◦ C (circles), 34◦ C
(triangles up) and 37◦ C (squares). The line shows the expected linear
relation.

6.4.6

Normal Force Tunes Network Stiffness

We have presented the nonlinear elasticity of collagen gels polymerized at different temperatures in section 6.4.1. In section 6.4.4 we showed that the nonlinear elasticity of collagen networks is consistent with multiple predictions
made by computational studies of sub-marginal fibrous networks. In particular, collagen networks exhibit mechanical critical behavior, which explains the
concentration dependence of the linear elastic modulus, the strain at the onset
of stiffening, the critical strain γc , and the full strain-dependence of K 0 .
In this section we will check another prediction of the athermal network
model. When a fibrous network is sheared between two plates with a fixed
gap, it will develop a negative (contractile) normal stress [255,454,626]. Recent
simulation data of athermal fibrous networks using the same model as described
in this Chapter showed that K grows in direct proportion to the normal stress,
σN [279, 604]:
K 0 ' G0 + χ|σN |

(6.17)

Here χ is a constant that will be referred to as the susceptibility. Based on
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Figure 6.18: The susceptibility of collagen networks exhibits a linear dependence on the inverse of the onset strain for strain-stiffening, 1/γ0 ,
in experiments as well as simulations. (A) Measured susceptibility as a
function of onset strain, which was varied by varying the polymerization
temperature and collagen concentration (see Fig. 6.1B). Data are shown
for 0.7−5 mg/ml collagen gels polymerized at 37◦ C (squares), 4 mg/ml
gels at 34◦ C (triangles up), 1−5 mg/ml gels at 30◦ C (circles) and 4−5
mg/ml networks at 26◦ C (stars), in decreasing shades of gray. (B) Simulation data for the susceptibility as a function of the onset strain, which
was varied through L/lc (see Fig. 6.14A). Simulations were performed for
κ
e values of 10−6 (triangles down), 10−5 (triangles up), 10−4 (circles), and
10−3 (squares). The solid lines indicate the expected linear scaling.

this observation, it was hypothesized that normal stresses can stabilize submarginal collagen networks at strains below γc . However, this hypothesis was
not tested experimentally until now. To test it, we measured the normal stress
for collagen gels polymerized at different temperatures and collagen concentrations. As shown in Fig. 6.17A, we indeed observe a negative normal stress
upon shearing, as expected for biopolymer networks [255,454,626]. We can observe a negative normal stress in all gels having collagen concentrations above
∼1 mg/ml, except in the 22◦ C case, where the data are too noisy and the
strain-stiffening regime is rather small (not shown). We always observe an
offset for the normal force Fn in the linear regime, which is likely dominated
by the surface tension of the sample at the outer edge of the cone-plate. Since
this effect is not related to the collagen network itself, and since we expect Fn
to be close to zero when there is no shear stress applied [626], we subtracted
the offset from the normal stress data.
Based on eq. 6.17, we expect to find a linear dependence of K 0 on σN . We
checked this for varying collagen temperatures and collagen concentrations
(Fig. 6.17B). Indeed, we find a linear dependence of K 0 on σN , from which we
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can in principle determine χ by linear fitting. However, since it was difficult to
measure σN reliably for the lower collagen concentrations (i.e. cp < 2 mg/ml),
we employed an alternative way to determine χ.
Simulations previously showed that at the onset of stiffening, the shear
stress and the normal stress are equal in magnitude [255, 604, 626]. Thus,
eq. 6.17 can be rewritten as K 0 /σ0 ' χ, where σ0 is the onset stress. We
used this relation to determine χ for all collagen experiments. The resulting
susceptibility data are depicted in Fig. 6.18A and compared with simulations
in panel B. In both cases, we find that the susceptibility increases linearly
with 1/γ0 , meaning that it depends on network architecture. We next checked
whether K 0 follows the prediction made in eq. 6.17. For this we focused on
collagen gels with cp > 2, where Fn could be measured over more than half a
decade of σ. As shown in Fig. 6.19, eq. 6.17 provides a reasonable prediction
of K 0 , especially in terms of slope, for all collagen concentrations tested, both
at 37◦ C (panel A) and at 30◦ (panel C). This observation suggests that normal
force indeed governs the nonlinear elasticity of collagen gels. The consistent
underestimation of K 0 by a factor of about 2 could be due to a residual offset
in Fn . However, for the simulation data, K 0 at high stresses is underestimated
by the theoretical prediction as well. Indeed, eq. 6.17 is no longer expected to
hold when σ approaches the critical stress σc .

6.5

Discussion and Conclusion

Collagen is the most important structural and mechanical component of the
ECM [301]. For this reason, collagen has been a popular model system for in
vitro studies of cell in a 3D ECM environment in the context of mechanobiology, and normal and tumor cell migration [90, 271, 606, 627, 628]. There has
been quite a large number of publications reporting on the linear and nonlinear
rheological properties of collagen [92, 251–253, 272, 279, 395, 413, 527, 602, 603],
with some attempts to quantitatively relate the rheology to the underlying network structure [251,252,272,413,602]. However, a consensus about the physical
basis of the nonlinear mechanics of collagen networks has been lacking.
Here we have shown for the first time that the mechanics of collagen gels
is governed by a mechanical transition from a floppy, bend-dominated elastic
regime to a rigid, stretch-dominated elastic regime. This is a consequence of the
gels being sub-marginal, with an average connectivity of ∼ 3.4, which is below
the isostatic limit of z = 6 in 3D. The development of rigidity is characterized
by a strain-controlled continuous phase transition with signatures of criticality.
The critical exponents f and φ are set by the network architecture, in particular the average connectivity hzi. We showed that the strain-stiffening behavior
of collagen networks is well described across the entire accessible strain range
by an approximate scaling function (eq. 6.15) derived in analogy to ferromagnetism [605, 622], as shown in Fig. 6.15. Also, the concentration dependencies
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Figure 6.19: Experiments and simulations demonstrate that the strainstiffening response of collagen gels is governed by normal stress. (A,C,D)
Measured K 0 (lines) for collagen gels polymerized at different concentrations and at fixed temperatures of 37◦ C (A) or 30◦ C (C), and for gels
polymerized at different temperatures ranging between 26◦ C and 37◦ C
and at a fixed concentration of 4 mg/ml (D), compared with predictions
made using eq. 6.17 (red-outlined symbols), using measurements of the
normal stress and the susceptibility (see Fig. 6.18) as input. In (A) and
(B) the collagen concentration was 2 (triangles down), 3 (stars), 4 (circles) and 5 mg/ml (triangles right), in increasing shades of gray. In (D),
the symbols denote collagen polymerized at 26◦ C (stars), 30◦ C (circles),
34◦ C (triangles up) and 37◦ C (squares) in increasing shades of gray. (B)
Corresponding simulation data for athermal fibrous networks of varying
normalized bending stiffness, κ
e and fixed L/lc = 3.1, where the gray lines
are the rescaled K 0 /G0 data and the red dotted lines are the predictions
of eq. 6.17. In increasing shades of gray, κ
e is 10−6 , 10−5 , 10−4 and 10−3 .
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of the linear modulus, the onset of stiffening, and the critical strain are interrelated via the critical exponents f and φ (Fig. 6.14). Experimentally, we
could vary these exponents by inducing architecture changes by varying the
collagen concentration and the polymerization temperature over a wide range.
Between 22◦ C and 37◦ C, the collagen architecture could be changed from a
very open and heterogeneous mesh work of thick collagen fibril bundles to a
homogeneous dense network of collagen fibrils with small pore size.
Earlier computational studies had suggested that strain-stiffening of athermal fiber networks originates from a transition from bending-dominated elasticity at low strain to a stretch-dominated elasticity regime at high strain [425].
However, here we showed that the networks already stiffen substantially even
well before the strain-controlled transition to the stretch-dominated state.
Thus, the strain-stiffening that sets in at γ0 is actually not caused by a bendto-stretch transition. The simulations suggest that stiffening in the benddominated stiffening regime is induced by a build-up of normal stress. When
a fibrous networks is sheared between two plates with a fixed gap, the networks develop a negative normal stress [255, 626]. Based on simulation data,
it was hypothesized that this normal stress can stabilize sub-marginal collagen
network for strains below γc . Here we could support this hypothesis by our
experimental data showing that K 0 grows in direct proportion to the normal
stress σN .
Now that we have a complete quantitative understanding of the nonlinear
elastic properties of collagen, we can predict the elastic stiffening of a given
collagen network based its connectivity and the fiber volume fraction. This
gives us a powerful tool to predict the elastic mechanical properties of more
physiologically relevant collagen systems, where the mass-length ratio of the
fibers is regulated by accessory ECM molecules such as the minor fibrillary
collagens type V or III [251].
We found that collagen gels exhibit significantly more viscous dissipation
than the fibrin networks presented in Chapter 2. The loss tangent for collagen
is typically around 0.1, whereas it is ∼ 0.01 for fibrin [66,297]. The microscopic
basis for this viscous behavior is still unknown. It may originate at the level
of fiber-fiber contacts, or at the level of the fibers themselves. It has been proposed in prior studies of single collagen fibril mechanics that viscous dissipation
may be mediated by sliding between monomers [287,629]. We discovered a significant dependence of the inelastic behavior on polymerization temperature.
Collagen gels polymerized at 22◦ C were clearly inelastic, whereas collagen gels
polymerized at temperatures of 26◦ C were more elastic. This observation is
consistent with a picture where sliding between or within fibrils contributes to
viscous dissipation, since increasing temperatures should strengthen the hydrophobic interactions that hold collagen monomers together [630, 631]. Several recent studies showed that viscous dissipation of cell substrates can have
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a major influence on cell behavior [69, 70, 500]. It was suggested that viscous
dissipation is especially significant at the slow time scales relevant for cells (∼
min) [72]. In terms of experiments on cellular mechanosensing, the viscous
and inelastic properties of collagen networks should be considered for cell tests
inside 3D collagen gels.
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Figure 6.20: Time dependence of the scattered light intensity measured
at a wavelength of 600 nm for polymerizing collagen gels at room temperature, at varying collagen concentrations. Concentrations are 1 (triangles
up), 2 (triangles down), 3 (stars), 4 (circles) and 5 mg/ml (triangles right),
in increasing shades of gray. Every 2 minutes, a data point was collected.
The vertical dotted line indicates the time when rheology measurements
were always started. The curves exhibit a typical sigmoidal shape with
a characteristic lag time before the turbidity starts to increase. The lag
time decreases with concentration, whereas the final turbidity reached
in the plateau phase increases with concentration. (inset) Concentration
dependence of the lag time, tτ . The gray line denotes a power law fit with
exponent -0.65±0.08.
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Figure 6.24: Confocal reflection images of collagen networks formed at
different collagen concentrations and a fixed polymerization temperature
of 22◦ C. Concentration is indicated in the images in mg/ml. Scale bar
denotes 50 µm for all images. All images are summations over a distance
of 40 µm in z, starting at least 10 µm away from the surface and using a
z-spacing of 0.2 µm.
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Figure 6.26: Frequency dependence of the viscoelastic shear moduli of
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f
0.7
0.73
0.75
0.77
0.81
0.83
0.85
0.89

φ
2.2
2.1
2.1
2.1
2
2
2
2

z
3
3.12
3.2
3.36
3.56
3.72
3.81
3.87

γ0 (-)
0.155
0.129
0.11
0.081
0.044
0.022
0.014
0.0096

γc (-)
0.274
0.21
0.185
0.146
0.082
0.0409
0.025
0.014

Table 6.1: Simulation results for the critical scaling exponents, f and
φ, and the onset strain for strain-stiffening, γ0 , and critical strain, γc ,
determined for disordered 2D triangular lattices of varying average coordination number, z. Data were kindly provided by Albert Licup, Abhinav
Sharma, Robbie Rens, Misha Sheinman and Fred MacKintosh at the VU
University Amsterdam.
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Figure 6.28: Creep behavior of collagen gels formed at different collagen
concentrations and polymerization temperatures. (A and C) Creep rate
evaluated at a strain of 12% (A) or 1% (C) for different collagen concentrations and temperatures. (B) The full creep behavior for 4 mg/ml
collagen networks at varying strain levels. The creep curves overlap at
low strains, but they deviate at high strains. (D) Same creep curves as in
panel (B), but now shifted to better compare the shapes. For all panels,
symbols denote 22◦ C (triangles down), 26◦ C (stars), 30◦ C (circles), 34◦ C
(triangles up) and 37◦ C (squares) in increasing shades of gray.
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Figure 6.32: Concentration dependence of the low strain (linear) plateau
modulus calculated using eq. 6.16 (open symbols), using F (z) = cα
p , compared with measured G0 values (closed symbols) at a polymerization temperature of 37◦ C (α = 0.25) (A) or 30◦ C (α = 0.1) (B).
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Figure 6.33: Concentration dependence of the maximal strain, γmax ,
reached before apparent network breakage, measured for collagen gels
polymerized at different polymerization temperatures. Symbols denote
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7.

Cells in Collagen Type I gels

Collagen is a widely used extracellular matrix (ECM) material to study
cell physiology in a tissue-mimetic, three dimensional environment. The mechanical properties of collagen are known to influence cell behavior, while, in
turn, cells can restructure the matrix and change its mechanical properties
by the exertion of traction forces and enzymatic degradation. In this chapter, we study the contribution of cellular traction and network remodeling on
the mechanical properties of collagen networks. For this purpose, we employ
3T3 mouse fibroblasts inside collagen networks reconstituted from collagen I
extracted from rat tail. Surprisingly, we find no difference in the mechanical
properties of collagen networks with and without cells. By using time-lapse
microscopy, we can explain this observation in terms of limited cell spreading.
Obvious candidate mechanisms to increase cell spreading (changing cell density, serum concentration, collagen concentration and dimensionality) did not
improve cell spreading. Using quantitative polymerase chain reaction assays,
we verified that the fibroblasts in principle did express collagen binding integrins. Apparently, the cells are unable to form sufficiently mature adhesions to
the collagen matrix to allow them to exert significant traction forces. Therefore
we recommend to use a different cell line for future experiments, which is more
contractile than the 3T3 cell line used here.
Karin A. Jansen, Hendy Kristyanto, Gijsje H. Koenderink
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Introduction

Collagen is the most abundant and structurally important component of the
extracellular matrix [301]. The predominant type of collagen in all connective
tissues, except cartilage, is collagen type I. Collagen I forms networks of stiff
fibrils whose stiffness and tensile strength is essential for healthy tissue functioning [3,587]. Moreover, the collagen network provides important mechanical
cues to cells, which regulate a multitude of cell functions including motility,
proliferation, and differentiation, as discussed in detail in Chapter 1. Abnormal increases in stiffness of the collagen matrix have been shown to trigger
tumor cell behavior and tumor-like behavior of non-tumorigenic cells [3–5]. In
turn, cells also actively change the structural and mechanical properties of the
collagen matrix by matrix synthesis and enzymatic degradation as well as by
exerting traction forces [244, 632].
This bidirectional mechanochemical interplay between cells and their extracellular matrix has been widely studied using reconstituted collagen gels as
a minimal tissue system. Bell and co-workers [238, 633] pioneered the use of
cell-seeded collagen gels for so-called contraction assays, demonstrating that
cellular contractile forces could macroscopically compact collagen gels in vitro.
Since then, fibroblast-populated collagen gels have served as a model system to
study cell-matrix interactions during physiological processes like wound healing [243–245,634–637]. Cell-seeded collagen matrices are also widely studied for
their potential use in tissue engineering applications [638,639], and are increasingly popular as model systems to study the effect of the three-dimensional
(3D) fibrous collagen matrix on cellular mechanotransduction and cell migration [90, 271, 606, 627, 628].
Since cells are known to remodel and tense collagen gels, many of the reported studies of cell-seeded collagen gels focused specifically on the question
whether the cells change the mechanical properties of the gel, which would
cause a mechanical feedback loop for mechanosensing. The mechanical properties of cell-seeded collagen gels have been measured using uniaxial tensile
tests [393, 627, 640–643], shear rheology [395], and microrheology [403]. Several studies showed an increase in collagen stiffness with increasing cell density [394,395] (see Table 7.1), which was attributed to a combination of cellular
contractility and (permanent) ECM remodeling. Evans and coworkers [394]
described the low strain modulus based on an ’inclusion model’, where cells
create small dense inclusions whereas the bulk of the network is uninfluenced.
Some studies reported a decrease in gel stiffness upon the inclusion of cells,
which was attributed to digestion of the collagen matrix by cell-secreted metalloproteases [393,395]. It is unclear which mechanism dominates under which
conditions. Moreover, most of these studies have focused on the low strain
modulus and ignored possible changes to the nonlinear elastic modulus. Elsewhere in this thesis (see Chapter 3), we showed that cells can stiffen fibrin gels,
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as a consequence of the highly non-linear elastic response of these gels. Like
fibrin, collagen networks also strongly stiffen when subjected to a mechanical stress [251–253, 272]. We confirmed this nonlinear behavior for in vitro
polymerized collagen in Chapter 6, and in addition we demonstrated that this
nonlinearity can be quantitatively understood based on the network architecture and the normal stress. Since we now have a quantitative model to link
macroscopic observables, such as stiffness and onset strain for strain-stiffening,
to the underlying network architecture, it should in principle be possible to
elucidate the degree of remodeling (change in architecture) and degree of traction force generation (change in normal force) by investigating the nonlinear
elastic response of cell-seeded versus acellular gels.
Motivated by these findings, we here aimed to test whether cells can stiffen
collagen networks, in analogy to the cell-seeded fibrin networks presented in
Chapter 3. We directly measured the contribution of cellular traction to collagen network mechanics by comparing the nonlinear mechanical properties of
cell-seeded gels with acelular gels. We use macrorheology to measure the mechanical properties, and optical and confocal microscopy to study cell spreading and network structure. Unexpectedly, cell spreading was low, both inside
and on top of thick collagen gels. We investigated the possible origin of the
lack of cell spreading by varying serum concentration, cell density, collagen
concentration, and the source of collagen. However, these parameters did not
improve cell spreading. Next, we quantified the integrin expression profiles
for cells on top of 2D collagen gels and inside the 3D gels by a quantitative
polymerase chain reaction (qPCR) assay. Even though collagen-binding integrins were expressed, we conclude that the 3T3 fibroblast cell line that we
used is not ideal to study changes in mechanical properties due to cell traction
forces. This is supported by a pilot measurement with a different fibroblast
line (human CCL-224), which gave better cell spreading.
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Table 7.1: Overview of articles reporting mechanics of cell-seeded collagen
gels, where ’Rheology’ stands for macrorheology, ’Tensile’ for tensile tests,
’Microrheology’ for magnetic tweezer microrheology and CFM for cell
force monitor (a form of tensile test that monitors force over time, and
optimized for cell culture).

Ref.

[395]

[644]

[394]

Collagen
source

Cell type
and density

Rat tail1
(BD Biosciences)

CHO cells 2 ,
7,000-18,000
cells/µl

Rat tail1
(BD Biosciences)

Corneal
fibroblasts,
100-500
cells/µl

Bovine
skin4
(Organogenesis)

NHDFs5 ,
50-250
cells/µl

[Tensile] Increasing Young’s modulus
with increasing cell density.

LL-246 ,
25-100
cells/µl

[Microrheology] On day 1 of culture,
the gel stiffness decreased with cell
density (2 mg/ml collagen). On day
2 and up, the stiffness increased with
cell density.

Dermal rabbit
fibroblasts

[CFM] Force per cell increases with
time and saturates after 6 hours,
independent of stiffness of its
environment.

Bovine skin
4
(Vitrogen
[403]
100)

[64]

Collagen
Type I 1
(Integra
Life
Sciences),
5 mg/ml

[Mechanical probe] Main
observations
[Rheology] At 0.42 mg/ml collagen,
G00 increases with cell density,
whereas at 1.8 mg/ml, G00 decreases
with cell density. Nonlinear
properties were not tested.
[Ball indentation]3 The Young’s
modulus increased over several days
of culture. At 1 day of culture,
cell-seeded gels were stiffer than
acellular gels, except at 3.5 mg/ml
collagen.

continued on next page

1 acid-soluble

and has intact telopeptides
Chinese hamster ovary
3 A sphere of 4 mm diameter was placed on top of a suspended (thin) cell-seeded collagen
gel and the deformation was measured. [645]
4 pepsin-treated and lacking the telopetides
5 Neonatal human dermal fibroblasts
6 human lung fibroblasts
2 CHO,
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Rat tail7
(First Link
Ltd.)

Human
dermal
fibroblasts,
1,000 cells/µl

Rat tail7
(First Link
Ltd.)

Human
foreskin
fibroblasts,
1000 cells/µl

Rat tail7
(Upstate
Biotechnol[648]
ogy
Inc.)
Rat
tail7 (First
Link Ltd.),
[641]
plasticaly
compressed

Chicken
embryo
fibroblasts,
6,000-100,000
cells/µl

[Mechanical probe] Main
observations
[Tensile] The collagen gels become
stiffer over the time scale of days,
partly due to cell-matrix remodeling
(already apparent after 2 hours). In
the absence of serum, cells still
spread, but there was no increase in
force. Antibody blocking of integrin
β1 did not completely inhibit
contractile force generation.
[Tensile] Buildup of contractile force
with time. Cells adapted their
contractile force to changes in
external tension to keep the total
matrix tension at a constant level of
∼ 40-60 dynes/million fibroblasts.
[Tensile] There is less contractile
force generation when the external
strain on the collagen matrix is
increased (5, 10, 15% strain). In the
absence of serum, cell spreading and
force generation was inhibited, but
the cells remained viable.
[Tensile] After 3 days of culture,
experiments were started. Gel
stiffness increased with increasing
cell density due to cellular
contraction and ECM remodeling.

MG-63 8
(600-100k
cells/µl postcompression)

[Tensile] Due to collagen
degradation, the rupture force
decreases with cell density after 10
days of culture.

Ref.

Collagen
source

Chapter 7

Rat tail7
(Upstate
[393,
Biotechnol640]
ogy)

[646]

[627,
647]

Cell type
and density

Chicken
embryonic
fibroblasts,
100-1,000
cells/µl

continued on next page

7 acid-soluble
8 Human

and has intact telopeptides
osteosarcoma
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Collagen
source
Rat tail9
(Collaborative
[649] Biomedical
Products),
1.5 mg/ml
Ref.

7.2
7.2.1

Cell type
and density
Adult dermal
fibroblasts,
HOS and
KHOS-240,
100-1000
cells/µl

[Mechanical probe] Main
observations
[CFM] In the control case, force
increased rapidly within 5 hours.
With an antibody to integrin β1,
force generation was lower and
slower. Force generation was related
to α2β1 integrin levels.

Materials and Methods
Cell culture and Cell labeling

3T3 mouse fibroblasts (a gift from Dominique Donato, Leiden Institute of
Physics, University of Leiden, the Netherlands) were cultured to near-confluency
in Dulbecco’s Modified Eagle Medium (DMEM) supplemented with 10% fetal
bovine serum (FBS, Gibco), 20 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic
acid (HEPES) buffer (Sigma-Aldrich, Zwijndrecht, NL) and 0.1% antibiotics
(10 µg/ml pen/strep, Sigma-Aldrich). Human CCL-224 fibroblasts (a gift
from Prof. J. Boonstra, Biology Department, Utrecht Universiteit, NL) were
cultured to near-confluency in the same medium, but supplemented with 1%
L-Glutamine (Gibco). Unless stated otherwise, 3T3 cells were used in experiments. Both cell cultures were incubated at 37 ◦ C in a 5% CO2 humidified
incubator. Cells were harvested by trypsinization with a 0.1% EDTA/0.25%
trypsin solution and were pelleted by centrifugation. The pellets were resuspended in DMEM. The cell density was determined with a counting chamber
(Hemacytometer, Optik Labor, Lancing, UK). The cell suspension was aliquotted and the volume of the aliquots was adjusted to obtain a cell density that
was 10x the cell density in the final experiment. The aliquots were protected
from light and used within one hour. To visualize cells by confocal fluorescence microscopy, the plasma membrane of cells in culture was labeled with
CellTrackerTM Green CMFDA (Invitrogen). Cells were labeled at about 50%
confluency by incubation for 1 hour with 1.25 µM in DMEM, and subsequently
washed for 30 min with DMEM to remove unbound dye. The next day, the
labeled cells were trypsinized and used for experiments.

7.2.2

Collagen Gel Preparation and Cell Seeding

We used rat tail collagen Type I (BD Biosciences, Breda) in all experiments,
except in a few cases (explicitly states), where we used bovine dermal collagen type I (Nutragen, Advanced Biomatrix, San Diego, CA). Aliquots of the
9 acid-soluble

and has intact telopeptides

260

section 7.2
Chapter 7
collagen stock solution, DMEM, DMEM10x (Sigma-Aldrich), HEPES 1M solution, antibiotics, FBS, 1M NaOH and sterilized milliQ water were stored on
ice for at most 1 day, to prevent bacteria growth. Collagen type I was pipetted
into a precooled 2 ml Eppendorf tube and weighed to determine the pipetted
amount. We followed this procedure because the high viscosity of the collagen
stock solution creates problems with accurate pipetting. We then added in the
following order: DMEM1x, DMEM10x, HEPES, antibiotics, FBS and sterile
milliQ water. The pH was set with NaOH, using a pH meter (Hanna Instruments, Germany) with a micro-electrode. In the case of cell-seeded collagen
gels, cells suspended in DMEM 1xwere added last (after setting the pH). The
final buffer composition was 1x DMEM, 1% FBS, 20mM HEPES and 0.1%
antibiotics, unless stated otherwise. The time between setting the pH with
NaOH and transporting the sample to a sample holder (the rheometer bottom
plate or a glass-bottom petridish) was kept around 10 min to minimize possible
variations due to premature polymerization on ice [607].
All collagen gels were polymerized at 37 ◦ C in a humidified atmosphere to
prevent solvent evaporation.
We performed a few experiments with cells cultured on top of collagen gels
(2D situation). In this case, collagen gels were prepolymerized overnight at
37 ◦ C in a humid atmosphere. The cell suspension was added on top of the
collagen gel, in 1x DMEM, 1% FBS, 20mM HEPES and 0.1% antibiotics, and
the cells were left to spread overnight.

7.2.3

Microscopy

To visualize the effect of the cells on the structure of the collagen networks,
we imaged collagen gels with and without cells using an inverted Eclipse Ti
microscope (Nikon). Confocal reflectance images of the collagen fibers were
obtained using a 488 Ar laser (Melles Griot, Albuquerque, NM) for illumination, using a 40x (N.A. 1.30) oil immersion objective. Cells labelled with
CellTrackerTM Green CMFDA (Invitrogen) were imaged in a separate channel
using the same laser to excite a fluorescent signal. Three-dimensional image
stacks to determine the time course of cell spreading inside 1 and 2 mg/ml
collagen gels were obtained by scanning through the z-direction with a step
size δz = 0.5 µm over a 40 µm total depth.
To quantify the degree of cell spreading, cell-seeded collagen gels were polymerized in a humid atmosphere at a 37 ◦ C room, protected from light and
imaged after overnight spreading. Images were taken using a Nikon inverted
microscope in phase contrast, equipped with a 10x air objective, additional
1.5x magnification, and an EM-CCD camera (Roper Coolsnap, Photometrics,
Tucson, US) with an exposure time of 200 ms. The cell spreading ratio was
determined by counting the number of spread cells, round cells, and dead cells
based on the cell morphology. The results are shows as normalized counts
(normalized by the total number of cells). Where error bars are shown, a min261
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imum of 3 measurements were averaged and the standard deviation is shown.
In these cases, at least 80 cells were counted per gel.
To follow the kinetics of cell spreading, the Nikon inverted microscope was
equipped with a humidified incubation chamber in combination with an objective heater to maintain a constant temperature of 37 ◦ C (TokaiHit, Shizuokaken, Japan), in a similar geometry as presented in Chapter 3 (Fig. 3.1A). The
cells were imaged in bright field using a 10x air objective at a rate of 1 frame/5
min or 1 frame/min. The exposure time was fixed at 200 ms. Cell viability was
maintained by blocking infrared and UV light with a bandpass filter and by
controlling light exposure with a light shutter synchronized with image frame
grabbing. Typically, at least 10 cells were tracked per sample.

7.2.4

Rheology

Rheology tests were performed with a stress-controlled rheometer (Physica
MCR 501, Anton Paar, Graz, Austria) equipped with a 40 mm steel cone
and bottom plate. The cone angle was 1 ◦ . The plates were prewarmed to
37 ◦ C. Collagen solution (∼300 µl) was pipetted onto the bottom plate and
the cone was immediately lowered. The sample was trimmed and a solvent
trap was added while keeping the cone stationary. Collagen polymerization
was followed continuously by applying a small amplitude (0.5%) oscillatory
strain at a constant frequency of 0.5 Hz to probe the development of the
elastic modulus, G’, and viscous modulus, G”, during a period of 6 hours. The
linear viscoelastic moduli of the fully formed gels were determined by small
amplitude (0.5%) oscillatory shear tests at a range of frequencies between
10 and 0.05 Hz. To probe the nonlinear response of the gels, we performed
differential measurements using a prestress protocol. A stepwise increasing
steady prestress σ was applied, and a small oscillatory stress with an amplitude
of 0.1σ was superposed. The differential elastic, K’, and viscous, K”, moduli
were determined from the oscillatory differential strain response. The onset
of stiffening, σ0 , was defined as the point where K 0 = 1.1K00 , where K00 is the
linear low strain modulus.

7.2.5

qPCR

To quantify integrin expression, qPCR (quantitative real time polymerase
chain reaction) analysis was used following published procedures [435]. Cells
were allowed to spread overnight, either on top of collagen gels or seeded within
collagen gels, at a cell density of 1000/µl. Cell-seeded collagen gels were incubated for about 5 minutes on ice with TRIsure (Bioline) to isolate the RNA and
vortexed until the gels were fully dissolved. The samples were stored at −80 ◦ C
until further use. RNA was precipitated in 2-propanol for 1 hour at room temperature. 500 ng of RNA was DNaseI treated and used as a template to
generate cDNA following the manufacturer’s instructions (Quantitect-Qiagen,
Venlo, the Netherlands) with a mixture of oligo dT and random primers at
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Figure 7.1: Time course of polymerization of cell-seeded and acellular collagen gels monitored by small amplitude oscillatory shear rheology. (A)
Examples of the time course of the linear elastic modulus, G’, of cellfree collagen type I gels at collagen concentrations ranging from 0.5 to
4 mg/ml (bottom black squares to top purple left triangles). (B) Examples of polymerization curves of two individually prepared cell-seeded gels
(containing 500 cells/µl and 2 mg/ml collagen; solid symbols) compared
with polymerization curves of three individually prepared acellular gels
(open symbols, 2 mg/ml collagen).

42◦ C during 30 min. The resulting cDNA (10 µl) was diluted 20-fold and
served as a template in real-time quantitative PCR assays (SYBR Green PCR
Master Mix (ABI)). Quantification and normalization procedures are described
in detail elsewhere [436]. Briefly, a B-element primer was used to normalize
the detected integrin expression, which gives an estimate of the total mRNA
expression, and was developed by Jo Vandesompele ( Universiteit Gent, Belgium). Primers were designed for the PCR product to be intron spanning
using NCBI’s Primer Blast [437]. qPCR was performed for integrin β3, β1,
α1, α2, α10 and α11.
A two tailed student t-test was performed on the relative expression levels
for the different integrin subunits. p < 0.05 was considered significant.

7.3
7.3.1

Results
Rheology of Acellular and Cell-seeded Collagen Gels

In Chapter 3, we showed that cells can stiffen fibrin gels by generating an internal contractile stress that exceeds the critical stress for strain-stiffening. Our
goal for this Chapter is to investigate whether a similar stiffening mechanism
exists for collagen. Previous studies mostly show an increase in collagen stiffness with increasing cell density [394, 395] (see also Table 7.1), which has been
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Figure 7.2: Frequency dependence of the linear elastic modulus, G’, for
acellular (open black symbols) and cell-seeded (red and blue filled symbols) collagen gels. (A) Example curves of the frequency dependence of
G’ for 2 mg/ml collagen gels. (B) The frequency exponent for acellular (open symbols) and cell-seeded (filled symbols) collagen gels plotted
as a function of collagen concentration. Cell-seeded gels contained 500
cells/µl.

attributed to a combination of cellular contractility and (permanent) matrix remodeling. In some cases, collagen decreased in stiffness, which was attributed
to collagen digestion [395]. We aimed to directly measure the contribution
of cellular traction and matrix remodeling on collagen network mechanics by
comparing the linear and nonlinear mechanical properties of cell-seeded gels
with acellular gels.
First, we investigated the polymerization kinetics of collagen in the absence
and presence of cells. We measured the development of the linear viscoelastic
moduli by small amplitude oscillatory shear measurements with a cone-plate
rheometer. In the absence of cells, there is an immediate and rapid increase
of G’ (Fig. 7.1A). We note that the rheology experiment is started about
two minutes after placing the sample on the preheated rheometer plate. The
fast kinetics we observe here are consistent with prior observations for rat tail
collagen I [90]. When the collagen concentration is raised from 0.5 to 4 mg/ml,
the kinetics remain unchanged but the final elastic modulus increases strongly,
from 1.7 Pa at 0.5 mg/ml to 200 Pa at 4 mg/ml, similar to what has been
shown in Chapter 6.
When cells were included during polymerization, we observed two types of
polymerization curves (Fig. 7.1B): one category showed a monotonic increase
of G’ that resembled the behavior of acellular gels (blue squares), whereas the
second category exhibited a biphasic increase (red stars) for G’ (but not for
G”).
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Figure 7.3: Differential measurements of the nonlinear viscoelastic response of cell-seeded collagen gels (500 cells/µl, color filled symbols) and
acellular 2 mg/ml collagen gels (black open symbols). (A) Example curves
for the differential elastic modulus K’ against prestress σ. (B) Example
curves for the differential loss tangent, K 00 /K 0 , against prestress σ.

To probe the viscoelastic properties of the fully formed gels (considered
complete after 6 hours), we performed small amplitude oscillatory shear measurements over a range of frequencies (Fig. 7.2). We observed identical behavior for the cell-seeded and the acellular gels (Fig. 7.4): the elastic modulus
was only weakly dependent on frequency and much larger than the viscous
modulus, indicating solid-like behavior. Furthermore, the moduli were independent of the presence of cells. For both the cell-seeded and the acellular
gels, G’ increased with collagen concentration according to an approximate
power law with an exponent of around 2.5. Similar dependences have been
reported in prior studies of acellular collagen gels, with reported exponents
varying between 2 and 3 [253, 272, 395, 602, 603]. However, a weaker dependence on collagen concentration has also been observed [92, 251, 527, 603]. The
linear modulus for cell-seeded gels was indistinguishable from that of the acellular gels for all collagen concentrations tested (Fig. 7.4A). This finding is in
contrast to earlier studies, where the addition of cells was reported to cause
either an increase [394] or a decrease [403] in stiffness [395]. To our knowledge,
there is only one earlier study that reports no change in network stiffness [647],
although this study was performed in the absence of serum.
The nonlinear elastic mechanical properties likewise showed no change upon
the addition of cells, as shown in Fig. 7.3. The elastic differential modulus,
K 0 , increased with increasing shear stress (σ), after an onset stress (panel
A). The modulus increased until apparent sample breakage. Close to sample
breakage, the loss tangent K 00 /K 0 also sharply increased (panel B). The maximal stiffness before apparent network failure, Kmax , increased with increasing
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Figure 7.4: Plateau moduli G0 (A) and loss tangent (B) of cell-seeded
(closed symbols) and acellular (open symbols) collagen gels as a function
of collagen concentration. (A) The plateau moduli were taken as the
linear elastic moduli measured at 0.5 Hz. Black squares depict G’, while
red circles denote G”. (B) Corresponding loss tangents.

collagen concentration (Fig. 7.5 panel A), but was indistinguishable from the
control case without cells (panel B). The stress just before the onset of stiffening also increased with collagen concentration, and was also independent of
the presence of cells. If the network architecture would be much affected by
the presence of cells, one would expect a change in the onset of stiffening, as
discussed in detail in Chapter 6. Also the stiffening exponent β is unaffected
by the presence of cells (panel D). Altogether these observations suggest that
cells do not generate enough traction forces to change the network structure
and mechanical properties, nor do they significantly remodel the network by
enzymatic degradation.

7.3.2

Cell Morphology and Spreading

To understand why the cells do not influence the viscoelastic properties of the
collagen networks, we studied the cell morphology, survival, and the spatial
distribution of cells inside the gels. To this end, fibroblast-populated collagen
gels were imaged in phase contrast and in bright field. In the most dilute
gels (0.5 mg/ml collagen), the cells were mainly found near the bottom glass
surface, indicating that they sediment under gravity during polymerization
of these soft gels. In the higher-density collagen gels, the cells were more
evenly distributed, indicating that they are trapped in the network (Fig. 7.6C).
Time-lapse imaging of cells during spreading showed that both at low (0.5
mg/ml) and high collagen densities (3 mg/ml), a large fraction of cells exhibited
blebbing behavior. This behavior has been seen before for suspended cells
[650]. A fraction of these transient blebbing cells did eventually successfully
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Figure 7.5: Parameters characterizing the nonlinear elastic properties of
cell-seeded collagen gels (solid symbols) and acellular collagen gels (open
symbols) plotted as a function of collagen concentration. (A) Maximum
differential elastic and viscous moduli reached just before sample breakage. Solid symbols represent K’, while open symbols represent K”. (B)
Maximum stress reached before sample breakage, σ break . (C) The stress
at the onset of strain-stiffening. (D) Stiffening exponent, β, defined as
the power law exponent characterizing stiffening in the nonlinear elastic
regime. In all cases, the cell-seeded gels contained 500 cells/µl.
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(C)

Figure 7.6: Cell distribution as a function of height inside collagen gels.
(A) Typical image of cells in a 0.5 mg/ml collagen gel taken at a height
of 0 µm from the bottom coverslip surface. (B) Typical image of cells in
a 0.5 mg/ml collagen gel taken at a height of 200 µm. Scale bars denote
50 µm. (C) Cell distribution as a function of height, where a height of
zero corresponds to the bottom coverslip surface, for 0.5 mg/ml (black
squares), 1 mg/ml (red circles), 2 mg/ml (green triangles up) and 3 mg/ml
(blue triangles down) collagen. Every data point is an average over 10
images, where only cells that were well in focus were counted.

268

section 7.3
Chapter 7
spread (Fig. 7.7). The time point where cells first started to spread varied
greatly, from almost immediately after the start of collagen polymerization to
about 5 hours later. Most of the cells remained round, indicating that they
did not spread well (Fig. 7.9A).
The cells that did spread exhibited highly dynamic membrane extensions,
which were observed both for high and low collagen concentrations (Fig. 7.7B
and C). Time-lapse imaging showed that new extensions were formed every 2030 minutes and retracted at similar time scales. We observed polar cell shapes
and random (’star’) shaped morphologies, resembling previous observations
of fibroblasts in type I collagen gels [393, 403, 410, 651, 652]. Highly dynamic
extensions are indicative of low force generation, since focal adhesions need
time to mature to permit transmission of high traction forces (see section 1.6.1
in Chapter 1).
To verify whether the cells attached to the collagen networks, we performed
confocal imaging of cell-seeded gels, using fluorescence imaging to visualize the
cells, which were labeled with CellTrackerTM Green CMFDA, and reflectance
imaging to visualize the collagen fibers. We observed that the round cells
did attach to the surrounding collagen network, although they did not extend protrusions into the collagen networks (Fig. 7.8A). In some cases, we
observed density modulations in the collagen network surrounding the cells,
with densifications and empty pockets near the cell surface (Fig. 7.8B). These
remodeled regions extended out to distances ranging up to 3 times the cell
diameter, leaving the rest of the network unaltered. For well-spread cells with
membrane protrusions, extensive recruitment of collagen was seen near the cell
body and the cellular extensions (Fig. 7.8C). Similar local condensation of collagen fibrils has been reported before [394, 410, 653, 654], where collagen fibers
aligned along the direction of the cellular traction forces. The notion of local
collagen densification around the cells has been used to model the low strain
mechanics of cell-seeded collagen gels [394]. The empty pockets near round
cells are reminiscent of prior observations of collagen matrix degradation by
cell-secreted proteases [395].
We tested various possible scenarios that might explain the limited extent
of cell spreading. First, cell spreading could be hampered due to the small
mesh size of the collagen gels. To investigate this possibility, we varied the
collagen concentration between 0.5 and 3 mg/ml, corresponding to a threefold decrease of the pore size from ∼10 down to ∼3 µm2 [90, 92, 194]. The
largest pore size is thus about half the cell size, which is about 20µm2 , which
should be large enough to allow for cell spreading and migration [90]. However,
the spreading ratio did not change with collagen concentration (see Fig. 7.9A).
It is thus unlikely that effective cell spreading is restricted by the collagen mesh
work. The second scenario that we tested is that the serum concentration in
the cell culture medium was insufficient to promote cell spreading, in view
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Figure 7.7: Time-lapse image sequences of cells spreading inside collagen gels. (A)
Example of a cell in a 0.5 mg/ml collagen gel that stays spherical over the entire 6
hour time scale that was investigated and exhibits transient blebbing. (B) Example
of a cell that spreads inside a 3 mg/ml collagen gel. During the first hour, the cell
shows blebbing behavior. (C) Example of a spreading cell in a 0.5 mg/ml collagen
gel. Blebbing was apparent in the first few hours, similar to the example shown
in panel B. Scale bars denote 50 µm. The cell density was 500-1000 cells/µl for all
cases.
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Figure 7.8:
Confocal images of cells fluorescently labeled with
CellTrackerTM Green CMFDA (shown in red red) inside 2 mg/ml collagen gels (reflectance channel, shown in white). (A) Merged image of
a cell which, despite having a round morphology, shows attachments to
the collagen network. (B) Merged image of another round cell, where the
surrounding network shows signs of remodeling. (C) Merged image of a
well-spread cell, with extensive collagen recruitment around the cellular
protrusions. (D) Same image as (C), but now fluorescence channel (top)
and reflectance channel (bottom) are split. All images are summations of
images acquired over a total depth of 40 µm. The cell density was 1000
cells/µl. Scale bars denote 20 µm.

of reports showing effects of serum concentration on cell-induced contraction
of collagen gels [647, 652, 655, 656]. However, we observed no change in cell
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spreading over a serum concentration range of 1 to 4% (Fig. 7.9C). The third
scenario that we tested is that cell spreading could depend on cell density. We
observed a decrease in cell spreading and a concomitant increase in cell death
with increasing cell density (Fig. 7.9B), possibly due to depletion of nutrients.
Finally, we tested whether cells spread better on top of collagen gels instead of
inside the gels. Cells were seeded on top of thick collagen gels and incubated
overnight at a range of cell densities (Fig. 7.9D). We observed an even smaller
fraction of spread cells than inside the gels. The fraction of spread cells was
also low compared to prior observations for cells cultured on top of 2D glass
coated with fibrillar collagen I [657]. Moreover, the latter study reported an
increase in cell spreading with increasing cell density, opposite to the trend we
observe here for cells inside collagen gels.
A few other studies also reported a mixture of spread and round cells,
both inside and on top of collagen gels [606, 658]. However, we cannot make
a quantitative comparison to those data, since the spreading ratio was not
quantified. It is known that fibroblasts spread better in anchored collagen
gels in which contractile tension can build up, than in free-floating collagen
gels [632, 643, 659, 660]. This is not likely to be the limiting factor in the
rheology and imaging experiments, since the gels are adhered to the cone and
plate and glass surfaces, respectively. Moreover, even in a freely floating gel
where there is no build-up of tension, the cells should still show spreading,
albeit less compared to a gel with fixed boundaries [660].

Figure 7.9 (facing page): Fibroblast spreading ratios measured under different experimental conditions. Top panels: Cells were classified as spread
when they exhibited extensions, round (and non-spread) if they retained
a spherical shape and did not make protrusions, or dead, when the cell
showed fragmentation and was not spread. (A) Normalized counts of
morphologies observed in collagen gels under standard culture conditions,
plotted as a function of collagen concentration. Each data point corresponds to a measurement on one gel with a cell density of 500 cells/µl,
where about 100 cells were counted. (B) Cell spreading ratios in gels
of a fixed collagen concentration (2 mg/ml), plotted as a function of cell
density. The error bars represent standard deviations over 3 independent
measurements, except for the data point at 500 cells/µl, which shows one
measurement. (C) Cell spreading ratios for cells cultured inside 2 mg/ml
collagen gels at a fixed cell density of 1000 cells/µl, plotted as a function
of serum concentration. One measurement was done per data point. (D)
Cell spreading ratios for cells spreading on top of thick collagen gels (1
mg/ml). One measurement was done per data point. Inset in (D): Example image of spread and round cells on top of thick collagen gels. Scale
bars of all the images denote 50 µm.
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Integrin Expression

In an attempt to further resolve the question why the cells do not spread well
in the collagen gels, we determined the expression levels of integrins that are
known to bind collagen using qPCR (see Fig. 7.10). We compared integrin
expression levels for cells cultured either on top of thick collagen gels or inside collagen gels, using the same samples that were used for quantification of
spreading ratios (data shown in Fig. 7.9B and Fig. 7.9D). Known collagenbinding integrins are mostly heterodimers of β1 integrins with α1, α2, α10,
or α11 [24, 661–663]. These integrins differ in binding strength and are associated with different cell behaviors [662, 664] (see Table 7.2). Integrin αvβ3
can indirectly bind to collagen via fibronectin (which is present in serum) or
fibrin [665] and can directly bind to RGD sequences in the triple helical domain of collagen [666]. Different collagen-binding integrins play distinct roles
in regulating cell behavior. For instance, α1β1 is related to cell proliferation
inside collagen gels, α2β1 is related to cellular contraction and matrix remodeling [664], and αvβ3 is related to cell migration inside collagen gels as well as
contraction [666].
We found that the integrins α1 and α10 are only sporadically expressed by
cells cultured on top of collagen gels (2D case) or inside of collagen gels (3D
case), as shown in Fig. 7.10A. This result is not surprising, since integrin α10 is
expressed by chondrocytes and highly specialized fibroblasts [667, 668] in vivo
and mostly in collagen type II expressing tissues. The integrins α11 and β1 are
expressed in all three cases that we investigated, i.e. cells on top of a 2 mg/ml
collagen gel, and cells inside 1 mg/ml or 2 mg/ml collagen gels. For integrin αv,
the expression was elevated in the 3D case compared to the 2D case (p<0.05,
1 mg/ml). Interestingly, however, the dimerization partner, integrin β3, did
not follow the same trend (panel B) (p>0.05). Instead, β3 increased when
the collagen density was increased from 1 mg/ml to 2 mg/ml in the 3D case
(p<0.05). This could mean that αv dimerizes with a different integrin partner
in our system, or that there is enough β1 present in the cytosol as dimerizing
partner until more ligands (i.e. collagen) are presented to the cell membrane.
The integrin α2 is expressed, though not for all the samples tested and there
was no significant difference between 2D and 3D for this integrin subunit. The
β1 subunit was expressed in all the samples tested (panel B). Without the
β1 subunit, cell spreading, migration and ECM compaction is reduced [669]
and loss of β1 is embryonic lethal in mice [8]. Interestingly, the expression
of β1 decreases with dimensionality (i.e. going from 2D to 3D), following
the opposite trend to β3. These data suggest that the 3T3 cells do express
receptors for collagen, and the most likely candidate is the integrin αvβ3,
since its two subunits increase in expression upon increasing the ligand (i.e.
collagen) density. This integrin is related to cell contraction. Together with
the confocal imaging of collagen networks in the neighborhood of spread cells
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Figure 7.10: Relative integrin expression levels for the α integrin subunits
(A) and the β integrin subunits (B) measured by qPCR in 3 different
conditions. (A) Five different α integrin subunits were checked. From left
to right: α1 (gray), α2 (white), α10 (blue), α11 (purple) and αv (green).
(B) Two different β integrin subunits were checked. From left to right: β1
(white) and β3 (gray). The cell density was 1000 cells/µl. Stars indicate
statistically significant differences between the two indicated conditions
(p<0.05).

(Fig. 7.8), we can conclude that the 3T3 cells are in principle able to attach
to the collagen matrix. However, time-lapse movies of cells spreading using
bright field microscopy show thin and highly dynamic protrusions (Fig. 7.7).
We therefore hypothesize that these cells do not form mature focal adhesions,
which result in a lack of large traction forces. This would explain why our
microscopy images show little evidence of cell-induced network contraction,
and the rheology data show no change in network stiffness.
Given that studies reported in the literature use different sources of col275
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lagen, we decided to compare cell spreading in gels prepared from either rat
tail collagen or bovine dermal collagen, the two main sources of collagen that
have been used. Confocal reflection imaging of these networks prepared at
the same concentration shows that bovine dermal collagen forms a network
with larger pores than rat tail collagen (Fig. 7.11) [90, 606]. Thus, one might
anticipate better cell spreading since the pores are less confining and the fibers
are thicker and allow for larger focal adhesions to form. Surprisingly, the cell
spreading ratio in gels prepared from bovine dermal collagen was even smaller
than in gels prepared from rat tail collagen, as shown in Fig. 7.12. Perhaps
the biochemical cues offered by the gels made of bovine dermal collagen are
less favorable than for gels made of rat tail collagen. One important difference
is that the bovine dermal collagen is pepsin-treated and therefore lacks the
telopeptides, in contrast to rat tail collagen.
We conclude that the 3T3 fibroblast cells, even though they have been
widely used in other studies [643, 651, 660, 670, 671], may not be ideal for
studying the effect of cellular traction forces on collagen mechanics. This
idea is supported by a recent study, showing that 3T3 fibroblasts exert only
small traction forces on a surrounding collagen matrix as judged from limited
matrix remodeling over time [671]. Also, it has been suggested that the 3T3
cell line can lose their ability to contract collagen gels [528]. Indeed, a reduced
ability to contract collagen gels have been reported for some established cell
lines [672]. To test the hypothesis that the 3T3 cell line might not be ideal,
we did a pilot experiment using a different fibroblast cell line (CCL224, Fig.
7.12), which we selected because these cells showed excellent cell spreading
inside 3D fibrin networks (see Chapter 3). With this cell line the spreading
ratio inside 3D collagen networks improved from about 0.4 to about 0.7.

7.4

Conclusion and Outlook

Our original aim was to understand the effect of cell-generated traction forces
on the nonlinear mechanical properties of cell-seeded collagen gels. However,
we discovered in our rheology assay that there was no difference in the mechanics of cell-seeded and acellular collagen gels, even though several earlier
studies showed otherwise (see Table 7.1).
Imaging of the gels by optical microscopy revealed that a large fraction of
the fibroblasts did adhere to the collagen gels, but they stayed round and did
not exert substantial traction. Cell spreading was not improved when we tested
several parameters known to affect cell spreading (serum concentration, collagen density, and cell density). qPCR analysis confirmed that the fibroblasts
do express known collagen-binding integrins. This result was consistent with
confocal imaging, which revealed that the cells developed cellular extensions
that attached to collagen fibers. Time-lapse imaging revealed that the cells
showed transient blebbing behavior in the first hour or so, before thin and dy276
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Figure 7.11: Confocal reflection images of 2 mg/ml collagen type I gels
prepared from different collagen sources. (A) Rat tail collagen. (B)
Bovine dermal collagen. Scale bars denote 20 µm. Images are summations
of images acquired over a total depth of 40 µm in z
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Figure 7.12: Cell spreading ratio for 3T3 (’3T3’) and CCL224 (’CCL224’)
fibroblasts, which were cultured inside 2 mg/ml rat tail collagen (’rat’) or
bovine dermal collagen (’bovine’) networks. Blue bars denote a spherical
cell morphology, green bars are spread morphologies and red are dead
cells. The cell density was 1000 cell/µl. For the 3T3 cell line, we have 2
samples per condition, while we have 1 for the CCL224 case.
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namic extensions were seen. We hypothesize that, due to the highly dynamic
nature of these extensions, there is insufficient focal adhesion maturation to
support large traction force generation.
We conclude that the fibroblasts here are not an ideal candidate cell line
to test how cellular traction forces influence collagen mechanics. Cells that
are known to show substantial force generation and spreading inside collagen
would be better candidates, for instance human corneal fibroblasts [673] or
myofibroblasts [674].
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Table 7.2: Collagen type I integrins: Summary of their binding strength
and function.

Ref.
[649, 663,
664, 675,
676]
[663, 664,
675, 676]

Integrin

Relative Binding
strength 10

α1β1

Binds more weakly
compared to α2β1

α2β1

High binding strength

[675]

α10β1

Similar binding strength
as α1β1

[664, 677]

α11β1

[664, 666]

αvβ3

unknown 11

12

unknown 11

Function
Stimulates proliferation
and decreased collagen
production.
Stimulates cell contraction
and matrix remodeling.
Important for cartilage
development.
Stimulates cell contraction
and collagen remodeling
(similar to α2β1).
Stimulates cell contraction
and cell migration.

10 Predicted from cell spreading experiments on top of 2D substrated coated with collagen
fibrils.
11 To our knowledge not quantified or compared with other collagen binding integrins.
12 α11 was identified as a collagen I receptor based on binding of the α10I domain, using
solid phase binding assays.
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English Summary

The cells inside our body do not sit alone. Each cell is surrounded by neighboring cells and a mesh work termed the extracellular matrix (ECM). The
ECM provides chemical information in terms of ligands and growth factors,
mechanical information in terms of elastic stiffness and viscous dissipation,
and structural information in terms of dimensionality, mesh size, and local
nanotopography. The cell actively senses the mechanical cues in a process referred to as mechanosensing and responds to them in a process referred to as
mechanoresponse, as discussed in detail in Chapter 1.
Mechanobiology is a growing interdisciplinary field involving biologists,
chemists, engineers, and physicists. Until now, cellular mechanosensing has
mostly been studied using synthetic gels like polyacrylamide, which have much
simpler mechanical and chemical properties than biological tissues. Synthetic
gels are characterized by one stiffness value over a wide range of strain levels,
and they tend to be mainly elastic. In contrast, ECM networks stiffen when
subjected to a mechanical deformation (strain-stiffening) as a consequence of
their fibrous and hierarchical structure. The physical origin of this strainstiffening response and the consequences for cell-matrix interactions are not
clear. The central goal of this thesis was to elucidate the origin of the mechanical properties of two important ECM networks: fibrin (Chapter 2-5) and
collagen (Chapter 6 and 7). Both of these ECM networks are widely used
as model systems for studying cell-matrix interactions in three dimensions in
vitro. We use shear rheology to measure the viscoelastic properties of networks reconstituted from purified fibrinogen and collagen, and compare our
data with theoretical models for semiflexible polymers. In addition, we embedded cells in the ECM networks and tested whether the cells are able to
change the structural and mechanical properties of the matrices.
Fibrin is a temporary ECM network that forms at sites of vascular injury
to stop the bleeding. Cells use this matrix to migrate to the injury site and
rebuild the lost tissue. The fibrin network thus needs to be able to withstand substantial forces, both from blood flow and cellular traction forces. In
Chapter 2, we showed that the strain-stiffening response of fibrin is directly
related to the hierarchical architecture of the fibrin fibers. Fibrin fibers are
built up of semiflexible protofibrils, which are coupled together by covalent
crosslinking mediated by the enzyme FXIII. We discovered that the mechanical properties of fibrin networks polymerized under conditions that suppress
protofibril bundling agree well with predictions of an entropic network model,
where stretching out of fiber undulations gives rise to stiffening. By varying
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the number of protofibrils inside a fibrin fiber, and by varying how tightly
these protofibrils are coupled together, we showed that the stiffness of fibrin
networks is well described by a model that treats the fibers as semiflexible
polymer bundles with a rigidity that is controlled by the protofibril number
and the degree of intrafiber crosslinking.
An important consequence of the strain-stiffening response of fibrin gels is
that cells can actively stiffen the gels, as shown in Chapter 3. The cells generate
traction forces using their actomyosin cytoskeleton, which drives the fibrin
network into a stiffened state. The low-strain modulus of cell-seeded fibrin
gels is a function of cell density, while the nonlinear mechanical properties
remain unaltered. This work has important implications for studying cellmatrix interactions in a three dimensional ECM environment, since cellular
traction can create a (local) stiffer environment that can act as a positive
feedback loop for cellular mechanosensing.
The entropic network model presented in Chapter 2 describes fibrin mechanics accurately, except at very high strain levels. One central assumption
of the model is a constant stretch modulus of the protofibrils. However, it
was previously shown by micromanipulation studies that fibrin fibers are elastomeric and stiffen when stretched. Various mechanisms for this nonlinear
force-extension behavior have been proposed, including forced unfolding of
fibrin monomers. However, direct evidence for any of these mechanisms is still
lacking. To investigate whether forced monomer unfolding contributes to the
elastomeric and nonlinear mechanics of fibrin networks, we performed in situ
small-angle X-ray scattering (SAXS) measurements on uniaxially stretched fibrin networks to probe changes in molecular packing structure. By comparing
our results with SAXS spectra calculated from molecular dynamics simulations
of protofibril stretching, we showed that network stretching indeed causes unfolding of the γ-nodule of the fibrin molecules starting at a strain level of
30%. Moreover, the alpha-helical coiled coils are transformed into beta-sheet
structures, explaining the extensibility as well as stiffening of fibrin fibers upon
stretching. Altogether, our results show that fibrinogen unfolding plays a dominant role in fibrin network extension at high strain levels.
Most work on ECM mechanics has focused on the network mechanics on a
global length scale, as probed by macroscopic shear rheology or tensile tests.
However, cells embedded in an open fibrous ECM network probe its mechanical properties at a scale comparable to their own size, i.e. on the micron scale.
To gain insight into the local mechanical properties of ECM networks, we have
developed an optical tweezer setup to track the thermal displacement fluctuations of micron-sized probe beads embedded in an ECM network as a probe
of the local shear modulus, as described in Chapter 5. By using a quadrant
photodiode for position detection, we could probe the shear modulus over a
broad frequency range from 1 Hz to 20 kHz. From the high frequency response,
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which originates from the fluctuations of the fibrin fibers, we could infer that
fibrin fibers behave as thermally undulating, semiflexible polymers, consistent
with the entropic network model presented in Chapter 2. At low frequencies,
we could measure the local network modulus, which we found to be in the
same range as measured with macrorheology (within a factor 3). However,
the magnitude of the local modulus depended on the probe surface properties,
which we could relate to changes in the local network microstructure around
the probe particles.
In Chapter 6 we switch our attention to collagen ECM networks. Collagen
type I is the most abundant protein in the mammalian body and is widely used
as an ECM model system for studying cell-matrix interactions in vitro. Despite
its widespread use, the mechanics of collagen remains poorly understood. In
Chapter 6, we measured the nonlinear elastic properties of collagen networks
and showed that these are in quantitative agreement with an athermal network
model, where stiffening occurs as a consequence of the submarginal connectivity of these networks. The average number of fibers coming together at each
network junction is between 3 and 4, which is less than the Maxwell criterion
for isostaticity of 3D spring networks, which requires a critical connectivity of
6 for network stability. At low strain, collagen networks are stabilized by the
bending rigidity of the fibers. With increasing strain, a negative normal stress
builds up, which causes network stiffening. When the strain reaches values
on the order of 30%, the network undergoes a transition to stretch-dominated
elasticity. We show that the strain-stiffening response of collagen networks
shows signatures of an underlying mechanical phase transition. By varying
collagen architecture through the protein concentration and polymerization
temperature, we showed that the local architecture, in terms of the connectivity, governs the linear modulus and the strain-stiffening response. We can now
use the athermal network model to predict the stiffness of collagen networks
with more complex compositions and to study cell-collagen interactions.
In Chapter 7 we set out to test whether cellular traction forces could actively stiffen collagen networks in a similar manner as for the fibrin gels studied in Chapter 3. However, we could not observe any measurable difference
in the mechanical properties of cell-seeded gels and unseeded gels. By using
microscopy, we could track the absence of cell-induced matrix stiffening down
to limited cell spreading inside the networks. We investigated several factors
known to influence cell spreading, but to no affect. We conclude that, while in
principle the cell line we used (3T3 fibroblasts) does express integrins that bind
collagen I, this cell line is not ideal for studying the effect of cellular traction
forces on collagen mechanical properties.
In summary, in this thesis we showed the physical basis for the remarkable
strain-stiffening behavior of two major components of the ECM, namely fibrin
and collagen. A major new insight is that the molecular packing structure of
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the fibers plays an important role in controlling the network mechanics. Even
though collagen and fibrin fibers have similar diameters and build networks
with a comparable architecture, fibrin networks exhibit entropic elasticity and
elastomeric properties with rupture strains of up to 200%, whereas collagen
networks behave as athermal fibrous networks that break at strains of only
40%. We attribute this remarkable difference to the difference in packing
structure of the two systems: collagen fibers are rigid, tightly packed bundles
of thousands of collagen molecules across, whereas fibrin fibers are flexible,
open bundles containing only on the order of 100 fibrin molecules across. Also,
the presence of molecular domains that can undergo forced unfolding plays a
major role in the mechanics of fibrin networks.
The work in this thesis can provide new insights into the origin of mechanical deficiencies in human diseases related to mutations in collagen and
fibrinogen. Also, the mechanical models presented in this work can in future
be utilized to design either bio-based or synthetic materials of a desired stiffness, for instance for tissue engineering purposes. Finally, the difference in
mechanical behavior of fibrin and collagen networks likely has consequences
for cellular mechanobiology.
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Nederlandse Samenvatting

Cellen in ons lichaam zitten niet alleen. Iedere cel is omgeven door andere
cellen en een fiber netwerk genaamd de extracellulaire matrix (ECM). Dit
netwerk geeft structuur en stijfheid aan het weefsel, zodat weefsels interne en
externe krachten kunnen weerstaan. Cellen oefenen continu kracht uit op hun
omgeving (’tractiekrachten’) om er informatie over in te winnen. Mensen doen
iets vergelijkbaars: We oefenen krachten uit met onze handen om te voelen hoe
stijf iets is. Dat de omgeving stijf of zacht is heeft belangrijke consequenties.
Een mooi voorbeeld hiervan is dat de mechanische eigenschappen alleen al
kunnen bepalen in welke cel een stamcel differentieert. Hoe een cel reageert op
de mechanische eigenschappen van zijn ECM omgeving wordt mechanosensing
genoemd. Dit process wordt in detail besproken in hoofdstuk 1.
Het veld mechanobiology is een groeiend interdisciplinair gebied waar zowel
biologen, chemici, ingenieurs en natuurkundigen aan meewerken. Tot nu toe
wordt cellulaire mechanosensing vooral onderzocht met synthetische polymeer
substraten, zoals polyacrylamide. Deze substraten hebben eenvoudige mechanische en chemische eigenschappen vergeleken met de ECM: Ze worden beschreven door een enkele stijfheid die niet afhangt van de kracht die erop
uitgeoefend wordt. De ECM is echter heel complex: Het wordt namelijk stijver met toenemende deformatie (genaamd ’strain-stiffening’). Dit komt deels
door de hierarchische fiber structuur. Het doel in dit proefschrift, getiteld ’Extracellulaire Matrix Mechanica en de Consequenties voor Cellulaire Mechanosensing’, was om te onderzoeken waar deze bijzondere mechanische eigenschappen van twee belangrijke ECM networken vandaan komen: fibrine (hoofdstuk
2−5) en collageen (hoofdstuk 6 en 7). Deze twee netwerken worden vaak
gebruikt als model systemen om cel-matrix interacties te bestuderen, zowel
in 2D als 3D. We gebruiken macroscopische deformatie (macrorheology) om
de elastische en visceuze mechanische eigenschappen te meten van de twee
netwerken en vergelijken dit met theoretische modellen voor semiflexibele polymeer netwerken. We kijken ook naar het effect van cellen op de structurele en
mechanische eigenschappen van deze twee netwerken.
In hoofdstuk 2 bestuderen we de mechanische eigenschappen van fibrine.
Fibrine is een tijdelijk netwerk dat vormt wanneer we ons verwonden en is de
eerste stap naar de vorming van een korst. Cellen gebruiken dit netwerk om
naar de wond te migreren en om het verloren weefsel te herstellen. Fibrine moet
voor zijn taak dus substantiele krachten kunnen weerstaan, namelijk de deformaties door de bloedstroom en deformaties door cellulaire tractiekrachten. De
fibrine fibers zijn opgebouwd uit semiflexibele protofibrillen, die met elkaar
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verbonden zijn door permanente bindingen (gemaakt door het enzyme FXIII).
Door de polymerizatie condities te variëren hebben we netwerken gecrieëerd
bestaande uit hele dunne protofiberbundels. We laten zien dat de mechanische
eigenschappen van deze netwerken goed beschreven worden door een entropisch
netwerk model. Dit model voorspelt dat het ’strain-stiffening’ gedrag komt
door het uitrekken van de thermische fluctuaties in de fibers. We hebben ontdekt dat de mechanische eigenschappen van fibrine netwerken goed beschreven kunnen worden door een bundel model dat stelt dat de stijfheid van het
netwerk afhangt van hoeveel protofibrillen een fibrine fiber heeft en hoe sterk
deze protofibrillen verbonden zijn aan elkaar.
Een belangrijke consequentie van het ’strain-stiffening’ gedrag van fibrine
netwerken is dat cellen actief de stijfheid van hun omgeving kunnen aanpassen.
Dit wordt in detail gebestudeerd in hoofdstuk 3. Wanneer cellen in een fibrine
netwerk zitten, wordt het fibrine netwerk stijver door de tractiekrachten van
de cellen op het netwerk. De stijfheid van zo’n netwerk bij kleine deformaties is
afhankelijk van de celldichtheid, terwijl de stijfheid bij grote deformaties niet
verandert vergeleken met netwerken zonder cellen. Cellen kunnen dus hun
omgeving stijver maken door de krachten die ze uitoefenen, wat als weer terug
gekoppeld kan worden naar mechanosensing van de cel. Met andere woorden,
cellen reageren niet op de stijfheid van het netwerk die het zou hebben zonder
cellen, maar op de (stijvere) modulus die het netwerk heeft door de interne
tractiekrachten.
Het entropisch model dat gepresenteerd is in hoofdstuk 2 beschrijft de
mechanica van fibrine netwerk goed, behalve bij grote deformaties. Een belangrijke aanname in dit model is dat de protofibrillen in de fibrine fibers
een constante modulus hebben, net zoals een veer een constante veerconstante
heeft die niet verandert met de uitgeoefende kracht. Echter, experimenten
op individuele fibrine fibers hebben aangetoond dat deze fibers stijver worden
wanneer ze worden uitgerekt. Er zijn meerdere verklaringen voor dit fenomeen,
waaronder het ontvouwen van fibrine monomeren in de fibers. Echter, geen
enkele van deze verklaringen zijn tot nu toe direct gelinkt aan experimenten. In
hoofdstuk 4 rekken we fibrine netwerken uit en kijken we naar de moleculaire
lengteschalen in de fibrine fibers met small-angle X-ray scattering (SAXS).
Deze SAXS spectra vergelijken we met gesimuleerde spectra van uitgerekte
protofibrillen, gebruikmakend van molecular dynamics simulaties. We laten
zien dat ontvouwing van de γ-nodule van fibrine moleculen plaatsvind bij een
uitrekking van 30%. Dit gaat gepaard met veranderingen in de structuur van
de monomeren in de fiber, waarbij de alpha-helical content in de monomeren
omlaag gaat en deze worden omgezet in (stijvere) beta-sheets. Dit zorgt ervoor
dat fibrine fibers erg uitrekbaar zijn en het verklaart ook waarom ze stijver worden. Dit werk laat zien dat ontvouwing van fibrine moleculen een belangrijke
rol speelt voor de uitrekbaarheid van fibrine netwerken bij hoge mechanische
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deformaties.
Het meeste werk dat zich richt op het bestuderen van de mechanische eigenschappen van de ECM maken gebruik van macroscopische meettechnieken,
zoals extensie testen en macrorheologie. Echter, een cel in een 3D netwerk
ziet niet het hele netwerk, maar juist de fibers in hun directe omgeving. Met
andere woorden, cellen meten de mechanische eigenschappen om de micron
schaal, in plaats van de millimeter of centimeter schaal. Om meer inzicht te
krijgen in de mechanische eigenschappen op deze kleinere lengteschaal, maken
we gebruik van een optisch pincet (’optical tweezer’) in hoofdstuk 5, waarbij we
de thermische fluctuaties van kleine deeltjes bestuderen in fibrine netwerken.
Deze thermische fluctuaties geven informatie over de lokale mechanische eigenschappen over een breed frequentie bereik (1 Hz tot 20 kHz), waardoor we zowel
informatie winnen over de stijfheid van het netwerk (lage frequenties) en van
individuele fibrine fibers (hoge frequencties). We laten zien dat fibrine fibers
zich gedragen als semiflexibele polymeren, dat consistent is met het model
gepresenteerd in hoofdstuk 2. De stijfheid gemeten bij lage frequenties komt
in de buurt van wat we meten met macrorheology, echter de absolute waarde
is afhankelijk van de oppervlakte chemie van de deeltjes.
In hoofdstuk 6 bestuderen we collageen netwerken, en in het bijzonder
collageen type I. Collageen type I is een proteine die het meeste voorkomt in ons
lichaam en daarom vaak gebruikt wordt als model systeem voor experimenten
met cellen. Ondanks dat dit ECM veel gebruikt wordt, is de oorsprong van
hun mechanische eigenschappen niet goed bekend. Wij bestuderen de origine
van het strain-stiffening van collageen netwerken in hoofdstuk 6, waarbij de
metingen van macrorheologie goed beschreven worden door een athermisch
netwerk model. De netwerken die gevormd worden laten een connectiviteit
zien van tussen de 3 en 4, terwijl voor een netwerk van mechanische veren
een connectiveit van 6 nodig is om stabiel te zijn. Collageen netwerken zijn
desondanks stabiel bij lage krachten, vanwege de hoge modulus van de fibers
bij buiging. Dus de weerstand die fibers bieden om buiging te weerstaan,
zorgt ervoor dat het netwerk stabiel is. Bij hogere deformaties wordt negatieve
normaal krachten opgebouwd die het netwerk stijver maken. Bij een deformatie
van ongeveer 30% is de elasticiteit van het netwerk niet meer gedomineerd
door de buiging van de fibers, maar door het rekken van de fibers. We laten
zien dat het strain-stiffening gedrag van collageen wijst naar een mechanisch,
kritische transitie. Door de polymerizatie condities aan te passen, laten we
zien dat het strain-stiffening gedrag van collageen, en de stijfheid daarvan bij
lage krachten, afhankelijk is van de lokale architectuur (connectiviteit). Het
athermisch netwerk model kan nu gebruikt worden om collageen netwerken te
creeëren met bepaalde stijfheden voor cel-matrix experimenten.
In hoofdstuk 7 hadden we als doel gesteld om te kijken naar het effect van
tractiekrachten van cellen op de mechanische eigenschappen van collageen, in
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analogie van hoofdstuk 3. Echter, we zagen geen enkel verschil tussen de
mechanische eigenschappen van netwerken met en zonder cellen. Gebruikmakend van microscopie laten we zien dat de afwezigheid van een effect kwam door
de gelimiteerde celspreiding in deze netwerken. We bestudeerden meerdere factoren die invloed zouden moeten hebben op celspreiding, maar zonder success.
We concluderen dat, ook al heeft de cellijn die we gebruiken in principe de
juiste integrines (of ’handen’) om te kunnen binden aan collageen, de cellijn
niet ideaal is voor het bestuderen van cellulaire tractiekrachten op collageen
mechanica.
In dit proefschrift hebben we de oorsprong van het strain-stiffening gedrag
van twee belangrijke ECM netwerken onderzocht, namelijk die van fibrine en
collageen. Een belangrijke nieuwe observatie is dat de moleculaire structuur
van de fibers erg belangrijk is voor de mechanische eigenschappen van het
netwerk. Ook al hebben fibrine en collageen fibers in principe een vergelijkbare
diameter en netwerk structuur, de oorsprong van hun mechanische eigenschappen zijn heel anders: Fibrine netwerken hebben een elasticiteit dat voorkomt
door thermische fluctuaties en de fibers zijn erg uitrekbaar (tot ∼200%), terwijl
collageen netwerken zich gedragen als athermische fiber netwerken, en breken
bij ongeveer 40% uitrekking. Deze verschillen komen door het verschil in interne pakkingstructuur: Collageen fibers zijn heel stijf en bevatten ongeveer
1000 monomeren in een fiber doorsnede, terwijl fibrine fibers veel flexibeler
zijn en ongeveer 100 monomeren hebben in een fiber doorsnede. Ook spelen
ontvouwingsdomeinen in de monomeren een belangrijke rol in de mechanica
van fibrine netwerken bij grote deformaties.
Het werk van dit proefschrift geeft inzicht in de oorsprong van mechanische
mankementen in ziektes gerelateerd aan genetische mutaties in collageen en
fibrine. Ook geven de mechanische modellen gepresenteerd in dit werk een
mooie basis voor het ontwerpen van meer complexe biologische of synthetische
polymeren met bepaalde gewensde stijfheid, bijvoorbeeld voor tissue engineering. Ook heeft het verschil in de mechanische eigenschappen tussen fibrine en
collageen wellicht consequenties voor cellular mechanosensing.
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